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Summary

This work investigated the consequences of vegetable oils spills in salt marsh sediments.

T'he role of autochthonous bacteria in the oils degradation and degradative pathways were
also studied ‘in situ’ and ‘in vitro’.

Simulated spills of sunflower and linseed oils revealed that both oils penetrated the
sediments at a rate of 107 c¢m’ s However, whereas 60% of the linseed o1l had
disappeared from the sediments after 2 months most of the sunflower oil remained after 6
months. Differences were noted in the adsorption of the oils to sediment particles and the

depth at which they accumulate and these factors most likely influenced the route of the oil
degradation and the sediments properties such as permeability. The contamination of the

sediments with vegetable oils lead to a noticeable reduction in the abundance of plant roots
and infauna.

The abundance of aerobic, anacrobic and sulphate reducing bacteria in the sediments was
increased by the addition of both oils, with linseed oil supporting greater bacterial density
than sunflower oil. During the course of the experiment the relative abundance of oil
degrading bacteria also increased. As a consequence of the increased bacterial activity, the
sediments pH and Eh decreased and anoxic conditions were established, earlier in the case
of linseed than that of sunflower oils.

The degradation of the oils appeared to be a sequential process, initiated by the aerobic
and/or anaerobic bacteria and continued by the sulphate reducing bacteria which
themselves where unable to utilise the raw oils. The original composition of both oils
underwent alterations mostly associated with their main fatty acid: the concentration of
18:3w3 and 18:2w6 1n linseed and sunflower oil, respectively, decreased whereas that of the
remaining fatty acids increased.

As a result of the bacterial degradation of the vegetable oils ‘new’ fatty acids were detected
and their identification was attempted using GC-MS analysis of their picolinyl and methyl
esters. Various degradative pathways of linseed and sunflower oils involving the formation
of the ‘new’ fatty acids are suggested with isomerisation, hydrogenation and 3-oxidation as

the primary routes for the degradation.
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1. INTRODUCTION

1.1. COMMERCIAL USE OF VEGETABLE OILS

Oils and fats are used in the food industry for the manufacture of a wide variety of products
ranging from margarines to chocolate or used directly as salad and cooking oils. However,
a significant proportion (about 20%) is used in the oleochemicals industry for the
manufacture of an equally wide range of products: soap, detergents, toiletries, plastics,
paints, ink, efc. (Ratledge, 1994). About 75% of the total fats and oils are derived from
plants (of which soybean, palm, sunflower and rape oils account for over 70%) and the

remainder are from animals which encompass lard, tallow and marine oils (Ratledge,

1994),

Between the mid thirties and the mid eighties, the world exports of edible oils increased
five fold from 4 to 20 million tonnes per year (Gunstone, 1989). The increase was due
almost entirely to only four vegetable oils: soya, palm, sunflower and rape. The export of
all the others vegetable oils rose from 3.1 to only 4.5 million tonnes for the same period,
while the growth leaders increased almost 20 fold from 0.8 to 15.2 million tonnes. Soya
became significant during 1950’s and palm, sunflower and rape oils during the 70’s

(Gunstone, 1989). World consumption of vegetable oils has increased 4% per year over the
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last 15 years, driven mainly by population growth and improved income in large parts of

the world and it has been predicted that in the year 2000, world production of vegetable
oils and fats will have increased to 85 million tons (van Duyvenbode, 1995). Countries like
Malaysia will increase their production of palm oil from 5 to 8 million tonnes per year
(Ong, 1989). According to Ong, palm oil will have a major role to play in satisfying the
world demand for edible oils because oil palm is the most productive oil producing plant in
the world (Gunstone, 1994a). Others oils like rapeseed are expected to be potential
competitors. It 1s also expected that China will have greater demands of edible oils than the
domestic supply, creating export opportunities for other countries, namely Canada
(Gunstone, 1994b). China is expected to produce a total of 11.7 million tonnes of oils and
fats per year from domestic crops by 2004/2005, about 9 million tonnes being seed oils.
Consumption of edible oils and fats 1s projected to reach about some 15.3 million tonnes
and 5.1 million tonnes higher than in 1993 (Gunstone, 1994b). Rapeseed 1s expected to
remain the dominant oil in terms of consumption, but will probably lose market share

because of limited supplies and strong competition from palm o1l and soybean oil

(Gunstone, 1994b).

REGULATIONS GOVERNING TRANSPORT
AND SHIPMENT OF VEGETABLE OILS

1.2.

The nonpetroleum oil industry is already far from insignificant (see above) and with the
world’s demand for edible oils likely to increase, it is reasonable to expect that the world
trade of oils will increase. Nothing in the way vegetable oils are handled ditfers
significantly from petroleum oils, so the likelihood of spills of vegetable oils is no different
from that of petroleum oils (Rigger, 1997). However, the international community
regulations of shipboard discharges of petroleum and nonpetroleum oils differ (Hunt,
1997). Nonpetroleum oils are allowed to be discharged from tank cleaning or deballasting
operations provided their concentration is no greater than 1 part of the oil in 10 parts of
water. These requirements are part of international treaties establishing global standards for
regulating discharges from vessels and were established during the International

Convention for the Prevention of Pollution from Ships, 1978. Yet, there are no laws in case

of losses of entire tanks or entire cargo vessels.
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In recent years, this issue has been the subject of much debate in the USA. The Oil
Pollution Act of 1990 (OPA 90) is the latest major legislative effort to regulate pollution by
oil and hazardous substances (Hunt, 1997: Rigger, 1997). This act applies equally to
petroleum and nonpetroleum oils. Lately, the nonpetroleum oil industry sought a change in
environmental regulations governing edible oils, requiring that federal agencies
differentiate between edible and toxic oils, because the industry considered that the
environmental risks associated with the transportations, handling and storage of animal fats
and vegetable oils are different from those of toxic oils. However, in 1997 the
Environmental Protection Agency (EPA) denied this request based on the belief that a
worst case discharge or substantial threat of discharge of animal fats and/or vegetable oils
to navigable waters, adjoining shorelines or the exclusive economic zone, could reasonably

be expected to cause substantial harm to the environment, including wildlife that may be

killed by the discharge of fats or vegetable oils (EPA, 1997).

1.3. VEGETABLE OILS SPILLS AND EFFECTS

The greatest hazard to the marine environment from vegetable oils occurs during loading
and unloading of the cargo, when spillages of small amounts can occur (Hoffman, 1989).
Some of the largest ﬂu;(es to the marine system include emulsified industrial oils from
machinery, wastes from vegetable oil processing and soap manufacture. These influxes
constitute continual or chronic pollution (Clarke, 1992). However, larger spills can take

place and there are a number of cases reported.

The largest nonpetroleum oil spill documented in the literature was a 2.5 million gallon
spill of soybean oil into the Minnesota River and upper Mississippt River, during the
winter of 1962-1963 (Public Health Service, 1963). Because the spill occurred during
winter when the rivers where frozen, its impact was not felt until the spring thaw. Soybean
oil was found as far as 250 miles downstream of the spill after the thaw began. It was
estimated that this event caused the loss of 4000 birds and injured 1300 others. Additional

problems were caused by the increase in specific gravity of the oil after oxidation and

polymerisation. It then settled onto the bottom creating anaerobic conditions, which meant
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that the oil was not biodegraded quickly, with harmful consequences for the benthic

organisms. As water temperature rose in summer, the settled and floating oil increased the

biological oxygen demand.

A spill of nearly 10000 tons of palm and coconut oil and edible raw material such as copra
(dried coconut meat) occurred in 1975 on Fanning Island in the Pacific Ocean (Russell &
Carlson, 1978). According to these authors, the effects of these oily substances were
similar to those occurring after a petroleum oil spill. Fishes, crustaceans and molluscs were
killed and an excessive growth of Enteromorpha and Ulva occurred. However, the exact
mechanism leading to the death of these organisms was not identified. The authors
suggested that the most likely reason was asphyxiation and clogging of the digestive tract.
The algal growth was attributed to the elimination of algal competitors, increased

fertilisation from the pollution and reduced grazing pressure.

In the winter 1988/1989, a spill of nonylphenol and vegetable oils (such as palm oil) in the
Netherlands was responsible for thousands of seabirds being washed ashore. Many of these
birds showed signs of emaciation, aggressive behaviour, bloody stool and a lack of

plumage. In spite of intensive attendance, nearly all the birds died. However, in this case

the toxicity of nonylphenol markedly contributed to the mortality (Zoun et al., 1991).

Vancouver Harbour in Canada is an area where spills of vegetable oils are well
documented. One study made in the 70’s (McKelvey et al., 1980) analysed the effects of
vegetable oil spills on wintering birds. The authors reported three spills of vegetable oils
between 1974 and 1978. The first two of these spills were not officially reported and 1t was
the presence of distressed birds that led to their discovery. The total volume of vegetable
oil (one soybean oil spill and two rapeseed oil spills) from the three incidents was
estimated at 35 barrels and led to the death of 500 birds, compared with the loss ot 50 birds
caused by 167 spills of petroleum oil during the same period ot time. The authors speculate
that vegetable oil spills are more dangerous for birds because: i) they are less visible 1n the
water, ii) vegetable oil lacks strong odour and iii) rapeseed oil might be more damaging

than petroleum oils to the waterproofing ability of the bird feathers.

Another Vancouver Harbour study investigated the effects of a small (400 gallon) spill of
rapeseed oil during the winter of 1989 (Smith & Herunter, 1989). The bulk of spilled oil
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was 1n the water for several hours before it was removed by mechanical means within 15

hours of discovery. This spill resulted in 88 aquatic birds being oiled, many of which were

found dead. Over half of the birds found alive subsequently died during treatment (Smith &
Herunter, 1989).

The authors of both reports support the hypothesis that the mechanism by which oiling
caused birds to die is fouling plumage, which leads to hypothermia. Hypothermia alone
may cause the birds to die or may weaken them and make them more vulnerable to
predation, starvation and other causes of death. The researchers have found that vegetable
oils generally lack any acute toxicity when ingested by preening birds (acute toxicity is
assoclated with petroleum oils), but this effect is somewhat offset by the chronic effects of

ingesting large quantities of nonpetroleum oils and by the fact that cleaning nonpetroleum
oils oiled birds is much more difficult than cleaning those fouled with petroleum oils.
According to the Tri-State Bird Rescue and Research Organization (Gunstone, 1994c¢) large
quantities of oil are often ingested by birds, when the animals clean themselves, resulting

in lipid aspiration pneumonia; furthermore, the oil can act as a laxative and lead to further

dehydration and debilitation.

1.4. BACKGROUND

The capsize and wrecking of the M.V. Kimya off the coast of Anglesey, in January 1991,
led to the release of 1500 tonnes of sunflower oil into the marine environment. It was the
loss of the Kimya that lead to research studies regarding the fate of vegetable oils in the
marine environment, such as the present work in the School of Ocean Sciences. The oil
was initially spilled into the water at a slow rate with occasional large releases that covered

intertidal regions. The oil continued escaping from the wreck until October 1991 (Mudge,

1996).

Initial assessment suggested that the vegetable oils would be rapidly degraded in the
environment (Mudge et al., 1993). In practice, however, the oil formed a polymer in
seawater and produced 1ntractable lumps resembling “used chewing gum” (Mudge ef al,

1993). On the beach, the o1l bound to the sand forming concrete-like aggregations
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(Salgado, 1992). These were still on the beach six years atter the accident (Mudge, 1997).

At the same time, the intertidal pools along the shore, near the wreck site, were found to be

anaerobic (Salgado, 1992).

During 1991, Salgado (1992) observed significant mortality of mussels adhering to the

intertidal shores, many of whom were found in the anaerobic pools. A survey of the fatty

the wreck site. Yet, this high concentration (40% of the total fatty acids) was not
responsible for the mussels deaths (Salgado, 1992). Further laboratory studies indicated
that vegetable oils had sub-lethal effects in mussels. Organisms contaminated with
vegetable oil, even at very low concentrations, showed a very low growth rate. Mussels
contaminated with linseed oil showed smaller growth rates than mussels contaminated with
olive, rapeseed or sunflower oils (Salgado, 1995). The author found that the mussels that
died during these experiments showed no enhancement of the characteristic fatty acids of
the oil, whereas, those that survived had a profile similar to the vegetable oi1l. The
mechanisms responsible by the mussels death was not established; however, two reasons
were suggested for this: 1) some mussels were able to detect the presence of oil and chose
not to gape, consequently dying of suffocation; ii) some mussels consumed the oil and

metabolised the principal component into a toxic metabolite.

To further comprehend the consequences of vegetable oil spills in marine environments
sunflower and linseed oil were applied to salt marsh sediments to reproduce potential spills
(Mudge er al., 1995). Sunflower oil polymerised at the surface after 28 days, resulting in
the formation of a cap of increased shear strength and reduced permeability to water and
oxygen. More than 35 days were necessary for sunflower oil to penetrate down to 30 cm
depth. Linseed oil, on the other hand, percolated down to 30 cm in 7 days without a
formation of a polymer for the duration of the experiment (35 days). Increased numbers of
viable aerobic bacteria were recorded with addition of both oils but were more enhanced

with linseed oil than with sunflower oil. Mudge e al., (1995), reported the presence of an

unexpected fatty acid (possibly 18:2w3) resulting from linseed oil degradation, however no

confirmation of this was presented at that time.
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The fatty acids resultant from the linseed oil degradation and the physical, chemical and
microbiological factors that affect this degradation were investigated in laboratory
experiments (Pereira, 1993). This work showed that in the set up conditions the oil did not
polymerise and aerobic and anaerobic microbial degradation occurred. An increase in
saturated and monounsaturated acids and a decrease in polyunsaturated acids which
constitute linseed oil was observed, in both aerobic and anaerobic conditions. Pereira
(1993), reported the presence of unexpected fatty acids (one 18:2 and two 18:3) resulting
from the linseed oil degradation. The 18:2 was suggested to be the 18:203 reported by
Mudge et al., (1995). However, the full identification of these fatty acids was not carried

out. The mechanism suggested to be responsible for these transformations was

1Isomerisation and biohydrogenation similar to those observed in rumen organisms (Kellens

et al., 1986).

1.5. AIM AND OBJECTIVES

The basic premise of this scientific work is that spills of vegetable oil occurred in the past
and they will continue to occur in the future. As it can be perceived from the previous

literature search, there i1s no compelling evidence to challenge this assumption.

Based on the historical record, it 1s clear that little information 1s available concerning
vegetable oil spills. These reports and the investigation recently developed in the School ot
Ocean Sciences showed that much more field and laboratory research needs to be carried
out to fully establish the consequences of vegetable oil spills in marine environments. The
present research project is a continuance of these last works. Therefore, the broad aim of
this project was to investigate the consequences of linseed and sunflower oils spills in salt

marsh sediments and in particular the role of bacteria in their degradation. The specific

objectives set to accomplish this aim were:

i) to determine the transformations that occurred in linseed and sunflower oils and to the
sediment characteristics after spillages to salt marsh sediments. To quantify these
alterations with time and depth, various physical, chemical and bacteriological

parameters were measured after simulation of small ol spills.
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11) to determine the role of sediment populations of aerobic and anaerobic bacteria in the

degradation of these oils.

111) to 1dentify the fatty acids resultant from the vegetable oils degradation in the studied

environment and consequently to establish the pathway(s) of their degradation.
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2. BIODEGRADATION OF VEGETABLE
OILS AND FATTY ACIDS

2.1. VEGETABLE OILS

Vegetable oils consist primarily of glycerides, which are esters formed by the reaction of

three fatty acid molecules with one molecule of glycerol to yield one triacylglycerol
molecule and three molecules of water (Killops & Killops, 1993). Although natural oils
contain mainly triacylglycerols, they may include small amounts of sterols, phospholipids
and waxes. Fatty acids contribute from 94 to 96% of the total weight of various oils.
Because of their preponderant weight in the triacylglycerol molecules and also because
they comprise the reactive portion of the molecules, the fatty acids influence greatly both
the physical and chemical character of triacylglycerols. In considering the composition of a
olyceride it is particularly important to distinguish between the saturated acids, with
relatively high melting temperatures, and the unsaturated acids, which melt at low

temperatures and are chemically much more reactive (Encyclopaedia Britannica, 1974

Menon et al., 1989).



2 Bz'odegr_adation of vegetable oils and fatty acz'ds_ 10

Without any doubt, the accuracy in determining the fatty acid composition of vegetable oils
has improved since the introduction of gas chromatography (GC) and high performance
liquid chromatography (HPLC). Even so, variation in reported fatty acid composition
occurs because of the differences in measuring techniques (White, 1992). Apart from this,
there are also natural variations in the fatty acids produced in any one type of oilseed which

may vary with geographic location, soil type, climate, moisture, temperature, maturity of

seed and agricultural practice (Chu & Sheldon, 1979).

This chapter presents the fatty acid composition and some other features of the two selected

vegetable oils used 1n this work: linseed and sunflower. These oils are of great importance
world-wide. The decision to utilise these oils was based principally in the different degree
of unsaturation of the main fatty acid of each one of these oils, with linseed oil being

classified as a drying oil and sunflower oil as a semi-drying oil. Furthermore, linseed and

sunflower were used previously in work which lead to this research project (Section 1.4).

Linseed o1l

In 1988. the world-wide production of linseed oil ranked 12™ among major vegetable oils
(Haumann et al, 1988). There is only one species of cultivated flaxseed, Linum
usitatissimum L, containing a-linolenic acid (18:3w3) at concentration ranging from 40%
to 63% or higher (Batta ef al., 1985). It is cultivated principally in the USA, Canada,
former Soviet Union, India and Argentina (Encyclopaedia Britannica, 1974; Budavari,
1989). Flax is grown primarily for the production of linseed oil, which, because of its high
content of 18:3w3, is an excellent drying oil that is used in paints, varnishes, putty,
oilcloths, linoleum, printing inks, artificial rubber, tracing cloth, tanning and enamelling

leather (Encyclopaedia Britannica, 1974; Budavari, 1989).

The fatty acid composition of linseed oil is oreatly affected by temperature and other
climatic conditions (Yermanos et al., 1969). It was found by McGregor & Carson (1961)
that in general, flaxseed grown in northern, cooler climates in Canada produced linseed o1l
with greater degree of unsaturation than that grown in southern, warmer climates (also

Canada). A typical fatty acid distribution for linseed oil is shown in Table 2.1.
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Current Indian government legislation classifies linseed oil as an edible oil (Bajpai et al.,
1985). The results of Menon et al., (1989) indicate that the use of linseed oil as an edible
o1l will not produce hazardous effects, if sufficient vitamin E is given. However, with its
high 18:3w3 contents, linseed oil has a limited use as edible oil because of its high
oxidative unstability (Menon er al., 1989). Due to the nutritional value of the ©3 fatty
acids, experiments have been carried out to develop edible linseed oils with a much lower

content ot 18:3w3. Research work lead to the development of a low-18:3 linseed oil called

Linola containing 3% of 18:3 and 72% of 18:2 (Haumann, 1990).

Table 2.1. Fatty acid composition (weight %) of linseed and sunflower oils (Menon ef al., 1989:
Budavari, 1989).

Systematic name Trivial Name Omega  Linseed Sunflower
Name o1l o1l
Hexadecanoic acid Palmitic acid 16:0 8 6.4
Octadecanoic acid Stearic acid 18:0 6 1.3
cis-9-octadecenoic acid Oleic acid 18:109 20 21.3
cis-9, cis-12-octadecadienoic acid Linoleic acid 18:206 14 66.2
cis-9, cis-12, cis-15-octadecatrienoic acid  o-linolenic acid 18:3m3 >1 <0.1
Eicosanoic acid arachidic 20:0 1 4
Docosanoic acid behenic acid 22:0 - 0.8

Sunflower oil

Sunflower oil is obtained from the seed of Helianthus annus L. which 1s a native of North
America. The plant is grown in large quantities in Russia, Argentina, China, the European
Community and the United States (White, 1992). World-wide, the production of sunflower
oil is the fourth largest of edible oils, being surpassed by soybean, palm and rapeseed oils
(Haumann et al., 1988). Generally, sunflower oil is used for consumption as a cooking and
salad oil and in the manufacture of shortenings and margarines. High-oilseed suntlowers
(40% oil) are generally grown for oil seed production, whereas low-o1lseed sunflowers

(about 30% oil) are grown for confectionery, nut and birdseed markets (White, 1992).

A typical fatty acid composition of sunflower oil is shown in Table 2.1. Like linseed o1l,
the fatty acid composition of sunflower oil is naturally variable, depending upon climate,
temperature, genetic factors and position of the seed in the flower head (Campbell, 1983).

In fact, few vegetable oils reflect the influence of these factors as significantly as sunflower
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oil does. The 18:2 and 18:1 averages of northern grown sunflower oil in the United States
compared with the southern varied, with the 18:2 ranging from 44% to 68% and 18:1 from
19% to 47% (Campbell, 1983). The warmer the temperature during maturation of the seed.,
the lower the 18:2 and the higher the 18:1 levels became. Because of the variability in 18:1

and 18:2 production it is difficult to give an accurate fatty acid content of sunflower oil

without actually measuring it (White, 1992).

Treatment of normal varieties of sunflower oil seeds with chemical mutagens and
development of their progenies have resulted in hybrids bearing oil with 18:1 contents
greater than 80% and 18:2 contents less than 10% (Purdy, 1986). The fatty acid

composition of these varieties appear to be unaffected by climatic conditions.

The high polyunsaturated fatty acid content of sunflower oil makes it susceptible to
oxidative deterioration and thus reduce flavour stability. The high-oleic suntflower o1l was
shown to have dramatically improved oxidative unstability compared with normal

sunflower oil (Purdy, 1985). This improved stability was attributed entirely to the shift in
fatty acids from 18:2 to 18:1.

7 2. MICROBIAL DEGRADATION OF VEGETABLE
OILS

2.2.1. The biochemistry of the oil degradation

Numerous micro-organisms can utilise vegetable oils as the sole source of carbon and
energy (Tan & Gill 1985; Koritala ef al., 1987; Ratledge, 1994). However, triacylglycerols
and their partially hydrolysed products, di- and mono-acylglycerols, are not assimilated as
such. Therefore, the first step in the microbial degradation ot an oil is its hydrolysis to fatty
acids and glycerol (Cornish et al., 1993; Ratledge, 1994). This hydrolysis proceeds via the
action of extracellular lipases or by lipases that are attached to the cell surface and thus
appear to be cell associated, as the triacylglycerol oil is unable to penetrate the cell interior
(Ratledge, 1994). Although it 1s necessary for a micro-organism to be able to produce a

lipase for it to be able to grow on an oil, it would appear that most micro-organisms are
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able to do so (Cornish et al, 1993; Rattledge, 1994). The production of lipases is
influenced significantly by temperature, ratio of nitrogen to carbon, inorganic salts and

oxygen. In general, bacterial lipase synthesis is stimulated by lipids such as lard, olive oil

and fatty acids (Ratledge, 1994).

Microbial lipases are classified into three types according to their reaction specificity: non-

specific lipases, 1,3-specific lipases and fatty acids specific lipases (Figure 2.1) (F Innerty,
1989).

(a) Non-specific lipase reaction

CH,OOC-R, CH,OH HOOC-R,
| \
CHOOC-R, + 3H,0 » CHOH + HOOC-R,
\ [
CH,OOC-R, CH,OH HOOC-R;

(b) 1,3-specific lipase reaction

CH,O0C-R; CH,OH HOOC-R,
| |

CHOOC-R; 2H,0 > (CHOH-R; +

| |

CH,OO0C-R; CH,OH HOOC-R;

(¢) Fatty acid specific lipase reaction

CH,OO0C-R, CH,00C-R, CH,O0C-R,
l(:HO()C-R2 + CHC[)OC-Rl CHOOIC-Rz + 3H,0 >
‘CH200C-R2 CH2|OOC-R2 CH206C-R1
CH,OH CH,00C-R, CH,00C-R,
> clHooc-R2 + CH(;H + CHOO‘C-RQ + 3HOOC-R,
C|HQOOC-R2 CH260C-R2 CHQO‘H

In all examples RCOO™ = long chain fatty acyl group

Figure 2.1. Hydrolytic reactions of lipases (Ratledge, 1994).

Non-specific lipases exhibit no specificity to either the fatty acid position on glycerol or to
the structure of the fatty acid at any position. These lipases catalyse the total hydrolysis of

triacylglycerols to free fatty acids and glycerol. Lipases showing no regio-specificity appear
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to be the most commonly found (Macrae & Hammond, 1985) occurring both in bacteria

and tungi. This type of lipases will remove fatty acyl groups from all three positions of the
glycerol more or less at the same rate (Finnerty, 1989; Ratledge, 1989, 1994).

The 1,3- specific lipases catalyse reactions at the C; and C; positions of triacylglycerols to
yield the free fatty acids 1,2 (2,3)-diacylglycerols and 2- monoacylglycerols. Since 1,2
(2,3)-diacylglycerols and 2- monoacylglycerols are chemically unstable, undergoing acyl
migration to yield 1,3-diacylglycerols and 1(3)- monoacylglycerols, 1,3-specific lipases can
degrade triacylglycerols to free fatty acids and glycerol (Finnerty, 1989). Only lipases
showing 1,3-regio-specificity are known; 2-specific lipases remain to be found (Finnerty,
1989; Ratledge, 1989, 1994). A few lipases are known to show specificity towards the fatty
aclds themselves. The best known example is the enzyme from Geotrichum candidum
(Finnerty, 1989; Ratledge, 1989, 1994). This lipase attacks triacylglycerols containing fatty
acids with a double bond at the 9 position and then only providing that there is no
additional double bond between C,; and Cs. Fatty acids with either a cis-double bond or cis-
double bonds are hydrolysed more quickly than those with #rans-double bond.
Triacylglycerols containing oleate, linoleate or a-linoleneate groups are more readily
hydrolysed whereas those with substituents such as palmitoleate (16:0), stereate (18:0), y-
linoleneate (18:3 ¢6,¢9,c12) or arachidoneate (20:4 ¢5,c8,c11,c14) are not. All the lipases

mentioned will hydrolyse tri, di-and monoacyglycerols at approximately equal rates

(Ratledge 1989, 1994).

Fatty acids from triacylglycerols can be assimilated as such into the lipids of the cell.
Although there are few exceptions, most micro-organisms appear to use the component
fatty acyl group with only the minimum amount of modification (Ratledge 1994), that 1s,
there is very little desaturation or elongation of the incoming fatty acids. The incoming
fatty acids must repress the synthesis of desaturase enzymes in the same way that they
repress de novo fatty acids biosynthesis (Gill & Ratledge, 1973). However, 1f the chain
length of the substrate is too short to give fatty acids of sufficient chain length to be
satisfactorily incorporated into the microbial lipid, then some modification 1s essential. Lee
et al., (1992) observed the growth of Apitrichum curvatum on various substrates: when
myristic acid (14:0) was used as such, the yeast oil contained 90% of its acyl groups as this
fatty acid. With palmitic acid (16:0) as substrate, elongation to stearic acid (18:0) occurred

as well as desaturation of this to both oleic (18:1) and linoleic (18:2) acids. These authors
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also examined the growth of this yeast on a different range of fatty acids. Even unusual
fatty acids not found in micro-organisms, such as petroselenic acid (16:1 ¢6) or eleostearic
acid (18:3 £5,¢8,c11) were significantly incorporated into the yeast lipids indicating that
there 1s little problem in accommodating such fatty acids, at least in the storage fraction of
the yeast. So, fatty acids that have the necessary chain length and degree of flexibility by
virtue of their double bonds can be utilised even though they may not be synthesisable by
that particular micro-organism. When a cell grows on a fatty acid or oil, some of the
substrate 1s also metabolised to yield energy for cell synthesis. Thus, there is a partition
between assimilation of the substrate directly into the lipids of the cell and its degradation.
Glycerol from triacylglycerols is taken up by a process of facilitated diffusion and

converted by two steps to the central metabolite, glyceraldehyde-3-phosphate (Cornish ef
al., 1993).

Fatty acids metabolism

To yield energy, fatty acids can undergo the following oxidation processes.

o-Oxidation

Oxidative decarboxilation of fatty acids has been studied for plants and animals with
infrequent reports pertaining to prokaryotic micro-organisms (Harwood & Russell, 1984).
The occurrence of bacterial fatty acid a-oxidation is not firmly established and, if present,
represents a pathway of minor importance (Finnerty, 1989; Ratledge, 1994). a-Oxidation
involves the sequential decrease in carbon number of fatty acid by oxidative

decarboxylation. The essential reactions of this cycle are (Ratledge, 1994):

R-CH, COO » R-CHOH " COO *R " CHO+ CO;, » R-COO
Free fatty acids and not their CoA esters, are involved.

This shortening of chain length results in odd-carbon fatty acids from even-carbon fatty

acids and even-carbon fatty acids from odd-carbon fatty acid. Evidence exists In
prokaryotic micro-organisms that odd- and even-carbon fatty acids characteristic of cellular

lipids arise predominantly, if not exclusively, from de novo biosynthesis (Finnerty. 1989).
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Studies with Candida utilis (Fulco, 1967) and Arthrobacter simplex (Yano et al., 1971)

indicate that some micro-organisms are capable of o-oxidation. Hydroxy fatty acids,

particularly 2-hydroxy fatty acids, represent possible precursors for oxidative
decarboxylation of fatty acids. The presence of small amounts of 2-hydroxy-12:0 and 2-
hydroxy-14:0 in a number of gram-negative bacteria have been reported as part of the
lipopolysaccharides of the cell envelope (Wilkinson, 1988). The occurrence of such acids

suggest, but not prove, the presence of an a-oxidation route of fatty acids in bacteria

(Ratledge, 1994).

3-Oxidation

The principal route by which fatty acids are oxidised in cells is by the sequence known as
the B-oxidation (Figure 2.2). The reactions involved in the cyclic 2-carbon shortening of a
fatty acid include an inducible enzyme system consisting of the enzymes listed in Figure
2.2. plus 3-hydroxyacyl-CoA epimerase and cis-A’ -trans-A*-enoyl-CoA isomerase which

are involved in the B-oxidation of unsaturated fatty acids (Finnerty, 1989; Ratledge, 1994).

R CH, CH, CO-S-CoA
FAD / flavin

]
FADH, / reduced flavin

R CH=CH CO-S-CoA

2 %

R'CHOH " CH, " CO-5-CoA Figure 2.2. B-Oxidation cycle. Individual

NAD" enzyme reactions:
3 NADH 1. Fatty acyl-CoA dehydrogenase;
? 2. 2.3-enoyl-CoA hydratase;
R CO  CH, CO-S-CoA 3. 3-hydroxyacyl-CoA dehydrogenase
H-S-CoA (NAD" dependent); .
4 CH; CO-S-CoA 4. 3-oxo0acyl-CoA thiolase

(Adapted from Ratledge, 1994).
R CO-S-CoA

The intermediates formed during a B-oxidation are enzyme bound. However, a detailed
explanation of these oxidation reactions of saturated and unsaturated fatty acids is outside
the scope of this review. The final reaction of the cycle involves the cleavage of the acyl

chain to split off acetyl-CoA leaving an acyl-CoA ester that 1S now two carbon atoms
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shorter that the initial acyl chain (Figure 2.2) (Harwood & Russel, 1984: Mead ef al.. 1986;
Finnerty, 1989; Ratledge, 1994). The shortened fatty acyl-CoA ester then repeats the
sequence (see Fig. 2.2) until the acyl chain reaches the C4 level. The final reaction is,

theretore, the cleavage of acetoacetyl-CoA (CH;COCH,CO-S-CoA) with the formation of
2 acetyl-CoAs.

o-0Oxidation

The w-oxidation of fatty acids occurs both in bacteria and yeasts (Finnerty, 1989; Ratledge,
1994). This oxidation is important either when the carboxyl end is unavailable or for the
formation of w-hydroxy fatty acids (Harwood & Russel, 1984). The mechanisms of fatty
acids diterminal oxidation to long chain dicarboxylic acid is through an O,-dependent -
hydroxylase enzyme system. Long chain dicarboxylation acid results from the -
hydroxylation of fatty acid to o-hydroxy fatty acid which 1s oxidised to aldehydic tatty acid

and to o,w-dicarboxylic acid (Finnerty, 1989). The route of oxidation 1s (Finnerty, 1989;
Ratledge, 1994):

CH, (CH,), COOH _, HOCH, (CH,), COOH __, OHC(CH,), COOH _, HOOC(CH,),COOH

Yi & Rehm (1988a,b) have demonstrated the conversion of unsaturated fatty acids, oleic
(18:1 ¢9) and elaidic (18:1 9) acid to the corresponding unsaturated dicarboxylic acids:
cis-9- 1,18 octadecanedioic and: frans-9- 1,18 octadecanedioic, respectively, by Candida
tropicalis. It would be reasonable to expect that other mono-, di- or even polyunsaturated

fatty acids might not be oxidised similarly.

Although the various oxidations have been discussed as separate processes, it 1s important
to emphasise that in the oxidation of lipids it may be necessary to use a number of different

oxidations in order to complete acyl chain catabolism.

In addition, oxidation of carbon atoms within the acyl chain can occur, such as (o-1)- and
(w-2)- oxidations and mid-chain oxidations, thus forming the various hydroxy, 0xo, €poxy,
hydropoxy and polyoxygenated derivatives that are found in nature (Harwood & Russel,
1984: Schweizer, 1989). The existence of (w-1)- hydroxy fatty acids in the lipids of some

bacteria (Skerratt ef al., 1992) and yeasts suggests that there may be a specific oxidation of
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fatty acids at their penultimate terminal carbon atom. An isomeric mixture (®-1)-, (0-2)-
and (©-3)- monohydroxy fatty acids was obtained from saturated and monounsaturated Cis
to Cig by Bacillus megaterium (Miura & Fulco, 1974, 1975; Nahr & Fulco, 1982, 1986,
1987). Lanser er al., (1992) have investigated the hydroxylation of oleic acid in the whole
cells of two strains of Bacillus pumilus and, as in the previous case, they could not detect
formation of w-hydroxyoleic acid. They also found that hydroxylation had occurred at the
three adjoining carbon atoms, w-1, o-2 and ®-3. Mid-chain oxidation of oleic acid to g1ve
12-hydroxyoleic acid (Soda, 1987) and 10-hydroxyoleic acid (Koritala & Bagby, 1992; El-
Sharkaway et al., 1992) have been reported, as well as the formation of 9,10 epoxystearic
acid from oleic acid (Ruettinger & Fulco, 1981). The fate of (o-1) and mid-chain hydroxy
fatty acids 1s uncertain. It is possible that (o-1)-hydroxy fatty acids are not oxidised at this
end of the molecule but are degraded by the B-oxidation cycle operating conventionally at
the other end. A similar degradation route could be expected in the case of mid-chain
hydroxy fatty acids. Their occurrence are, therefore, of most interest for those concerned
with biotransformation reactions of fatty acids rather than with their degradation. The
utilisation of micro-organisms to produce useful chemical intermediates from fats and oils

1s increasingly being investigated, because unlike traditional chemical processes, which
require extreme temperature and pressure, microbial conversions take place under mild

conditions with greater rapidity and specificity.

Another modification of the fatty acids carried out by micro-organisms 1s the

hydrogenation of unsaturated fatty acids.

Biohydrogenation

The hydrogenation of an isolated cis double bond in the hydrocarbon chain of a fatty acid
appears to be a relatively rare event in nature. Biohydrogenation of polyunsaturated fatty
acids is a characteristic biochemical process carried out by micro-organisms ot the rumen,
which has been known for many years (Wilde & Dawson, 1966), and also by an
asacharolytic anaerobe, Eubacterium lentum, isolated from rat faeces (Eyssen & Verhulst,
1984: Verhulst et al., 1986). The general pathways are shown in Figure 2.3. Stearic acid 1s

the common end product from all the C;3 unsaturated fatty acids.
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Oleic acid Linoleic acid a-Linolenic acid
18:1(c9) 18:2 (9, c12) 18:3 (9, c12, c15)
Stearic acid 18:2 (9, t11) 18:3 (9, t11, c15)
18:0 l l
18:1 (¢11) 18:2 (r11, c15)
Stearic acid 18:1 (¢11)

18:0 l

Stearic acid
18:0

Figure 2.3 General pathway of biohydrogenation of unsaturated C,g fatty acids by a mixed culture
of rumen micro-organisms (Kellens e al.,1986)

Rumen bacteria, obligate anaerobes, are largely responsible for the hydrogenation -
protozoa are of only secondary importance (Dawson & Kemp, 1969; Viviani, 1970). A
number of individual rumen micro-organisms have been described that can hydrogenate
linolenic and linoleic acids but none of these were capable of completing the hydrogenation
beyond the octadecenoic acid stage or converting oleic into stearic acid. These include:
Butyriovibrio fibrosolvens, the first micro-organism isolated from the rumen (Wilde &
Dawson, 1966; Kemp & White, 1968; Kemp & Dawson, 1968); a strain of Escherichia coli
(Wilde & Dawson, 1966) and a Gram negative micrococcus (Mills ef al., 1970). White and
collaborators (1970) isolated a Gram-negative capsulated anaerobic bacillus that was able
to hydrogenate oleic and linoleic acid to stearic acid. However, linolenic acid was not
hydrogenated to stearic acid by this organism, but instead octadecenoic acids were
accumulated in the medium where cis-15-octadecenoic acid predominated. Kemp et al.,
(1975) isolated from sheep rumen five (strictly anaerobic) bacteria able to hydrogenate
unsaturated fatty acid. One was characterised as Ruminococcus albus, two as Eubacterium
spp. and two as Fusocillus spp. The Fusocillus organisms were able to hydrogenate oleic
and linoleic acid to stearic acid, and linolenic acid to cis-15-octadecenoic acid. The
Ruminococcus albus and the two Eubacteria did not hydrogenate oleic acid but instead
converted linoleic and linolenic acids to a mixture of octadecenoic acids where frans-11-

octadecenoic acid predominated. Therefore, organisms may be used singly or as mixed
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cultures (Wilde & Dawson, 1966: Kellens ef al. 1986) to effect the complete

hydrogenation.

In incubations of linolenic acid with sheep rumen contents, it was observed that the

conversion of linoleic acid into 18:1 (r11) and subsequently into stearic acid was largely
associated with food-particle fractions (Harfoot et al., 1973). Harfoot ef al., (1973) rejected
the possibility that the hydrogenation could be associated entirely with the bacteria
adhering to the food particles and suggested that hydrogenation is effected by extracellular
hydrogenases produced by bacteria in suspension. Other authors (Viviani, 1970: Kellens et
al., 1986) also observed that complete hydrogenation of polyunsaturated fatty acids present
in linseed oil took place in vitro only in the presence of complete rumen liquor and the
removal of the particulate fraction greatly diminished the biohydrogenation capacity.
According to Kellens et al, (1986) the rumen fluid promotes the development of
biohydrogenating micro-organisms or the development of the biochemical systems
necessary for biohydrogenation in cells that do not necessarily need the rumen fluid for
their growth. The presence of co-factors for biohydrogenation in the rumen fluid is another

suggestion that has been proposed by several authors (Wilde & Dawson, 1966).

In the case of the biohydrogenation of linoleic acid, the reaction proceeds by 1somerization
of the cis-9, cis-12 to cis-9, trans-11 octadecadienoic acid. This is followed by reduction ot
the cis bond; the final hydrogenation is that of the rans double bond itself. For complete
hydrogenation of linoleic to stearic acid in the rumen, two systems must be involved, one
specific for the conversion of linoleic acid to a monoenoic acid, and the other for the
hydrogenation of the monoene to stereate. Other polyunsaturated fatty acids such as y-
linolenic acid [18:3 (c6, ¢9, c12)] (Kemp & Landner, 1983) and arachnidonic acid [20:4
(c5, ¢8, cl11, c14) (Verhulst et al., 1986) can also be reduced.

Partial purification of the enzyme that catalyses the isomerisation, linoleate A% Cis, Al
trans isomerase, has been achieved from the cell envelop of Butyriovibrio fibrosolvens
(Kepler & Tove, 1967) and some of its properties have been investigated (Kepler et al.,
1970). Absolute requirements for the isomeration were shown to be: marked specificity for
a free carboxyl group and a cis-9, cis-12 pentadiene system (Kepler et al., 1970; Verhulst ef
al.. 1986). These studies were facilitated by the finding that this reaction takes place under

aerobic conditions. In contrast, the hydrogenation reaction appears to be obligatory
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anaerobic (Rosenfelt & Tove, 1971). Rosenfeld & Tove (1971), investigated the reduction
of 18:2 (¢9, t11) to 18:1 (£11) using punicic acid [18:3 (¢9, 111, ¢13)] and a-eleostearic acid
[18:3 (9, r11, t13)]. In the case of punicic acid both cis double bonds were hydrogenated,
resulting in the same product as that obtained from linoleic hydrogenation. Yet, in the case
of a-eleostearic acid no reaction occurred. This work suggests, therefore, that the
contfiguration of the conjugated trans bond imparts a degree of alteration to the molecule so
that the organism is incapable of reducing the cis bond of the conjugated triene. The
hydrogens to reduce the cis bond(s) were shown to come from the water (Rosenfeld &
love, 1971; Hughes et al., 1982). In the mechanism of the reduction, reductants such as
NADPH have also been implicated (Hughes et al., 1982). Although this would be an
impediment if a cell-free system of biohydrogenation was being contemplated (due to the
difficulty of regenerating the reduced co-factor in situ), Kellens et al., (1986) have shown
that 1f a growing mixture of rumen bacteria is used under N,/H, atmosphere, anaerobic
growth can be self sustaining. Thus the intracellular regeneration of NADPH is achieved by

bacteria’s own hydrogenase enzyme being coupled with hydrogen.

2.2.2. Degradation in Marine Sediments

a) Vegetable oils

Given that lipases are produced by a wide range of micro-organisms and that the pathways
of degradation of glycerol and fatty acids are virtually ubiquitous, high biodegradability of
vegetable oils 1in the marine environment is to be expected (Cornish ef al., 1993; Ratledge,
1994). Indeed, some experiments have shown that vegetable oils are quickly degraded
(Groenewold ef al., 1982; Cornish ef al., 1993). However, these tests were usually carried
out in the aquatic environment since, according to Cornish and colleages, up to 1993 there
was no standard laboratory methods for assessing the fate of oils in sediments. These
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