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Abstract

Solute concentration and osmotic pressure patterns were studied in epidermal cells of
Tradescantia virginiana at open and closed stomata conditions, using single cell sampling
and analysis techniques. The studies were carried out in intact plants that were responding
to light conditions under normal physiological situation. Only charged solutes were found to
participate in stomatal movement and each cell type of the epidermis showed distinct
patterns of solute changes both quantitatively and qualitatively. Individual solutes showed
characteristic patterns. Two major patterns were observed when the stomata opened. K*, CI
, tartrate and succinate moved into the guard cells. Malate, NOs” and PO,* migrated to
lateral subsidiary cells. A third group of solutes, citrate and SO.%, were redistributed in all
cells, suggesting a charge-balancing function for these solutes during stomatal opening.
These movements reversed on stomatal closure. Patterns of solute changes were similar on
both (right and left) sides of the midrib. Each cell type of the epidermis also showed
predictable patterns of osmotic pressure changes when stomata opened. Guard cell osmotic
pressure increased (1.75 = 0.06 to 2.26 + 0.12 MPa) during stomatal opening. Osmotic
pressure remained unchanged in lateral subsidiary cells but, in contrast, decreased in apical
subsidiary and juxta apical cells. A physiologically-distinct subset of the pavement cells, juxta
apical cells, is being proposed.

These qualitative and quantitative differences found in the distribution of solutes between
cell types, suggest that each cell type of the epidermis contributes a definite part in the
orchestration of stomatal responses. Working together, these cell types are linked by solute

concentration gradients that drive the stomatal movements.
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Chapter 1 Introduction

1.1 Summary

Although stomatal movements have, for long, been known to result from net turgor
changes originating from solute concentration-driven osmotic changes in the cells of
the epidermis, information on those concentration and osmotic changes occurring in
these individual cells is limited. The gradients, patterns and uniformity or otherwise of
these solute changes in the individual cells, as they work together to effect stomatal
movement, are not known.

The major reason for this paucity of knowledge has been the lack of a suitable
technique for the study of solute relations at single cell resolution in plants. The
multiplicity of external and internal factors capable of playing simultaneously on
stomatal responses has not helped the situation.

This study investigated the gradients and changes in the patterns of such gradients
in individual cells of the epidermis during stomatal movements with a view to
exposing the chemical basis of such movements. The study used and extended the
use of established methods of single cell sampling and analysis techniques to
determining the chemical characteristics of the guard cell and other trough cells of
the epidermis under physiological conditions in intact leaves.

1.2 Introduction

This thesis describes studies on solute concentration changes that occur in
Tradescantia virginiana leaf epidermal trough cells during changes in stomatal
aperture (stomatal movements). Stomatal movements are major determinants of
water use efficiency in terrestrial higher plants (Zeiger and Hepler, 1977; Farquhar
and Sharkey, 1982; Meidner, 1987; Willmer and Fricker, 1996; Antunes et al., 2012).
Stomatal functioning impacts directly on the CO2- and water-relations of plants, as
the stomata form the interface between the atmosphere and the internal environment

of land plants.



Plants are essentially sedentary, but need to respond efficiently to challenges
posed to their internal milieu by the environment. As with all terrestrial life forms, one
of the major challenges is access to water. Access to, and effective management of,
water is critical to survival of land plants. Plants account for about 65%, by volume,
of global fresh water use (Postel et al., 1996).

However, scarcity of fresh water has become an obvious and worsening
global issue in this new century; resulting in severe ecological degradation, limits on
agricultural production and consequent threat to human health (Postel, 1993; Postel
et al., 1996). Together with water scarcity and the ongoing climate changes (Watson
et al., 1990), present high atmospheric carbon dioxide (CO3) level (400 parts per
million by volume) (Dlugokencky and Tans, 2017; Scripps, 2017), with potential for
higher levels, present a good case for a more integrated understanding of the
mechanics for efficient water and CO2 use in plants, in order to maximize crop
production. The (physical) elastic properties of plant cells and tissues (Steudle and
Zimmermann, 1977), typified by and employed in plant guard cells, are a robust
adaptive tool for controlling not only water relations and water economy of plants but
also the inflow of atmospheric gases (Winner and Mooney, 1980; Meidner, 1987)
and dissolved solutes (Eichert et al., 1998; Eichert and Burkhardt, 2001).

Early in evolution, land plants developed a waxy leaf covering (cuticle)
(Kenrick and Crane, 1997), which limits water loss but also prevents plants’ access
to their major carbon source — atmospheric CO2. Plants, however, maintain a
balance between carbon gain and water-use over large environmental ranges of
temperature and moisture availability by relying, ultimately, on guarded openings
(stomata) created through the cuticle. These openings lead to air cavities extending
from below the leaf epidermal layer to the mesophyll layers. The size of the openings
is controlled by a pair of specialized epidermal cells surrounding each opening. The
control process, however, involves not only these two guard cells but also the
surrounding epidermal cells (Klein et al., 1996; Franks et al., 1998; Felle et al., 2000)
and, possibly, mesophyll cells. This is in spite of the fact that isolated guard cells
and guard cell protoplasts are able to function efficiently, responding (expanding and
contracting) appropriately to all stimuli that would be expected when in situ
(MacRrobbie and Lettau, 1980a; MacRrobbie, 1981; Zeiger, 1983; Tian et al., 2015).

An understanding of the stomata as an integrated whole on a leaf (or plant)

offers positive consequences for management of efficient and water-saving cropping
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systems under drought conditions and will help in combating the effects of future
climatic changes. These stomatal movements involve turgor changes occasioned by
solute fluxes and consequent osmotic shifts across cell and vacuolar membranes.
Analysis of the solute concentrations and gradients responsible for establishing and
maintaining turgor at single cell resolution has demonstrated considerable cell-to-cell
variation in the solute content of leaf epidermis (Willmer, et al., 1974; Malone et al.,
1991; Leigh and Storey, 1993; Fricke et al., 1994a, 1994b; Karley et al., 2000).

Though stomatal aperture depends directly on the size of the surrounding
guard cell pair, and guard cell size is in turn affected and determined by the turgor
pressure in the surrounding epidermal cells (Franks et al., 1998), the extent and the
mechanics of the involvement of these epidermal cells remains to be elucidated. In
addition, mounting evidence, appreciated since the early works of Heath (1975),
suggests that a complete understanding of leaf-level stomatal conductance cannot
be achieved without considering the stomata on a leaf (or plant) as an integrated
whole.

Single cell sampling and analysis (SiICSA) techniques (Tomos et al., 1994;
Tomos, 2016) allow the analysis of individual cell behaviour in a fully-functional
physiological context. Using these techniques, cells of the stomatal complex as well
as other epidermal cells have been analysed for their osmotically-active contents.
The findings from this analysis would have implications for management of efficient
and water-saving cropping systems under drought conditions. Previous (SiCSA)
works have provided a glimpse of dynamic spatial and temporal patterns in the
contents of these of cells (Sawhney and Zelitch, 1969; Shackel, 1987). This work is
set to explore the source of this intercellular solute variation in the epidermis in order
to understand how the plant exploits these variations in the guard cell control of

stomata.

1.3 Plant species used

1.3.1 Tradescantia virginiana L.

Tradescantia virginiana (Family, Commelinaceae) is one of up to 70 species of

Tradescantia, an herbaceous plant that is native to the Americas. They are
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spiderworts but were named Tradescantia by Linnaeus after a 17" century English
botanist, John Tradescant, who brought them from Virginia, USA, while he was the
gardener to Charles | of England (Armitage, 2008).

Students of plant cell physiology, especially relating to cell turgor (e.g. Hisken
et al., (1978), Zimmermann et al., (1980), Tomos et al., (1981), Tomos and
Zimmermann (1983)), osmotic pressure (e.g. Malone et al., (1989) and Meidner and
Bannister (1979)) or leaf developmental pattern in monocots (e.g. Croxdale et al.,
(1992), Croxdale (1998)) found Tradescantia virginiana suitable for reasons of its
relatively large stomatal complex cells and simple leaf cell arrangements (guard cell
length and width of 70 and 21 um respectively) (Willmer and Fricker, 1996). This
contrasts with cereals, such as barley or wheat, which possess stomatal guard cell
that are relatively small in size (guard cell length and width of 38 and 11 um
respectively) (Willmer and Fricker, 1996). Tradescantia also contrasts with its family
member Commelina communis which, in addition to relatively small-sized stomatal
complexes, has a more intricate arrangement of this complex (compare Edwards
and Bowling (1984) and Penny and Bowling (1974)). Techniques developed from
using Tradescantia have been successfully applied in studies on other plants, e.g.
wheat (Malone et al., 1991), barley (Fricke et al. 1996; Fricke et al. 1994b); see also
review by Zimmermann (1989). Tradescantia virginiana was chosen for this research
because of its relatively large leaf cells and predictable arrangement of these cells

on the leaf epidermis.

1.4 Leaf development

In order to understand the basis of the cell functional heterogeneity that is the basis
of this thesis, some attention needs to be given to the current state of knowledge of
the basis of leaf cell patterning in general. Leaves, simple or compound, in both
eudicots and monocots develop from a leaf primordium in a phytomer of the shoot
apical meristem (SAM) (Galinat, 1959; Dengler, 1984; Poethig and Szymkowiak,
1995). The phytomer is formed from a fast dividing lateral zone (of the SAM) which
surrounds a more slowly dividing central zone that permanently retains a stem-cell
status (Veit, 2004; Braybrook and Kuhlemeier, 2010). The SAM produces repeated



segments of the shoot system. Each segment (the phytomer), in eudicots or
monocots, consists of an axillary bud between an outer leaf primordium and an inner
internode (Satina and Blakeslee, 1941; Steeves and Sussex, 1989). The leaf
primordia in Arabidopsis thaliana, maize and tobacco are made up of 30, 350 and
160 cells respectively arranged in three (outer, mid and inner) layers (Satina et al.,
1940; Poethig, 1984). The first layer forms the epidermis while the second and third
layers respectively produce the palisade and spongy mesophyll. At the point of
formation of these cells, auxin transporters orient auxin accumulation in the cells to
create an accumulation pattern (Paciorek and Friml, 2006). This determines the
positioning of leaves in monocots, or leaves and axillary buds in eudicots.
Asymmetric periclinal and anticlinal cell divisions throughout the leaf primordium
result in the differentiation of the primordium into tissues and cell types (Sylvester et
al., 1996). Leaf expansion follows these divisions and is thought to be dependent on
the orientation of the cellulose microfibrils and is driven by cell turgor pressure
(Green and Stanton, 1967); and reviewed in Taiz (1984). The pattern and timing of
these divisions vary between monocots and eudicots (Steeves and Sussex, 1989).

In monocots (to which Tradescantia belongs), commonly, the maturation
hypothesis (Freeling, 1992) explains the timing and pattern of cellular
differentiations. It proposes that leaf regions acquire new competencies as
maturation proceeds. This acquisition of new competencies proceed in a proximal to
distal direction. For example, the leaf primordium is only competent to produce the
leaf base which, as it matures, acquires the competence to produce the leaf blade.
Acquisition of cellular identity is variously determined by cell lineage, cell orientation
and relative cell position in the developing leaf (Sylvester et al., 1996; Larkin et al.,
1997; Glover, 2000).

The cell lineage system consists of an ordered system of asymmetric cell
divisions into categories that correspond to different cell fates. Thus at the end of
these divisions, the final fate of each primitive cell type is predictable. In contrast, for
cell orientation effects, inhibitory signals and other interactions, such as may be
necessary for fulfilling some photosynthetic requirements (for example sub-stomatal
air space) from neighbouring cells, may prevent a primitive cell from adopting the
same developmental fate as all or some of its neighbours. In addition, determination
by cell positioning may occur when asymmetric divisions dispose daughter cells to

divide out of harmony. Various repetitions of this pattern of division may bring cells
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into or next to clonally unrelated tissues. Such cells acquire the identity of the new
tissue (Sylvester et al., 1996; Bar and Ori, 2014; Kalve et al., 2014).

In the differentiation of the leaf primordium into (about 13) different cell types,
all of these systems operate singly or in varying degrees of combinations. For
example, using periclinal chimeras of two tomato varieties and Solanum nigrum, the
frequency of occurrence of stomata on tomato leaf was found to depend on cues
from the first layer of the leaf primordium (Szymkowiak, 1990). It is thought that the
species-defined number of progenitor cells in the leaf primordium, the size of the
mature cells and the duration of cell proliferation stage during leaf development
determine the final size and shape of each species’ leaf (Dale, 1982).

Thus, cellular identity gradually accumulates as the leaf grows. This
accumulation of identity depends on gene expression patterns. Four genes
belonging to a knotted-like homeobox (knox) gene family (namely knotted 1, knotted
3, knotted 8 and rs1 genes) are constitutively expressed in the SAM (Hake et al.,
1989). The knox1 gene also known as SHOOT MERISTEMLESS (STM) as well as
BREVIPEDICELLUS (BP), an often redundant gene in the same knox family, are the
main participants in leaf differentiation (Byrne et al., 2002). Knox gene in the SAM
regulates the activities of (plant hormones) gibberellin and cytokinins. Regulation of
the former is by inhibition of gibberellin20 oxidase gene (GA20-oxidase), an
indispensable enzyme in gibberellin production pathway (Sakamoto et al., 2001).
Regulation of cytokinins activity is by stimulation of cytokinin biosynthesis (Jasinski
et al., 2005; Yanai et al., 2005). Gibberellin normally causes cell elongation and
differentiation while cytokinins bring about cell proliferation. Leaf patterning is
determined by an ASYMMMETRIC LEAF1 (asl) gene (Byrne et al., 2000). Within
the SAM, knox1, inhibits expression of asl gene. Conversely, in differentiating
tissues, auxin (Scanlon, 2003) and asl gene, which codes for the myeloblastosis
(MYB) transcription factors (Byrne et al., 2000; Heisler et al., 2005), inhibit the knox
gene. In maize, ROUGH SHEATH 2 (rs2) codes for the myb transcription factors and
is thus also involved in knox gene repression in differentiating tissues (Schneeberger
et al., 1998). In both monocots (maize) (Jackson et al., 1994) and eudicots (A.
thaliana) (Lincoln et al., 1994) inhibition of the expression of knotted 1 (knl) gene in
the SAM initiates the formation of leaf primordium. This inhibition is maintained in the
leaf primordium of plants with simple leaves but not in plants like tomato, with

compound leaves (Hareven et al., 1996). The function of the knl gene is to maintain
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the expressing cell(s) in a state of pluripotency (Smith et al., 1992; Hareven et al.,
1996; Jackson, 1996). Thus for compound leaf formation, kn1l is inhibited in the SAM
to initiate the leaf primordium and subsequently activated in the margins of the
formed primordium. Some genes belonging to the knox gene family, such as LG3
(liguleless 3), are expressed only in the internal part of the leaf (Fowler and Freeling,
1996) which forms the mesophyll. The external part forms the epidermis. Leaf final
development involves development of its shape which proceeds in a proximo-distal,
medio-lateral and ab- to ad-axial directions. While the knox1 gene is involved in the
proximo-distal axis development, in the other two directions, two genes HD-ZIPIII,
KANADI and a small RNA pathway control developments (Kerstetter et al., 2001;
Emery et al., 2003; Chitwood et al., 2009).

While these developmental and other morphological changes are beginning to
be quantified, the distribution and development of many classes of functional genes
— e.g. membrane solute transporters — are far less understood. It is hoped that work

described in this thesis may encourage work in this area.

1.4.1 Cellular differentiation in the epidermis

The early undifferentiated epidermal precursor differentiates into morphologically-
specialized epidermis. This includes the cells of the stomatal complex and the
different forms and modifications of the pavement cells. Within the past decade a
litany of answers to many of the questions regarding mechanisms and determinants
of epidermal differentiation and patterning has appeared. A number of them will be
described in detail here. Some will be mentioned briefly but some others will receive
no mention, depending on their perceived relevance to the physiology of the
stomata. Mutant analysis has been the major tool that has helped to define the
different events and stages of events leading to the differentiation of the
homogenous primitive cells of the leaf primordium into terminally-differentiated
specialized and non-specialized cell types (Bar and Ori, 2014; Kalve et al., 2014).

A particular gene or gene product may direct cell development into a number
of shapes depending on the competence of the cell at the time of expression of the
gene (Meijer and Murray, 2001). For example the MYB gene expression may induce

differentiation into trichome or conical cells (in petal) and inhibition of the



differentiation of cells of the stomatal complex (Glover et al., 1998). Leaf shape in A.
thaliana is controlled by a combined expression of as2, bopl and bop2 genes in the
lamina. They act synergistically to inhibit the expression of the knox1 gene in the leaf
primordia (Ha et al., 2003).

Two major characteristics of cell differentiation in the epidermis involve the
asymmetric distribution of cell wall materials between the inner (in contact with the
mesophyll) and the outer (in contact with the cuticle) walls as well as the
inside/outside polarity. This is important because the outer, thicker, walls secrete
waxy cuticle. Studies in maize suggest that all mature cells located between two
veins originate, following a series of anticlinal divisions, from a single progenitor once
this primordial cell has grown to a four-cell stage (Cerioli et al., 1994). It has been
shown in maize that the final shape of the dividing epidermal cells is entirely
determined by cues from the underlying (second) layer of the leaf primordium. Hake
and Freeling (1986) as well as Harberd and Freeling (1989) showed that a kn-O
mutation in the mesophyll leads to abnormal epidermal cells and that wild-type
mesophylls in dwarf8 mutant maize produced normal epidermal cells (Hake and
Freeling, 1986; Harberd and Freeling, 1989; Sinha and Hake, 1990).

1.4.2 Differentiation of cells of the stomatal complex and
formation of stomata

In both eudicots and monocots, stomata originate from protodermal cells in layer 1 of
the leaf primordium (Liu et al., 2009). The differentiation of all the other cell types of
the epidermis is predicated on that of the cells of the stomatal guard cell (see fig.
1.1) (Larkin et al., 1997; Tsukaya, 2013; Bar and Ori, 2014).

Four genes, FAMA, MUTE, TMM and SPCH (Ohashi-Ito and Bergmann,
2006; MacAlister et al., 2007; Pillitteri et al., 2007) (with conserved sequences in
eudicots and monocots) have been found to be responsible for the differentiation of
stomata. Though with slight variation in the functions of some of the genes (Liu et al.,
2009; Qu et al., 2017). These genes are closely related to the basic HELIX-LOOP-
HELIX (bHLH) transcription factor (Pillitteri and Bogenschutz, 2008).
SPEECHLESS1 (SPCH 1) is expressed in primitive epidermal cells and controls the
first division that leads to stomatal lineage commitment (Pillitteri and Dong, 2013).

Glutamate mutase component E (mute) gene is expressed in the (committed)
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meristemoid, leading to the formation of the guard mother cell and also functions to
terminate the stem cell identity of the meristemoid. Fama, on the other hand, is
expressed in the guard mother cells and regulates its symmetric division into two
guard cells (Ohashi-Ito and Bergmann, 2006). In Arabidopsis thaliana, two genes
have been proposed. The first is STOMATAL DENSITY AND DISTRIBUTION 1
(SDD1) gene (Berger and Altmann, 2000), a protease that mediates signals which
control cell development of cell lineages that lead to formation of guard cells. The
second is the TOO MANY MOUTHS (TMM) gene (Berger and Altmann, 2000;
Geisler et al., 2000), which is part of a receptor complex that senses positional cues

for position-dependent patterning during epidermal cell development.
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Figure 1.1 The formation of cells of the stomatal complex

The GMC and the SMC give rise to all epidermal cells depending on their orientations.
The apically-placed subsidiary mother cell (SMC) gives the apical subsidiaries initials (Ai)
which mature into apical subsidiaries (A) while the remainder (Ji) matures into the juxta
apical cell (J). The laterally-placed SMC gives the outer pavement cells (P) and an inner
lateral subsidiary initials (Li) which mature into the lateral subsidiary cells (L). The guard
cells (G) form from the guard mother cell (GMC) (Stebbins and Jain, 1960).

In monocots, stomatal development follows a basipetal order. The initial stages
occur at the base while the maturing (later) stages take place towards the tip of the
developing leaf. The protodermal cell induced by spchl undergoes asymmetric

division to produce a smaller meristemoid and a larger sister cell. These sister cells



form the pavement cells. The meristemoid retains stem cell activity and undergoes a
few more divisions before differentiating into a guard mother cell (GMC) (figure 1.1).
The number of divisions depends on the number of GMCs adjacent to the
meristemoid (Stebbins and Jain, 1960). Its first division produces the cell lines for the
GMC. Its second division gives the cell lines for the subsidiary mother cells (SMC).
The number and spatial arrangement of these subsidiary cells, however, vary
between species (Willmer and Fricker, 1996). The GMC lacks the stem cell activity of
the meristemoid and undergoes one symmetric division to give the two guard cells.
The guard cells then undergo morphological changes resulting in elongation and
formation of a pore between the two of them (Sack, 1994).

Studies in the monocots Chlorophytum comosum, Galanthus nivalis,
Schizostylis coccinea and Scilla lancifolia show that stomatal and, indeed, cellular
development in monocots occur progressively in zones (Charlton, 1990). In these
zones inductive interactions play a significant role in the arrangement of cells in files
as the cells are being displaced from leaf base towards the tip (Stebbins and Jain,
1960). These zones include the proliferative zone, found close to the leaf base and
in which cells may undergo proliferative mitosis before moving into the next zone of
formative mitosis. In this second zone new cell types, namely the GMCs and SMCs,
are formed. This is followed by the guard cell zone in which the GMC differentiates
into the guard cells and the SMC into the subsidiary cells. Beyond this zone, no
mitotic activity occurs and only cell expansion continues. Cells unable to start or
complete the proliferative or formative mitosis when pushed into the respective
zones do not form part of the guard cell line. Thus, the fate of any primitive cell at
the leaf base is dependent on its stage in mitosis at entry into the proliferative and
then the formative mitosis zones (Charlton, 1990). Hence, cell lineage alone does
not determine cell fate in monocots (Hernandez et al., 1999). Lineages account for at
least part of the distance between neighbouring stomata. Effects of interactions are
also indicated by developmental observations, which show that interactions modify
stomatal development rather than inhibit stomatal initiation. In T. virginiana, the fate
of a guard cell mother cell (GMC) with respect to stomata formation is determined by
an inhibitory mechanism determined by five nearest stomata to the GMC. Where
guard cell formation is successfully inhibited, the GMC becomes a pavement cell.
These pavement cells appear irregularly hexagonal on surface view (Campbell,

1881) but are approximated to be circular for ease of analysis (Boetsch et al., 1995)
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(see Plate 3.1). The SMCs abutting successful GMCs differentiate to give the
subsidiary cells (Campbell, 1881; Croxdale et al., 1992; Willmer and Fricker, 1996).
The fate of SMCs abutting inhibited GMCs is unknown. Similarly, whether the
inhibition of a GMC, which produces the identifiable anatomical cell type, carries a
physiological implications or not is unknown. Such investigation was not included in

this project.

1.5 The cuticle

Over the external side of all the epidermal cells (and extending to the anticlinal walls
of the guard cells) is the cuticle. This is a water-impermeable waxy layer covering the
epidermis. It accounts for less than five percent of gas exchange by the plant,
depending on the degree of hydration of the underlying epidermal cells; having
higher conductance when well-hydrated epidermal cells cause it to stretch than when
unstretched, as in dehydrated leaves (Boyer et al., 1997).

The cuticle is secreted from the external, thicker wall of each cell type of the
epidermis. In maize, expression of glossy 1 (GL1), so named because its mutants
confer a glossy appearance on an otherwise glaucous juvenile leaf, leads to the
synthesis of cuticular wax (Sturaro et al., 2005). It encodes for a desaturase/
hydroxylase enzyme needed for the synthesis of wax and cutin. Knowledge is by no
means complete regarding the timing or biosynthesis of the cuticle in maize.
However, a group of 18 possible glossy gene mutations, which show defective
expression of different members of the fatty acid elongase (FAE) enzyme-complex in
A. thaliana, enzyme B-ketoacyl-CoA synthase (KCS) and, in maize, the B-keto acyl
reductase (KCR) enzyme, has been identified. In one mutant, the fiddlehead (FDH)
mutant, fusion of all leaves and floral organs was observed while epidermal cells
remained normal. In A. thaliana, 21 genes expressing the KCS protein have been
identified but knowledge is still sparse on its (A. thaliana) cutin and wax biosynthesis
(Javelle et al., 2011). The presence of cuticle limits transpirational water loss from

leaves such that transpiration is mainly through the controlled stomatal pores.
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1.6 Guard cells

Higher plants, in their evolution, have developed stomata as a structure that modulates
the carbon gain and water economy to the advantage of the plant, under any prevailing
environmental condition. These stomata are openings on the epidermis, created by
the expansion of two opposing specialized cells, the guard cells. They (guard cells)
connect the plant’s internal and external environments. Guard cells account for
approximately 1% of the leaf volume in higher plants (Outlaw Jr, 1987). The immediate
surrounding epidermal cells together with the guard cell pair form a functional unit
known as the stomatal complex. Guard cells are a pair of specialized kidney- or
dumbbell-shaped epidermal cells that form, surround and regulate stomatal apertures
through integrated signalling pathways activated by endogenous hormonal and
environmental stimuli. These signalling pathways may be mediated by
kinases/phosphatases, secondary messengers, and/or ion channels.
The guard cells, unlike other epidermal cells, contain chloroplasts which participate
in stomatal control. Controversies abound on the existence and function of guard cell
chloroplasts with respect to stomatal function (Lawson, 2009). Some recent evidence
from chlorophyll-a fluorescence analysis seems to support the presence of
chloroplasts and their participation in stomatal control (Nejad et al., 2006). However,
the weight of evidence seems to tilt toward the fact that guard cell stomatal control
responses require photosynthetically active mesophyll cells (Roelfsema et al., 2006).
Also contentious is the nature of guard cell vacuole in the closed stomata
condition. There is evidence that guard cells contain multiple small vacuoles in
closed stomata. However, the vacuoles enlarge and coalesce to form fewer or a
single large central vacuole during guard cell enlargement (Faraday, 1982). Three-
dimensional electron microscopy in Commelina ((Weyers and Meidner, 1990; quoted
in Willmer and Fricker, 1996) and in Vicia faba (Tanaka et al., 2007) show that guard
cell vacuoles in closed stomata conditions constitute a single convoluted organelle.
The tonoplast surface area was 25% greater than that of the plasma membrane. The
vacuoles appear as multiple small vacuoles following rapid closure of stomata, but
gradually coalesce with time to form a single vacuole under closed stomata
condition. Tanaka et al. (2007) observed that the perceived discrete small vacuoles

of rapidly-closed stomatal guard cells are interconnected, and the coalesced vacuole
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constituted at least 57% of the guard cell volume. Such studies have not been done
in Tradescantia, but it is likely to imitate the observations in Commelina. If this were
the case, the sampled sap in this study would be considerably vacuolar. Another
unique property of the guard cell is its thicker cell wall especially in the anterior,

posterior and ventral walls (see section 1.11.2).

1.7  The stomatal complex and stomata

Plant stomata were discovered by Malpighi in 1675. Fossil records, though, show
that stomata appeared on leafless stems from Silurian rocks, more than 410 million
years ago; about 50-60 million years before land plants (Edwards et al., 1998).
These may, however, be comparable to lenticels on roots or tubers, stems, flowers
and fruits of land plants (Adams, 1975; Hew et al., 1980; Lefebvre, 1985; Blanke and
Lenz, 1989).

Stomata are pores surrounded and regulated by a pair of (specialized) guard
cells, within the epidermis of leaves of land plants and the aerial side of leaves of
aquatic plants. Stomata are also found in roots (Christodoulakis et al., 2002), where
they function to increase gaseous exchange and transfer of nutrient and water to the
growing primary roots. They also appear in stems and petioles, where they serve as
nectar secretory ducts (Horner et al., 2003). In hornworts, the stomata are
permanently open, and have an undetermined function, which is unlikely to be
gaseous exchange (Pressel et al., 2014).

Some plants are astomatous. These are mainly aquatic plants and the
bryophytes e.g. Isoetes andicola (Gonzalez and Markham, 1994). Most astomatous
land plants (the bryophytes and lichens) do not grow above 50 cm in height
(Woodward, 1998). A few tall plants, for example Stylites andicola, a primitive CAM
land plant, are devoid of stomata in the aerial parts. They absorb CO2 mainly through
the roots (Keeley et al., 1984). This plant is, however, mostly found near glaciers,
about four kilometres above sea level. Stomata are also not found in chlorophyll-free
plants (e.g. Monotropa and Neottia) (Willmer and Fricker, 1996) and fully submerged

aquatic plants.
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Each plant species possess one of two types of stomata, dumbbell or kidney
shaped, with reference to the shape of the surrounding guard cells (Willmer and
Fricker, 1996). Mostly one or more (for example in Commelinacae) specialized cells,
may surround the guard cells on every side. These are known as the subsidiary
cells. In both eudicots and monocots, contiguous stomata do not exist (Tanaka et al.,
2013).

Grasses possess dumbbell-shaped guard cells assisted by subsidiary cells
and stomata are present on both (abaxial and adaxial) sides of the leaf (Willmer and
Fricker, 1996). In eudicots and some monocots, guard cells are kidney shaped and
subsidiary cells are often absent (Campbell, 1881; Taiz et al., 2015). T. virginiana
combines the kidney shaped guard cells with features of grasses in possessing
subsidiary cells. In most tree species stomata appear only on the abaxial (usually,
lower) side (Willmer and Fricker, 1996). Non-tree species (except aquatic plants)
have stomata on both sides of their leaves. In all species that have stomata on both
sides of the leaf, more (stomata) are found in the abaxial than in the adaxial surface.

Plant stomata may open or close in response to abiotic and biotic stimuli such
as light, CO2 concentration changes, fungal and bacteria toxins among others (see
section 1.11). In crassulacean acid metabolism (CAM) plants, stomata open at night
but remain closed during the day (Luttge, 2002). A rapid stomatal closure
mechanism is required in response to environmental stresses such as pathogens
and pathogen-associated molecular patterns (PAMPS) attacks. These include
bacteria, fungi and their products, such as the flagellin peptide, lipopolysaccharides
and yeast elicitor (YEL) (Melotto et al., 2006). Rising CO:2 levels has engendered a
fall in stomatal density in some plants (Woodward, 1987), but an increase in others
(Beerling et al., 1992). Stomatal density is unchanged by variation in CO2
concentration in some plants such as conifer needles, corn and soybean (Thomas
and Harvey, 1983; Apple et al., 2000). Despite the effect of the environment on
stomatal frequency of some plants (Woodward, 1987) stomatal morphology has
remained the same in all plants over the millennia (Edwards et al., 1998). The
anatomical position of stomata aids plants in managing the scarce (water) resources.
The inner surface of adaxial epidermis (Fig. 1.2) for example, shows that the
architectural design of the stomatal complex allows all cells of the complex to hang
freely over the substomatal chamber such that mesophyll cells are in contact with

only pavement (and juxta apical) cells.
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Thus, no functional plasmodesmatal connection can exist between these
(stomatal complex) cells and the mesophyll cells and none has been found between
these stomatal complex cells and the pavement cells (Erwee et al., 1985; Palevitz
and Hepler, 1985.

Sub-stomatal
cavity

Juxta apical cell

Pavement cells

Figure 1.2 Inner surface of abaxial epidermis of typical monocot leaf (e.g. Tradescantia) at
the sub-stomatal space.

Spongy mesophyll cells abut pavement cells but not stomatal complex cells (apical cell
(A/SS), lateral subsidiary cells (lat. SS) as well as the adjoining guard cells (G/S). Spongy
mesophyll cells at the front are to show the sub-stomatal space.
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1.8 The stomatal complex of Commelinaceae

The stomatal complex is made up of the guard cell pair surrounded by a group of
specialized cells known as the subsidiary cells (see chapter 3). In Commelina
communis, which has two pairs of subsidiary cells on the sides and one pair at the
apices, the outermost pair in the complex is the outer lateral subsidiary cells, which
surround most of the circumference of the other cells in the complex (Penny et al.,
1976; Penny and Bowling, 1974). The terminal or apical subsidiary cells surround the
two longitudinal extremes of the remaining cells of the complex. An inner subsidiary
cell that covers the entire lateral aspect of guard cells is found between the other
outer subsidiary and the guard cell. The frequency of occurrence of the complex per
unit area on a leaf is known as the stomatal frequency or density, and is an
adaptable characteristic of species (Willmer and Fricker, 1996).

In T. virginiana, the outer subsidiary is absent and only a single lateral and
apical subsidiary cells are found (see plates 3.1 and 4.1). The guard cell complexes
are surrounded by pavement cells which appear different (in surface shape) from the
subsidiary cells. In addition, at least 70% of the apical subsidiary cells of adjacent
stomatal complexes are separated by an, hitherto, unidentified cell type
morphologically indistinguishable from other pavement cells (Croxdale et al., 1992).
The physiological solute concentrations and patterns of changes of this cell type

(understood from our present study) seems to set them functionally apart.

1.9 Mechanism for stomatal opening and theories of stomatal
movement

Outstanding studies into the structure and function of the stomata have led to theories
that inform the present knowledge on plant water relations and photosynthetic gains.
During early stomatal research, von Mohl (1856) showed that stomatal opening and
closing were as a result of increases and decreases, respectively, in guard cell
intracellular osmotic pressure. Stalfelt (1929) subsequently demonstrated that stomata
open in phases ((Stalfelt, 1929) quoted in Edwards et al. (1976)).
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Two phases were identified, namely the sphannungsphase and the
motorphase. During the sphannungsphase, guard cell intracellular osmotic pressure
builds up, the cells change in shape and become more concave at the ventral wall.
The walls also stretch and become more elastic, such that with any further increase in
pressure (in the motorphase) the guard cells expand to open the stomata (Meidner
and Edwards, 1975). The stomatal aperture continues to increase in the motorphase
until maximum aperture. Concurrently, the pressure in the subsidiary cells reciprocally
(albeit, not to the same degree) decrease (Meidner and Edwards, 1975; Laisk et al.,
1980).

Two major theories for the mechanism of stomatal movement (opening and

closing) were considered: namely the photosynthesis and the active transport theories.

1.9.1 Photosynthesis theory

Sayre (1926) proposed the photosynthesis theory which postulated that the presence
of light led to CO2reduction due to photosynthesis. This reduction would lead to a rise
in pH which favours the breakdown of starch to sucrose. The sucrose increases the
cell osmotic pressure. The resultant decrease in water potential creates a negative
water potential gradient between the cell and its surroundings, with consequent
movement of water into the cell (osmosis). This was based on the observation that all
major stomatal movements were accompanied by pH changes and a reversible
transformation of the carbohydrate in the guard cell. This theory was contributed to
and modified by many researchers and it was generally accepted that CO:
accumulation in the dark caused stomatal closure by the reverse mechanism. The
theory was based on the finding of the enzyme pyrophosphatase in plants (potato),
which could reversibly convert starch to glucose-1-phosphate (Hanes, 1940).
Researchers, in the likes of O. V Heath, W.T Williams, G. W. Scarth and N. N.
Kisselew found faults in the theory due to its inadequacies in explaining the rapidity of
stomatal action. For example, Scarth (1932) showed that the carbohydrate changes
and the stomatal aperture changes were not exactly correlated. Williams (1954)
proposed that both the opening and closing movements involved movement of water
by contractile vacuoles, as is common in unicellular algae and protozoa. He posed

that the carbohydrate changes were only secondary effects, not linked to the primary
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process. His theory claimed that the closing, not the opening, movement was the
active, energy-requiring and important movement. It supposed that the opening was
only a return to the resting state.

Other theories were also proposed. One such theory was the permeability
theory, based on the fact that stomata in the vicinity of a wound on the epidermis,
close, unaccompanied by changes in starch content of the guard cells, ((Kisselew,
1925) quoted in Williams (1954)). It supposed that solute escape from the cells was
due to increased permeability, and accounted for the stomatal movements. Attempts
by contemporaries to reproduce the results yielded inconclusive and often conflicting
results. Following this, the amphoteric colloid hypothesis was then proposed by Scarth
in 1929 ((Scarth, 1930) quoted in Scarth (1932)). It stated that guard cell pH increased
in the presence of light and led to imbibition change in amphoteric colloidal materials
in the cell sap and increase in guard cell size. The reverse was held to be occurring in
the absence of light to lead to stomatal closure. This was also not supported by results
from other laboratories at the time (Alvim, 1949). In addition, stomata of some plants
such as Allium spp. that do not form starch (Shaw, 1954), were also shown to function
efficiently and stomatal movements were noticed in plants before any starch to sugar
conversions could occur ((Yamashita, 1952 quoted in Fujino (1967)).

In 1959, Fujino confirmed an observation by Imamura (1943) that a good
correlation exists between K* content of guard cells and stomatal movements (Fujino,
1959 quoted in Fujino (1967)). This observation was corroborated by Fischer (1968)
as well as Fischer and Hsiao (1968) and lead to rejection of the photosynthesis theory

and emergence of an active transport theory (Fischer and Hsiao, 1968).

1.9.2 Active transport theory

A major reinforcement to this hypothesis was the observation that known inhibitors of
active K* transport such as azide and dinitrophenol prevented guard cell movements
(Fujino, 1967). However, both in single (detached) (MacRrobbie and Lettau, 1980a)
and intact (MacRrobbie and Lettau, 1980b) guard cell preparations, changes in K*
alone was inadequate to account for the changes in stomatal aperture; thus,

suggesting the involvement of other factors. The work of Raschke and Humble (1973)
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using Vicia faba showed that the proton pump is actively involved in stomatal
movements.

A chemiosmotic hypothesis was then put forward by Zeiger (1983) and
explained the generation of electrochemical gradient across cells by the activities of a
proton pump (Zeiger, 1983). One of the major hypotheses that explained the
chemiosmotic effect was the proton transport concept of photoactive stomatal opening
(Levitt, 1974). This was based on the observation that illumination of green plants
caused alkalinization of the chloroplast stroma and acidification of its thylakoid spaces
thus confirming a light dependent proton transport across the thylakoid membrane
(Heldt et al., 1973).

These findings explained the passive diffusion of K* and its chemical coupling
to proton pump in the form of active transport across membranes. Plasma and
vacuolar membrane-bound NHX (Sodium/Hydrogen exchanger) proteins, which serve
as H*/K* or H*/Na* antiporters, were subsequently identified (Blumwald and Poole,
1985). This chemiosmotic hypothesis, has been incorporated into the active transport
theory, and is now established in the generally accepted models of stomatal

movements (e.g. Xue et al., 2011).

1.10 Guard cell responses to stimuli

Since their appearance (Kenrick and Crane (1997), Willis and McElwain (2014)),
plant guard cell has remained more or less unchanged (Franks and Beerling, 2009).
Nevertheless, as the earth’s atmospheric CO2 concentration changed with time, their
photosynthetic capacity has been increased through co-ordinated changes in their
size and density of distribution (Franks and Beerling, 2009). These changes, coupled
with acquisition of vascular tissues and cuticular cover as plants moved from aquatic
to a terrestrial environment, improved their control of gas exchange and water use
efficiency (Raven, 1977; Willmer and Fricker, 1996).

The role of the guard cells in optimizing the trade-off between gas exchange
and water loss in plants under continuously changing endogenous, hormonal and
environmental conditions requires the processing of multiple stimuli. All these stimuli

are interpreted as signals and converted into turgor pressure responses. The guard

19



cell’s turgor is regulated by numerous internal and external cues (Hetherington and
Woodward, 2003). One of the factors enhancing this function in guard cells is their
location on the leaf surface, being in contact above (outer lateral wall) with the
atmosphere and below (inner lateral wall) with the intercellular air spaces (through
the sub-stomatal air space) of the leaf (fig. 1.2). Ventrally (opposite stomatal
opening), the guard cell contacts with the collapsible stomatal aperture. Its
anatomical contact with other cells of the epidermis (subsidiary cells in T. virginiana)
is essentially only through its dorsal wall. It senses and responds to internal and
external cues, resulting in stomatal aperture changes.

Stomata open in response to external and internal stimuli, including light,
temperature, humidity, CO2, ABA, jasmonic acid, auxins, ethylene and salicylic acid
(Zeiger, 1983). Guard cell plasma membrane and the tonoplast have been shown to
possess two classes of K* channels each (Schroeder et al., 1987; Keller et al., 1989;
Fairley-Grenot and Assmann, 1993). The plasma membrane channels are the rapid
depolarizing (R-type) and the slow depolarizing (S-type) channels (Canny, 1990)
while the channels at the tonoplast are the (fast) vacuolar K* (VK) channel and the
slow vacuolar (SV) channel (Ward and Schroeder, 1994). These channels may be
specifically responsive to membrane potential changes, ligand binding, light,
phytohormone levels or modifications, such as phosphorylation. Guard cell
membrane (plasmalemma or tonoplast) also contains several other channels, each
activated by membrane potential, pH, reactive oxygen species (ROS), K*, NO or
Ca?* concentration, among other effectors.

Changes in levels of these species activate the species-specific channel(s) to
mediate a species or species-level-dependent signal transduction. ABA induces
changes in these ion channels to cause efflux of both K* and anions at both
(plasmalemma and tonoplast) membranes. Details of the signalling chain, including
intermediates, by which these channels are linked to ABA are, however, still very
sparse (Zhang et al., 2014; Wang et al., 2016). Nonetheless, it is thought that ABA,
for instance, induces increase in cytosolic Ca?* which causes membrane
depolarizing and thus leads to the opening of these channels (Schroeder and
Hagiwarat, 1990). Nitrous oxide- (NO) and CO2-induced guard cell responses are
similar to that of ABA in causing elevated free cytosolic Ca?* (Schroeder and
Hagiwarat, 1990). However, the mechanisms are not exactly the same; in that while

NO acts through a cyclic guanosine monophosphate (cGMP)-dependent pathway,
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ABA raises cytosolic pH and thus inactivates inward-rectifying K* channels while
activating outward-rectifying K* and (anion) membrane channels (Karley et al.,
2000).

The vacuolar K* pool is much larger than the cytosolic pool and generates the
cell turgor (Linder and Raschke, 1992). The vacuole is thus the major control site of
guard cell size. Bowling and Edwards (1984) showed that while vacuolar pH
significantly changed with changes in stomatal aperture, cytoplasmic pH remained
constant (Bowling and Edwards, 1984). Changes in cytosolic Ca?* level appears to
be the common step in control of stomatal movement (Kim et al., 2010).

1.10.1 Guard cell response to light

Guard cells perceive light through a dual mechanism involving the guard cell
chloroplast and a blue light photosystem. They respond to light intensity (Mansfield
and Meidner, 1966), and quality (Hsiao et al., 1973; Sharkey and Raschke, 1981).
The light intensity stimulating this response may be different on the abaxial and
adaxial sides (Sharkey and Ogawa, 1987) due to differences in pigment content (Lu
et al., 1993). The action spectrum for stomatal movements is similar to that for
photosynthesis, though stomata may respond to intensities below the photosynthetic
compensation point. This is due to increased sensitivity of guard cells to blue over
red light (Kuiper, 1964; Mansfield and Meidner, 1966).

Excitement of the blue light photosystem leads to H* extrusion by activating
the H*-ATPase pump. This creates the enabling electrochemical gradient for passive
K* influx (Assmann et al., 1985; Shimazaki et al., 1986). The C-terminal of the H*-
ATPase contains a serine and threonine-rich domain as well as an auto-inhibitory
domain that inhibits the serine and threonine domain. Phosphorylation of the serine
and threonine domain activates the H*-ATPase (Kinoshita and Shimazaki, 1999). An
ubiquitous enzyme modulating protein, 14-3-3 protein, is a competitive inhibitor of
the auto-inhibitory domain (Taiz et al., 2015). For example, the wilting action of the
fungal toxin, fusicoccin, begins with increase in the affinity of 14-3-3 protein for the
binding site on the auto-inhibitory domain (Gepstein et al., 1982). The bound 14-3-3
protein prevents the inhibition of the phosphorylation of the serine and threonine-rich

domain and so keeps the H*-ATPase irreversibly active (Johansson et al., 1993).
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Blue light (with an action spectrum maximum between 430 and 460 nm) is
about ten times more effective in activating H*-ATPase pump than red light (with an
action spectrum maximum between 630 and 680 nm) (Sharkey and Raschke, 1981).
The blue light receptor in the guard cell is zeaxanthin, and the action of blue light on
the stomata is directly proportional to the zeaxanthin content of the guard cells within
the 24 hours cycle (Frechilla et al., 1999; Zeiger et al., 2002).

Zeaxanthin is also present in mesophyll chloroplasts but at concentrations
that are three to four time less than guard cell levels (Zeiger et al., 2002). Guard cells
respond quickly to blue light which has its maximum action spectrum at 450 nm.
Zeaxanthin has an absorption spectrum that is similar to the action spectrum of blue
light stimulated stomatal opening.

The blue light effect is reversed by green light. This was shown to occur
because zeaxanthin exist in two interconvertible isomers, separately absorbing in
blue and green light. The green light-absorbing isomer exists more commonly
(Frechilla et al., 2000). Green light isomerizes zeaxanthin from the all-trans to a 13-
cis-isomer. This isomerization changes the orientation of the zeaxanthin on the
thylakoid membrane from the active vertical to an inactive horizontal position
(Milanowska and Gruszecki, 2005). This green light action was exploited during the
current work for sampling cells under closed stomata conditions such that visibility
could be maintained while stomata remain closed.

Roelfsema et al. (2001) observed that blue, but not red, light caused both an
increase in pump current in plasma membrane proton pump and a decrease in the
inward rectifying K* channel conductance in Vicia faba. They, however, also
observed that while blue light cause hyperpolarization temporarily, white light
induced a steady hyperpolarization (Roelfsema et al., 2001). The reason for this
difference is not known. This blue light effect on stomata may also occur in the
absence of chlorophyll. This was shown by Assmann (1988) who demontrated that
low CO2 and low humidity enhanced blue light stomatal response in Paphiopedilum
harrisianum plant which has no chlorophyll in the epidermis or guard cells (Nelson
and Mayo, 1975; Assmann, 1988).

Red light also causes stomatal opening. Its stimulation of the guard cells is
chloroplast-dependent. The chloroplast modulates the red light activation of the H*
pump (Serrano and Zeiger, 1988). An htl protein kinase is involved in red, but not
blue light responses in guard cell (Matrosova et al., 2015).
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Thus, light affects the osmotics of the guard cells by stimulation of organic
acid (malate) synthesis and activation of the proton pump and thus, solute uptake by
the guard cells. Photoactive stomatal responses were used in this current research
for normal growth and experimental stomatal manipulations. Due to the particular
sensitivity of the system to light quality and quantity, white light of controlled intensity
and diurnal variation was used for growth of the plants, and similar intensity of white

light was applied for all open stomata experiments (sections 2.1 and 2.5).

1.10.2 Guard cell response to humidity

It has been known since 1898 that plants respond to changes in atmospheric
humidity (Darwin, 1898). They respond to reduced humidity (drier air) by closing the
stomata (Lange et al., 1971). This response helps plants to conserve water in dry
environments. The immediate response on exposure to reduced relative humidity,
however, is to initially open and then close the stomata (Darwin, 1898). This initial
opening has been suggested to be as a result of initial reduction in the water
potential of the epidermal cells (akin to Iwanoff effect — see chapter 5). All land plants
(mosses and higher plants) are sensitive to this humidity stimulus (Chater et al.,
2011), though some (e.g. C4 plants) are less so (Taiz et al., 2015). For example, cell
size is affected by the relative humidity prevailing during the critical period of leaf
development (Fanourakis et al., 2011). Stomata in plants grown under high relative
humidity have bigger stomatal complex cells than those grown under mild to
moderate relative humidity (Fanourakis et al., 2011), and smaller stomata respond
faster to environmental cues (Drake et al., 2013).

Guard cell sensing of relative humidity is not yet fully understood. The major
suggestions by researchers have been that humidity sensing by guard cells is
entirely cuticular (peri-stomatal transpiration) (Lange et al., 1971; Schonherr, 1982)
or that the inner surface of the guard cells is the site for humidity sensing (Meidner,
1975) or both (Sheriff, 1977).

Water vapour from the stomata has to diffuse through a boundary layer (layer
of unstirred air) immediately above the stoma to reach the turbulent atmospheric air
and vice versa. The effect of the boundary layer, especially in species with

anatomical advantages that allow for a significant boundary layer such as those with
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sunken stomata, is to shield the stomata from responding directly to changes in
ambient air humidity (Bunce, 1985).

Response to humidity contributes in sensitizing the plant to respond to other
environmental cues (Talbott et al., 2003). For example, in Vicia faba, short—term
responses to CO2 have been shown to be dependent on stomatal sensitivity to
humidity changes (Talbott et al., 2003), and the effect of humidity on stomatal
development in Phaseolus vulgaris has also been demonstrated (PospisSilov, 1996).
This work on Phaseolus vulgaris and also in T. virginiana (Nejad and van Meeteren,
2005; Nejad and van Meeteren, 2008), showed that the stomatal apparatus in the
young plants or seedlings fail to develop under high humidity. This fact is key in the
planning of stomatal-response experiments (Meidner and Mansfield, 1968), and care
was taken in this research to grow all plants under similar moderate humidity
conditions (see section 2.1).

Responses to other factors, on the other hand, also modulate plants’
sensitivity to humidity (Waadt et al., 2014). Fluorescence resonance energy transfer
(FRET)-based studies show that abscisic acid (ABA) concentration increases in
response to decreased humidity (Waadt et al., 2014). Bunce, (1997) had suggested
that ABA signals are involved in stomatal response to relative humidity (Bunce,
1997). Following this suggestion, Xie et al. (2006) showed that components of the
ABA signalling network are involved in the signalling events in the response to
humidity. They identified the OST1 and ABA2 genes, involved in ABA signalling, as
genes encoding for stomatal response to humidity. Bauer et al. (2013a)
subsequently demonstrated that guard cells have the capacity to synthesize their
own ABA and that this autonomously synthesized ABA (initiated in guard cell
chloroplasts) is involved in stomatal response to humidity changes. The findings
corroborated an earlier work done on Vicia faba and Pisium sativum, which showed
the formation of ABA in isolated protoplasts (Cornish and Zeevaart, 1986). This
appears to explain the response of isolated guard cells and guard cells on epidermal
strips to humidity. This finding does not, however, appear to have been reproduced
by other workers. McAdam and Brodribb (2015), though accepting that the
mechanism of response to humidity by angiosperms is driven by ABA, concluded
that the ABA found in these species during the response did not originate from the
epidermis (McAdam and Brodribb, 2015). This position held, against the background

that ABA from the roots accumulate in the apoplast of the guard cells, due to the
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evaporation which drives the transpiration stream, enabling higher concentration and
thus increased sensitivity under situations of higher transpiration rate (Zhang and
Outlaw, 2001). It appears, however, that the observation of Bauer et al. (2013a) was
correct because in a work, co-authored by McAdam three years later (McAdam and
Sussmilch, 2016), it was concluded from studies on the level of expression of 9-cis-
epoxycarotenoid dioxygenase (NCED) synthesis gene, that the ABA involved in
humidity responses in angiosperms was rapidly synthesized de novo in the guard
cells. The activity of this enzyme (product of the NCED gene) is the rate-limiting step
in ABA synthesis. An ABA efflux transporter has also been found, located in vascular
tissues and guard cell plasma membrane (Zhang et al., 2014). Guard cell cytosolic
ABA concentration has also been found to increase following reduced humidity
(Waadt et al., 2014). Thus, response of guard cells to humidity is mediated by the
(water) stress hormone ABA.

The possible manifestations of this stress hormone are undesirable in studies
such as the one being described in this thesis. Thus, all possible causes of water
stress were avoided as much as possible (see section 2.1).

1.10.3 Guard cell response to abscisic acid (ABA)

Abscisic acid has been particularly prominent as a phytohormone responsible for
drought and water stress responses in plants, even though other phytohormones
such as ethylene, brassinosteroids, jasmonic acid and cytokinins, as well as NO,
have also been identified. The hormone abscisic acid (ABA) was first discovered as
Inhibitor B, an inhibitor of coleoptile/stem elongation, seed germination and bud
growth (Soding (1952) quoted in Dorffling, (2015)). It was also known to inhibit the
action of auxin (indole acetic acid) (Went (1928) quoted in Dorffling (2015)). Itis
involved in management of water stress and developmental processes in plants. It
was subsequently, found to be a stress hormone, following the demonstration, in
1969, by Wright, that ABA levels increased 40-fold in leaves wilted in the dark
(Wright, 1969). This led Wright and Hiron, in 1969, to conclude after observing that
the level of this hormone also increased in excised wheat leaf wilted in the absence
of light, that ABA is involved in some of the physiological responses to water stress

in plant (Wright and Hiron, 1969). Such responses include stomatal closure. This
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conclusion guided Mittelheuser and Van Steveninck, in 1969, to suggest that ABA
inhibits transpiration by inducing stomatal closure (Mittelheuser and Van Steveninck,
1969). Application of ABA was used to return a wilty tomato mutant to a normal
water status and thus confirmed ABA as the hormone controlling plant water status
(Tal and Imber, 1971). Pulvinar movements (in Phaseoulus vulgaris) have also been
shown to be ABA mediated (Lino et al., 2001). Brodribb and McAdam (2011),
however, showed with lycophytes and ferns that the function of early-diverging
vascular plants is independent of epidermal cell turgor and hence of ABA (Brodribb
and McAdam, 2011).

The source of the hormone was found initially to be the root tips, from where it
is transported to the leaves (Zhang and Davies, 1987), but it has now been
conclusively determined that leaf cytosolic ABA is from three sources. In guard cells
the sources include de novo synthesis (McAdam and Sussmilch, 2016) from
xanthoxin, release from inactive conjugated ABA form through cleavage (hydrolysis)
of ABA-glucose ester by B-glucosidase (Cornish and Zeevaart, 1986; Schroeder and
Nambara, 2006; Bauer et al., 2013b) (also see reviews by (Nambara and Marion-
Poll, 2005; Finkelstein, 2013) and influx from extracellular sources (Kang et al.,
2010; Zhang et al., 2014). Long standing ABA levels during plant developmentin T.
virginiana may cause permanent physiological changes in the plant. For example, T.
virginiana plants grown under low ABA concentration under high humidity and in a
well-watered environment, fail to close stomata fully when challenged with
droughting conditions under high humidity (Nejad and van Meeteren, 2007).

Abscisic acid-mediated responses exemplify the conclusions of Trewavas and
Malho (1998) and Jenkins (1998) that the final response of a plant cell to any
stimulus is the result of complex interactions or cross-talks between different
pathways (Jenkins, 1998; Trewavas and Malho, 1998). In initiating stomatal closure
and inhibiting opening, the mechanism of action of ABA involves both a Ca?*-
dependent and a Ca?*- independent pathway. ABA activates the non-selective cation
(Ca?*) channels in the plasmalemma to create not only repetitive increases in
cytosolic Ca?* (Ca?* transients) but also a decrease in cytosolic K* concentration
(Schroeder and Hagiwarat, 1990). The Ca?* transients then modulate the cellular
responses that lead to stomatal closure. Presence of ABA also causes an increase
in cytosolic Ca?* concentrations and primes (enhances) Ca?* ability to activate both

the S-type as well as the R—type anion channels. It also inhibits the inward K*
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rectifying channels (Schroeder and Keller, 1992; Siegel et al., 2009). A slow anion
channel associated 1 (SLAC 1) gene encodes for this anion-conducting unit of the
(S-type) anion channel (Negi et al., 2008; Vahisalu et al., 2008).

Two protein kinase genes, open stomata 1 (OST1) (Mustilli et al., 2002) and
Serine-Threonine kinase (SRK2E) (Yoshida et al., 2002), are critically required for
ABA actions. These two genes code for a SNF 1 RELATED KINASE 2s (SnRK2s)
protein. The OST1/SRK2E contains two domains (I and Il) at the C- terminal. Only
domain Il, but not domain I, is involved in ABA responses (Yoshida et al., 2005).
ABA and osmotic stress activates the ostl/srk2e /SnRK2s by allowing auto-
phosphorylation at the C-terminal domain Il (Yoshida et al., 2005). Activation of
SnRK2s then leads to a non-specific activation of the S-type anion channel by
cytosolic Ca?* and also the activation of the R-type anion channel. Increased
cytosolic Ca?* also inhibits the inward rectifying K* channel and increases the
permeability of the anion channels (Schroeder and Hagiwara, 1989; Blatt, 1990). It
also activates a Two pore K* channel 1 (TPK1) gene which in turn, activates the
guard cell vacuolar K* channel for vacuolar release of K* (Ward and Schroeder,
1994; Gobert et al., 2007). These channels when activated, lead to plasma
membrane depolarization and drive K* efflux through the voltage-dependent K*
channels encoded by GORK. The Guard cell outward rectifying potassium (GORK)
channel gene is a member of the Shaker superfamily of genes and encodes for a
membrane bound voltage- and potassium concentration-dependent outward
potassium channel (Ache et al., 2000; Hosy et al., 2003).

Three related genes, PYRABACTIN RESISTANCE 1 (PYR), PRY-LIKE (PRL)
and REGULATORY COMPONENTS OF ABA RECEPTOR1 (RCAR1) genes which
are members of the (START) family of genes have been demonstrated to encode
the nuclear and cytosolic receptors of ABA known as the pyra/prl and RCAR proteins
(Ma et al., 2009; Park et al., 2009). ABA in the cytosol binds to the pyr/RCAR1
receptors. The binding allows ABA to bind to and inactivate AB1 and AB2 proteins
(Levchenko et al., 2005). AB1 and AB2 proteins are part of the protein phosphatase
type 2c (PP2c) family of proteins which normally dephosphorylate SnRK2s and
SLACL1 in the absence of ABA to prevent the non-specific cytosolic Ca?*
concentration-dependent activation of the S-type anion channels (Brandt et al.,
2015). This inactivation releases the inhibitory effects of the PP2c on SnRK2s and
SLACI1 leading to non-specific cytosolic Ca?* concentration-dependent activation of
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the S-type anion channels, activation of the R-type anion channel, increase in the
permeability of the anion channels, plasma membrane depolarization, inhibition of
inward rectifying K* channel, K* efflux through the voltage-dependent K* channels
(vacuolar and plasma membranes) and consequently, loss of turgor which produces
stomatal closure and prevents opening. Reactive oxygen species (ROS) may also
contribute in triggering this type of stomatal closure (Wang et al., 2016). Thylakoid
formation 1 (THF1) gene forms a complex with High Chlorophyll Fluorescence 106
(HCF106) gene. The complex is basically involved in modulating chloroplast
functions but also causes elevated reactive oxygen species (ROS) and increased

stomatal closure to reduce water loss under water stress (Wang et al., 2016).

1.10.4 Guard cell response to temperature

Guard cell response to temperature changes is dependent both on the effect of
temperature on saturated vapour pressure in the sub-stomatal space and on its
direct effect on the chemiosmotic control of stomata. Increasing temperature
increases the photosynthetic rate which leads to reduced CO2 concentration and
consequent stomatal opening. Every 10°C rise in temp leads to 2 to 4 fold increase
in rate of chemical reactions (Taiz et al., 2015). A temperature increase of about
10°C in the bathing medium significantly decreased the activities of outward
rectifying K* channels and also increased the activity of the inward rectifying K*
channels in Vicia faba protoplasts (Rogers et al., 1979; llan et al., 1995). Thus
increasing temperature favours the activities of the inward rectifying channels which
lead to stomatal opening. At higher temperatures, the stomata become irresponsive
to changes in CO2 levels and remains widely open (Spence et al., 1984). On the
other hand, lowered temperature increases apoplastic Ca?* uptake which leads to
stomatal closure in chill sensitive species (Wilkinson et al., 2001). For its part,
saturated water vapour pressure increases exponentially with temperature increase.
Thus leaf temperature affects stomatal transpiration rate by changing the saturated
water vapour content of air in the substomatal space. This is sensed through the
ABA signalling system involved in humidity control (see section 1.9.2). In the

experiments described in this thesis, cold light sources were used during all
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samplings and stomatal aperture manipulations, and leaf temperature was monitored

as an extra measure (see section 2.3).

1.10.5 Stomatal response to CO2

Elevated internal or external CO:2 leads to stomatal closure. Responses to internal
CO:z2 levels are more efficient than to external levels (Fitzsimons and Weyers, 1986;
Mott, 1988). Guard cell sensitivity to CO2 is mediated by the slacl protein (Negi et
al., 2008). The long term effect of high CO:2 level in most plants is a decrease in
stomatal density (Royer, 2001). The decrease in stomatal density is effected through
an HIGH CARBON DIOXIDE (HIC) gene (Gray et al., 2000). Raschke (1975)
demonstrated in different plants, that CO2 and ABA responses are linked (Rashke,
1975). Recent research has shown that these two are mediated by a common
pathway involving the pyr/rcar receptors (Merilo et al., 2013) and the pp2c proteins
(Webb and Hetherington, 1997; Leymarie et al., 1998). Stomatal response to COo,
but not to light or ABA, is mediated by a protein kinase, HHGH TEMPERATURE 1
(HT1) protein (Hashimoto et al., 2006) and requires the generation of reactive
oxygen species (ROS) (Chater et al., 2015). Recently, a RESISTANT TO HIGH CO»
(RHC1) transporter protein which links increased CO:2 with the HT1 has been
discovered (Tian et al., 2015). Activation of the htl leads to phosphorylation of ostl
and consequent inactivation of slacl which then leads to stomatal closure
(Matrosova et al., 2015; Tian et al., 2015) (refer to section 1.9.3).

Intracellular bicarbonate concentrations have also been linked to guard cell
CO2 responses with the demonstration of varying levels of beta carbonic anhydrase
during stomatal response to CO2 (Hu et al., 2010). Increase in the bicarbonate
concentrations activates guard cell ostl and slacl proteins (Xue et al., 2011) (similar
to the ABA pathway). It has thus, recently been concluded that the guard cell CO2
response is ABA mediated (Chater et al., 2015). In T. virginiana, early researchers,
for example Saito et al. (1993), unable to see this link, had thought that the plant’'s
COzresponse was a dual effect from dissolution and ion (K*/CI') fluxes. Some plants
are, however, insensitive to changes in CO2 concentration especially under optimum

light intensity (Jarvis and Morison, 1981).
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1.11 Circadian rhythms in stomata

All functional stomata (not stomata in roots and floral organs) go through rhythmic
changes in aperture both in the presence of continuous light or continuous darkness
(Heath, 1975; Willmer and Fricker, 1996). A shift in the phase of opening in the dark
may occur if the plant is exposed to light at a time that is naturally dark but does not
occur if exposure to light occurs at normal light-time of a day (Martin and Meidner,
1972). This appears to be an evolutionary adaptation to changes in day lengths. T.
virginiana has an endogenous phase-shift in its circadian rhythm (Martin and
Meidner, 1971). This may have implications in studies requiring photoactive stomatal
opening at during naturally dark hours. Such sampling times were not needed and

were generally avoided in all studies described in this thesis.

112 Important water-relations properties of the epidermis

An understanding of the water and solute relations of leaf epidermis is fundamental
in discussing the osmotically-generated turgor pressure needed for stomatal
movements. Water and other solutes arriving from the xylem are destined for cells
that are at various distances from positions overlying the leaf vascular bundles.
These dissolved solutes traverse cell walls (apoplast) and various membranes (the
plasmalemma, possibly tonoplast(s) and membrane of other intracellular
compartments) to arrive at these different destination cells. Transport across
membranes is discussed in section 1.15. In this section attention shall be paid to
transport across the cell wall and plasmodesmata. Transport of water and solutes
across the cell wall (apoplast) is by both diffusion and bulk flow. The rate of these
processes for individual solutes may be affected by properties of the cell wall.

1.12.1 Cell wall properties of leaf epidermal cells

Plant cell wall is a network of polymers of (90% of dry weight) carbohydrates, (2 — 10
%) protein and (< 2%) lipids interconnected in various ways to give mechanical

support to the cell. The carbohydrates include mainly polysaccharides such as
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cellulose and pectin. The lipid and protein components are predominantly phenolic
esters and glycoproteins covalently bound to different minerals (1 — 5%). In vivo,
water makes up about 70% of cell wall volume (Monro et al., 1976; O’Neill and York,
2003).

Leaf cells are surrounded by primary cell walls (fig. 1.3). Lignification
(secondary cell wall formation) common in woody parts of the plant is absent in most
leaves. The cell wall surrounds the outer part of each cell and is joined to (that of)
the neighbouring cell by a middle lamella (part of the apoplast) which is composed of
various forms of pectin.

Pectin also forms a principal component of the cell wall (Bidhendi and
Geitmann, 2016) and its biochemical properties determine the mechanical strength
of the primary cell wall (Palin and Geitmann, 2012). Three main types of pectin,
rhamnogalacturonan | (RG-I) (7-36%), rhamnogalacturonan Il (RG-Il) (< 10%) and
homogalacturonan (HG) (c.a 60%) exist in cell walls (Mohnen, 2008; Caffalla and
Mohnen, 2009). Biochemical changes such as de-esterification, in any of these
(types of pectin) lead to changes in cell wall properties. For example, HG maintains
cell wall stiffness, but its de-esterification encourages its cross-linking with Ca?* and
consequent softening of the cell wall (Palin and Geitmann, 2012). This mechanism is
employed in SAM (section 1.4) to enable cell elongation during leaf formation
(Peaucelle et al., 2011). RG-I acts to covalently bind with both RG-Il and HG
(Vincken et al., 2003). It is thought that RG-1 is a major constituent of the cell wall of
guard cells, and its dominance reduces the proportion of HG. Decreased proportion
of HG enable the guard cell wall to be less stiff and allow for expansion (Jones et al.,
2003). This is thought to be due to the presence of highly flexible, space-filling
arabinan which constitutes a substantial proportion of the RG-I component of cell
wall of guard cells (Jones et al., 2003). Cell wall stiffness and tensile strength are
also affected by biochemical changes in RG-Il. Borate increases the cross-linking of
RG-II; leading to decreased wall pore size and increased tensile strength (Fleischer
et al., 1999; O’'Neill et al., 2001). The lower the proportion of pectin (HG) in a cell wall
the more rigid the wall becomes (Dick-Perez et al., 2012).This may be important for
the outer, inner and the ventral walls of guard cells. Generally, pectins determine the
stiffness, flexibility and thus, pore size of cell wall by controlling the mobility of the

cell wall matrix.
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The cell wall matrix is composed of the proteins, phenolic esters,
hemicelluloses as well as the pectins. The proteins include structural proteins and
enzymes. The most common structural protein in cell walls is extensin, a
glycoprotein (Ceoper et al., 1987; Mcqueen-Mason et al., 1992). Strands (rods) of
cellulose fibres run in several directions within the matrix. Cellulose is a polymer of
glucose, and groups together to form micelles and microfibrils. The microfibrils form
large groupings of the cellulose fibres that run in the hydrophilic matrix of the cell

wall.
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Figure 1.3 Cell wall of leaf epidermal cells
The cell wall is located between the middle lamella and the plasma membrane. It is composed of cellulose microfibrils arranged in several

directions in a matrix of pectin, hemicellulose, proteins and little amount of lipids (not shown). Molecules are transported (by diffusion and
bulk flow) through pores in the matrix. Small molecules and ions (K*, CI', etc.) may pass freely through the matrix in the cell wall and through

the middle lamella which is made up of pectin.
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Microfibrils contain defined hydrophilic and hydrophobic surfaces and are held
together by the pectin (Zhao et al., 2014b). Another protein, expansin, reversibly
loosens bonds at positions where two or more pectin chains are bonded together
(non-covalent bonds) (McQueen-Mason and Cosgrove, 1995; Cosgrove, 2000). This
action has been shown to be completed in time scale of minutes and occurs faster at
acidic pH (Cosgrove, 2000). This is also important for guard cell wall expansion
during turgor driven expansions occurring during stomatal opening (Wei et al., 2011).

The cell wall maintains direct contact with the plasma membrane through
Hechtian strands (Lang-Pauluzzi, 2000). Some proteins known as wall associated
kinases (WAKS) attach to the pectins, traverse the cell membrane and connect the
cell wall to the cytoplasm (He et al., 1996; Wagner and Kohorn, 2001). These form a
means of communications between the cell wall and the cytoplasm (Knox, 1997).
The signals are sensed and transmitted by conformational changes at the cytosolic
and cell wall terminal of these kinases (Knox, 1997). They do not, however, serve as
transport routes for any molecule.

Transport of solutes and water across cell walls occur through pores in the
wall matrix. In Commelina palisade cells, wall pore size is 4.5 — 5.2 nm (Carpita et
al., 1979), but generally pore sizes range between 5 and 30 nm (Yeo and Flowers,
2007). Thus, only solutes with sizes of less than 5 nm may move freely across the
cell wall. The pore sizes may be varied by biochemical changes that affect the pectin
or structural protein contents (commonly extensins) of the wall matrix. In this way the
cell wall may restrict or allow the movement of molecules with sizes larger than the
wall pore sizes.

The size rather than charge of a molecule is the major determinant of its
transport properties within a cell wall. This is because the pore spaces are
essentially neutral, since the (usually) fixed negative charges in the walls are

counter-balanced by cell-wall-bound Ca?*.

1.12.2 Cell wall properties of guard cells

Unlike in other leaf cells, the morphology of the cell wall of guard cells (and pulvini
cells) is non-uniform around the cell. Guard cell walls must stretch and recoil within

relatively short time frames of few minutes to few hours. For example, guard cells of
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Alocasia macrorrhiza open to maximum size within 25 minutes of light (Kirschbaum
et al., 1988). Walls of guard cells may thin out during stomatal opening (Sharpe and
Wu, 1978; Raschke, 1979). The wall in kidney-shaped guard cells are designed such
that the outer and inner walls (fig. 1.4) are thicker than the ventral wall which, in turn,
is thicker than the dorsal wall (Meidner and Mansfield, 1968). This is important for
guard cell expansion during stomatal opening. While the thicker outer and inner walls
do not change during guard cell expansion the thin ventral, more than the dorsal,
stretches considerably (Louguet et al., 1990; Willmer and Fricker, 1996). In dumb-
bell shaped guard cells the walls at the bulbous ends are also thicker than those at

the central parts (Willmer and Fricker, 1996).
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Figure 1.4 Cross-section of guard cells at closed and open conditions of the stoma.

becomes thinner during stomatal

Wall thickness differs on each side of a guard cell — Outer and inner > ventral > dorsal wall. The dorsal wall

opening. In open stomata conditions guard cell vacuole enlarges, but reduces and becomes convoluted under closed stomata (for references

- see text).
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Cellulose forms the major component of all guard cell walls although they are also
rich in pectins (Wille and Lucas, 1984; Sack, 1987). Cellulose microfibrils are
arranged radially around the stomata in mature kidney-shaped guard cells but have
both axial (within the central part) and radial (with the bulbous part) arrangements in
dumb-bell stomata (Galatis, 1980). The action of expansins on pectin may also
explain the greater extensibility of dorsal guard cell wall which contains greater
proportion of pectin relative to other walls. Guard cell wall pH is reduced following H*
extrusion that creates the membrane potential difference that causes K* influx. The
reduced pH may enhance the action of expansins in loosening the cell wall for the
subsequent pressure-driven expansion (Mcqueen-Mason et al., 1992; Wei et al.,
2011). These cell wall properties make for the anisotropic properties of the guard cell
(wall) and play very important roles in the water and solute relations of a plant.

1.12.3 Plant water relations

For an ideal solution, the relationship between the solute concentration and osmotic
pressure is given by the van’t Hoff equation (see section 1.12.5). The osmotic pressure
of the solution in the cell determines the cell turgor (Tomos, 2000; Nobel, 2009). The
water potential of a solution is the difference between free energy (chemical potential)
of water molecules in the solution and that of pure water at the same temperature and
pressure. A gradient of water potential exists between vascular bundle cells and
epidermal cells (Glinka, 1971; Aylor et al., 1973), and water flows down gradients of

water potential from vascular to adjacent epidermal tissues.

1.12.4 Cell water potential

Under standard conditions, the water potential of a solution is proportional to the
solution’s chemical potential of water (Nobel, 2009). Pure, free water at ambient
temperature and pressure is commonly used as the reference point and has a
concentration of 55.5 molal (Nobel, 2009). Addition of solutes to pure water lowers the
concentration of water as well as the water potential of the solution, making it negative,
relative to pure water. Thus, solute accumulation in a cell lowers the water the cell

water potential. The lowered potential then creates a water potential gradient across
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the cell membrane. Water moves down this gradient into the cell to increase its water
potential until an equilibrium state (i.e. no net water flow) is attained. The reverse is
true when solute is lost from a cell.

Response of epidermal cells to subsidiary and guard cell demand for water is
very rapid (half-time of 1 to 100 seconds, though variously reported) (Zimmermann et
al., 1980; Tomos et al., 1981; Malone et al., 1989). Movement of water within a plant
is characterized by driving forces originating from differences in the potential of the
different compartments — organelles, cells and apoplast (Nobel, 2009). Since the
addition of solutes lower this potential, within a system with differing solute
concentrations water potentials differ inversely according to the concentrations, and
water moves down this water potential gradient. Similarly, between two compartments,
apoplast and cytoplasm net water movement is into compartments with lower water
potential. In both intra and inter-compartmental movements of water, net water
movement continues until equilibrium is reached, at which point the net movement of
water in the two directions becomes equal.

Solute accumulation (i.e. increase in osmotic pressure) in a cell leads to inflow
of water. Increasing the inflow of water to a cell increases the cell's water potential
supposing the membrane is selectively permeable to water. Thus, in the absence of
any further change in the cell’'s water potential the increasing osmotic pressure leads
to increase in cell turgor pressure — relative to properties of the retaining walls.

Water potential is given as

Y =P -1+ pugh (Equation 1.1) (Nobel, 2009)
Where
Y = Water potential (MPa)
P = Hydrostatic pressure (MPa)
m = Osmotic pressure (MPa)
pwg = Gravitational component (0.0098 MPa.m?) (MPa.m)
h = (reference) height (m)

At a cellular level, gravitational component is negligible because the cell height (h) is
in the order of few micrometres.
Equation 1.1 can be simplified as
Y=P-T1 (Equation 1.2)
If the plasma membrane is semipermeable, at equilibrium, water potential inside

equals water potential outside the cell.
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Meaning that

Win = Wout (Equation 1.3)
Therefore,

(P = 1T)in= (P — 1T)out (Equation 1.4)

Rearranging equation 1.4, gives

Pin = TTin — TTout - Pout (Equation 1.5)
Since the cell wall effective hydrostatic pressure cannot be positive but may be
negative due to transpiration tension, cell turgor is then a function of the osmotic
pressure (inside and outside of the cell) and the transpiration tension. If the
transpiration tension is less than the difference between the intracellular osmotic
pressure and that of the apoplast, cell turgor pressure is positive. Under water stress,
where the transpiration tension is greater, the cell loses turgor resulting in plasmolysis,

which may manifest as wilting.

1.12.5 Osmotic pressure and osmotic coefficient

The number of solute particles in a solution is related to the osmotic pressure by van’t
Hoff equation (Nobel, 2009)

m=CiRT (Equation 1.6)
Where
m = Osmotic pressure
C = Concentration of the solution (mol.kg™)

i = A constant (accounts for ionization of the solute and other deviations
from a perfect solution)

R = Gas constant (0.831 I.MPa.mol 1)

T = Absolute temperature (Kelvin)

This is true for ideal solutions only. In non-ideal solutions, a constant known as osmotic
coefficient is applied in order to correct for the interactions between solutes. The
osmotic coefficient is the ratio of the measured osmotic pressure to the theoretical
osmotic pressure that can be generated by the solute bounded by a membrane under
ideal conditions. The ideal condition includes the membrane being completely
impermeable to solutes but fully permeable to water. Thus the osmotic pressure of a

solution such as cell sap, which contains different solutes, is the product of this
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coefficient and the sum of the molal concentrations of all solutes in the solution. The
osmotic coefficient can be determined experimentally using freezing point depression
method (Robison and Stokes, 2002). This method has been applied previously in our
laborlatory for epiermal cells of barley (Hinde, 1994; Fricke et al, 1994b) and wheat
(Richardson, 1993).

1.13 Plasmodesmata

Plasmodesmata, are 20 to 50 nm diameter tubular extensions of the plasma
membrane from one cell to another across their cell walls (Strasburger (1901)
guated in Carr, (1976)). They play a key role in the functioning of heterogeneous
tissue; the guard cell being a notable exception (Erwee et al., 1985; Palevitz and
Hepler, 1985). Nevertheless, they account for a substantial proportion of solute
movement between other cell types (Erwee et al., 1985). Stomatal opening and
closing involve movement of solutes across several cells within a short time scale.
Plasmodesmata provide the avenue for such solute movements by diffusion and bulk
flow. They thus enable direct regulated transport of solutes between cells in a

continuum of cell cytoplasm known as the symplast.

1.13.1 Anatomy

Transmission electron micrograph studies of plasmodesmata ultrastructure
(Robinson-Beers and Evert, 1991) distinguish two types, simple and branched.
Simple plasmodesmata consist of a straight tube while the branched have more than
one tube that appear from a central or median cavity and traverse the cell wall in
different directions (Ehlers and Kollmann, 2001). Figure 1.5 shows a diagrammatic

representation of a simple plasmodesma.
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Figure 1.5 Plasmodesmata in longitudinal (A) and transverse (B) sections.
Diagram of electron macroscopic structure of a simple plasmodesma showing the neck
regions and the central cavity. Insert shows the arrangement of membrane and spoke-like

proteins around the central rod (Robinson-Beers and Evert, 1991).

It consists of a cylindrical sheath that runs across both the cell wall and the middle
lamella. The tube is narrower at its orifices and for a short distance towards the
centre, forming the neck of the tube at both its ends. The more central portion of the
tube is wider, forming the central cavity. The outermost lining of the tube is formed
by a continuation of plasma membrane. It is attached to the cell wall on the
apoplastic surface and lined by membrane proteins on the cytoplasmic surface. The
cytoplasm of neighbouring cells continues into the plasmodesmata as the
cytoplasmic sleeve. Within this sleeve, the endoplasmic reticulum (ER) passes from
one cell to the other, but is modified into a thicker protein-lined tubular structure
known as the desmotubule. The centre of the desmotubule has an electron-dense
structure known as the central rod. This is believed to be ER sleeves pressed close

together (See Overall, 1999). Also within the cytoplasmic sleeve, cytoskeletal
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proteins, actin and myosin, run between the plasma membrane- and desmotubule-
embedded proteins (Overall and Blackman, 1996). Such structure is also seen within
the desmotubule cavity, connecting the central rod to the desmotubule (Ding et al.,
1992).

1.13.2 Physiology

The neck region of plasmodesmata contains a sphincter composed of closely-
packed globular proteins on the cell membrane in close proximity to the desmotubule
(Olesen, 1979). The neck region therefore, forms the size exclusion zone (SEL)
which controls both the rate and the direction of solute movement through
plasmodesmata (Olesen, 1979). Exchange of molecules between cells occurs
through spiralling micro channels created by actin and myosin spoke-like extensions
which run through the cytoplasmic sleeve and are attached to the plasmalemma and
desmotubule proteins (Overall et al 1982; Wolf et al 1989; Lucas and Wolf, 1993).
Non-selective transport of small solutes (< 1 KDa) occur through these channels
(Goodwin, 1983). The SEL in epidermal cell plasmodesmata is, however, relatively
smaller (c.a. 674 Da in Egeria densa) (Erwee and Goodwin, 1985). In this species,
movement of injected dye between epidermal cells was several fold faster; being
1.1.10* cm. s* for smaller sized (376 Da) dye and 9.0.10° cm. s for a larger (874
Da) sized dye (Goodwin and Erwee, 1990). Aside from this transport mechanism
which is controlled in the SEL, another form of plasmodesmatal transport occurs
following targeting of molecules to plasmodesmata, depending on conditions such as
branching or otherwise (Oparka et al., 1999). This is the mechanism involved in the
transport of proteins (up to 50 KDa) and transcription factors (Blackman and Overall,
2001) as well as transport of plasmodesmata-targeted proteins used for signal
transduction and viral migration (Ehlers and Kollmann, 2001).

Such transports as these do not continue into guard cells as these lack
plasmodesmata. The disappearance of all plasmodesmata in the mature guard cell
may be important both for the control of the movement of signalling molecules and
other solutes (Majore et al., 2002) as well as in aiding the rapid increase in turgor
required for stomatal opening. This has been shown in cotton fibres where transient

closure of plasmodesmata allow for the increase in turgor required for rapid

42



elongation (Pfluger and Zambryski, 2001; Ruan et al., 2001). Perhaps for this reason
also no plasmodesmatal connections exists between the two mature sister guard
cells of a stomatal complex (Erwee et al., 1985).

Plasmodesmata in other cells around the guard cell also have some
peculiarities. They may be dilated to different degree that may allow passage of
molecules as large as 27 KDa (such as green fluorescent protein) or double this size
(Crawford and Zambryski, 2001). The proportion of the dilated plasmodesmata,
dilated-low or dilated-high (Crawford and Zambryski, 2001) depends mainly on leaf
age. The latter is more common in younger leaves since they require more protein
movements (Crawford and Zambryski, 2001). The frequency of plasmodesmata
between leaf epidermal cells has been estimated in Populus deltoids to be 0.05. um-?
of cell wall interface in abaxial and 0.06. um of cell wall interface in adaxial
epidermis (Russin and Evert, 1985). The frequencies in the different epidermal cell

types has not been documented to date.

1.13.3 Development of plasmodesmata

Plasmodesmata may develop as primary plasmodesmata during cytokinesis or as
secondary plasmodesmata post cell-division (Hepler, 1982; Staehelin and Hepler,
1996). Primary plasmodesmata are formed where the cytoplasmic strands that
enclose some endoplasmic reticulum are trapped among fusing Golgi vesicles in an
assemblage of materials (microtubules, microfilament, Golgi vesicles and
endoplasmic reticulum) called the phragmoplast. The phragmoplast forms the cell
wall plate during cell division (Staehelin and Hepler, 1996). This occurs in late
anaphase, before the completion of the new cell wall. As the cell plate matures and
grows, the trapped strands become increasingly constricted within the plasmalemma
which is formed by the (trapping) Golgi vesicles. The enclosed endoplasmic
reticulum forms the plasmodesmal desmotubule, but remains connected to the
endoplasmic reticulum of the two sister cells (Staehelin and Hepler, 1996).

Most primary plasmodesmata (> 90%) are simple (unbranched), especially in
immature cells (Oparka et al., 1999), but some may develop branching (Ehlers and
Kollmann, 1996) which increases in proportion, in monocot leaves, as they move

from sink to source of photosynthetic products (Roberts et al., 2001). The
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significance of branching is not clear but most secondary plasmodesmata are
branched.

Secondary plasmodesmata form, either from simple ones or de novo in an
expanding cell, mainly due to inadequacy of the existing simple ones as the cell
expands (Schnepf and Sych, 1983; Seagull, 1983). The molecular details of primary
and secondary plasmodesmata formation is not yet elucidated in terms of the
controlling genes.

The frequency of plasmodesmata in cells vary widely between species and
cell types, generally ranging between 0.01 and 50 pm! (Robards, 1976). In leaf
primordia, the plasmodesmata developed between the GMC and the SMC or
pavement cell during the differentiation of the epidermis become sealed as the walls
thicken just before the development of the stomatal pore (Wille and Lucas, 1984;
Erwee et al., 1985; Palevitz and Hepler, 1985). The reason for this blockage is as yet
unknown.

At this time, after the development of the primary, and before the
development of secondary plasmodesmata, the development of the individual cell
identities, the transport systems and other metabolic processes that will determine
the functional intervention between adjacent cells are laid down. It is the activity of
these processes that dictate the physiological behaviours that is the major subject of
this research project.

1.14 The vacuole

The vacuole is a single-membrane-bound organelle found in most cells of plants. In
mature plant cells, the vacuole occupies the greater portion of the cell volume
especially in the epidermal cells. The mature plant vacuole may be single, as in the
epidermal pavement cells, or multiple (some small and some large) as in flaccid
guard cells, storage vacuoles in fruits and seeds, or in specialized cells such as the
pulvini cells (Paris et al., 1996; Epimashko et al., 2004). For example, in pulvini
motor cells of Mimosa pudica, Toriyama and Sato (1968) and later, Fleurat-Lessard
et al. (1997), observed two functionally complementary vacuoles, tannin and colloidal

vacuoles. While the colloidal vacuoles contained the osmotically-active solutes and
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thus swell under appropriate hypotonic conditions, the tannin vacuole contracted
reciprocally (Toriyama and Sato, 1968). Vacuoles thus play very important roles in
plant physiology being central to turgor regulation involved in cell expansion, growth
and stomatal aperture control (see review by Martinoia et al. (2006)).

The different vacuole forms are distinguished by a protein type found only in
the tonoplast, the tonoplast intrinsic protein (TIP). Different combinations of a, & and
y-TIP forms determine the vacuolar function. Vacuoles with tonoplasts containing
only & —TIP are storage, while ones with only y-TIP are lytic vacuoles (Jauh et al.,
1999). Tonoplasts of protein storage vacuoles of seeds may contain all three forms
of TIP (a, & and y), while pigment and protein storage vacuoles in vegetative parts of
plants contain & and y-TIPs in their tonoplast (Jauh et al., 1999). Plant vacuole thus,
serve different functions dependent on their TIP constitution.

In this line, vacuoles may function as storage organelle for metabolites,
organic and inorganic osmotica, colloids, or to save energy and nutrients in times of
abundance. They also function to maintain optimum working conditions in cytosol
and as sites of osmotic manipulations of the cell (Rogers, 1998; see also Wagner
(1982)). The osmotic properties in the vacuole create the required turgor for the
mechanical support of the plant tissue (contrast with wilting) and when needed, also
create reversible cell/tissue or organ movements, such as pulvini and stomata (Irving
et al., 1997).

The mature plant vacuole is more acidic and more aqueous (less protein
content) than the cytosol. This, together with the availability of many membrane-
bound transport systems, aid in its fast response to environmental conditions. The
tonoplast transport systems are classified as ion channels, ion antiporters or proton
pumps. The ion channels include the slow- and fast-activating channels, the Ca?*-
and malate-selective channels and the tonoplast intrinsic protein (TIP). These are
complemented by the TIP-like aquaporin for water transport. Na*/H* (Blumwald and
Poole, 1985, 1987) and Ca*/H* antiporters (Blumwald and Poole, 1986) (which can
be respectively inhibited by amiloride and verapamil) have been determined as
tonoplast ion antiporters also. Studies in Mesembryanthemum crystallinum, a model
halophyte, demonstrated that increased cytosolic Na* ion induces production of
Na*/H* antiport proteins (Barkla et al., 1995). The proton pumps have been identified
as an H*- ATPase (V-ATPase) and H*-pyrophosphatase (V-PPase). These function
as proton translocating pumps (King et al., 2004).
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The tonoplast membrane potential is 20 to 30 mV more positive than that of
the cytosol. This maintains an electrical gradient which aids inorganic anion
accumulation in the vacuoles (Taiz et al., 2015). The electrochemical potential
gradient generated by the H*-ATPase activity in the tonoplast drives the
accumulation of cations and organic solutes (Taiz et al., 2015). In the guard cells, the
SV channels sense intracellular (cytosolic) pH and Ca?* concentration and respond
by allowing the release of Ca?*, K* and CI- (Schulz-Lessdorf and Hedrich, 1995). The
sensing is mediated by calmodulin, the Ca?* binding protein (Bethke and Jones,
1994). Humble and Raschke (1971) observed in Vicia faba that more than 90% of
the K* (solutes) moved out of the guard cell during stomatal closing were vacuolar in
origin (Humble and Raschke, 1971). The disproportionately larger size of the vacuole
compared to the cytosol, permits a presumption that the sap samples analysed in the

experiments described here are mainly vacuolar in origin.

1.14.1 Heterogeneity in solute content of cell types

Plants are permanently sedentary as a body but their body parts are variously
capable of active movements, often within the range and time scale found in
animals. Example of these forms of movement include the pulvinus movements in
leaves (e. g. in Phaseolus), the opening and snapping movements of the carnivorous
Venus flytrap plant, and very commonly, the opening and closing movement of
stomata on plant leaves. These movements have been shown to occur due to
differential pressure gradients created by differences in the distribution and
redistribution of intracellular vacuolar solutes between cells or tissues. Differences in
content and/or concentration of solutes may be found between leaf surfaces, along
the longitudinal axis of a leaf — from base to tip (Nagai et al., 2013). The role of and
the mechanisms behind cell-specific solute distribution in plants is poorly understood
(Conn and Gilliham, 2010). The reason for these heterogeneous solute distribution is
thought to be to enhance the function of tissue parts that have better anatomical
positions enabling a more efficient osmotic adjustment or detoxification
mechanism(s) for the plant (Gonzalez et al., 2002; Shapira et al., 2009). These
differences may also arise in a bid to create a physiologically-conducive charge

balance in the cell(s). These distribution patterns may be species-specific. Dietz et
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al., (1992) suggested that the preferential accumulation of PO4% found in the
epidermis of Lupinus and Vicia, but not in Sorghum and barley epidermis, is due to
species-specificity (Dietz et al., 1992). Family-specific compartmentation of solutes
has also been noted in Fabaceae and Poaceae for chloride, calcium and phosphate
(Dietz et al., 1992). Heterogeneity may also be due to differences in nutrient supply.
Flavonol glysosides particularly kaempferol and quercintin aglyecones substituted for
sulphates and glucueronates in guard cells of A. cepa (Weissenbock et al., 1987).
Some workers, however, (see (Weissenbock et al., 1987) opine that the expression
of these differences (quality and quantity) is driven by transpiration. Generally,
ions/solutes that may combine to form insoluble products are not compartmentalized
in the same location. For example Ca?* and PO4% are separated to prevent formation
of insoluble CaPOs in the cell (see Conn and Gilliham, 2010).

The single cell ‘omics’ analysis - genomics (e.g. (Kalisky and Quake, 2011),
transcriptomics (e.g. (Tang et al., 2011), proteomics (e.g. (Dai and Chen, 2012) and
metabolomics (e.g. (Takashi et al., 2015), have collectively shown unequivocally, the
vast differences in the content(s) and functions of individual cells in a tissue. These
differences are found even between cells from same mother cell linage (Armbrecht
and Dittrich, 2016). These functional differences in the content and concentrations of
ionic solutes in individual cells of the epidermis have been studied in this project with
a view to understanding qualitatively and quantitatively, the contributions of these
individual cells and/or cell types to overall (hydraulic) control of stomatal movements.
Knowledge of this differential compartmentalization and, to some extent,
redistribution, has been employed in phytoremediation and phytoextraction studies in
contaminated sites (Tandy et al., 2013). Stomatal aperture control is known to be
effected ultimately by changes in intracellular solute concentrations in guard cells
(Humble and Raschke, 1971; Zeiger, 1983) and the immediate surrounding cells
(Heath, 1975). These surrounding cells differ between plant families. In monocots (T.
virginiana, for example) the guard cells are surrounded at the lateral and medial, as
well, as the distal and apical, aspects by cells known as subsidiary cells which,
together with the guard cells form the stomatal complex. In Commelina and
especially in Tradescantia these (complexes) are very uniform and predictable, as
well as large, making them ideal subjects for the type of study described in this

project.
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1.15 Solute transport in the epidermis

Land plants are generally unable to change their physical locations and so, need to
respond efficiently to environmental cues in order to thrive. The responses, as
exemplified by stomatal responses, require changes in intracellular pH and solute
concentrations. Changes in solute concentration within the apoplast may occur by
bulk flow or, within short distances, by diffusion. Intracellular concentration changes
require movement of solutes and/or H20 across membranes. Solute transport
processes across all plant membranes are similar, being either by diffusion — directly
or through channels/pores, or by active — primary or secondary, transport. The rate
of transport of these solutes, however, differs between cell types, depending on
plasmodesmatal frequency (see section 1.13) and the number of transport proteins
located on the cell membrane. For example, K* channels are few in mesophyll cells
but abundant in guard cells (Ache et al., 2000).

Trans-membrane transport of ions require energy, which in plants, is
generated from proton motive force created by both tonoplast and plasma
membrane-bound H*-ATPase (Zeiger, 1983; Sze, 1985). This creates
electrochemical gradients across the membranes, and relative to the outside keeps
the cytoplasm negatively charged and less acidic than the vacuole and the apoplast
(Kurkdjian and Guern, 1989).

1.15.1 Cation transport
1.15.1.1 Potassium transport

For cations, the electrochemical gradient so generated drives K* down its
electrochemical gradient into the cell through mainly voltage-gated K* channels
(Schroeder et al., 1987; Fairley-Grenot and Assmann, 1993). Voltage-independent
channels have also been identified in plasma membranes, but are not common in
guard cells (Roelfsema and Prins, 1997). The voltage-dependent channels include
outward-rectifying and inward-rectifying channels which respectively permit efflux
and influx of K* depending on the voltage across the plasma membrane. While the

outward K* channels are activated at depolarizing potentials (usually -50mV), and
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depend on extracellular K* concentrations, the inward channels are activated at a
more hyperpolarizing potential (usually more negative than -100mV), and are
independent of K* concentrations (Roelfsema and Prins, 1997). Cytosolic K*
concentration is, however, regulated closely (Leigh et al., 1996) by a tonoplast
transmembrane H*/Na* or K* antiporter protein, nhx (Blumwald and Poole, 1985).
This protein enables sequestration of cytosolic K* into vacuoles against vacuolar
membrane potential (Gaxiola et al., 1999). The cytosolic K* concentration is
maintained approximately constant, while vacuolar concentrations may vary in order
to maintain this cytosolic concentration required by K*-dependent processes (Leigh
and Wyn Jones, 1984; Leigh et al., 1996). The control of vacuolar K* and Na*
concentration is pH dependent. The luminally-placed c-terminal of nhx protein binds
to calmodulin at acidic pH leading to preferential H*/K* antiporter activity (fig. 1.6). At
alkaline pH, the calmodulin binding dissociates, and H*/Na* exchange is favoured
(Yamaguchi et al., 2005). Thus, both maintenance of the plants water status and
stomatal opening benefit from the activities of the nhx protein (Barragan et al., 2012;
Andrés et al., 2014).

Fast and slow vacuolar (FV and SV) K* channels exist in the tonoplast. These
function to release K* from the vacuole into the cytoplasm at depolarizing tonoplast
potential (more positive on cytoplasmic side). The SV is more abundant, and may
also serve as a channel for K* transport into the vacuole at very high depolarization
(Ivashikina and Hedrich, 2005). In guard cells, another type of vacuolar K* channel,
simply known as vacuolar K* (VK) channel also exists (Ward and Schroeder, 1994).
This channel allows K* movement into and out of the vacuoles to allow for K*

homeostasis at sub-activation membrane potentials (Allen et al., 1998).

1.15.1.2 Sodium transport

Sodium entry from the apoplast is aided by cell membrane-bound HKT (high
sensitivity K* transporter) 1 proteins (Rubio et al., 1995; Gassmann et al., 1996).
Cytosolic Na* normally ranges between 1 and 10 mM in non-halophytes (Binzel et
al., 1988). In the halophyte Cakile maritima Na* accumulates in guard cells and
replaces K* as the major osmoticum for stomatal movements (Eschel et al, 1974
quoted in Willmer and Fricker (1996). This, though, has not been reported in any

other halophyte. Excess cytosolic Na* inhibits protein synthesis (Hall and Flowers,
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1973), photosynthesis (Tsunekawa et al., 2009) and several enzymatic reactions,
such as enzymes in methionine biosynthesis pathway (Murguia et al., 1995). Thus,
halophytes sequester excess Na* in vacuoles (Blumwald, 2000). This is achieved by

using an NHX-type Na*/H* antiporters in the tonoplast (Blumwald, 2000).
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Figure 1.6 Cation carriers and channels in epidermal cells

This figure shows major cation channels and carriers in a typical plant epidermal cell.
Calcium channel, C, and CAX protein in tonoplast sequester Ca?* into vacuole. Ca?*-
ATPase causes Ca?* efflux from cytoplasm to apoplast. Fast, F, and slow, S, K* vacuolar
channels release vacuolar K*. In the plasmalemma, the outward rectifying, O, and the
inward rectifying, I, K* channels effect K* efflux and influx respectively. The nhx protein
complexed with calmodulin preferentially sequesters K* into the vacuole. When free, it
moves Na* instead. The H-ATPase in the plasmalemma and the V-ATPase at the
tonoplast respectively pump H* from the cytoplasm into the apoplast and vacuoles and
create the electrochemical gradients needed for ionic movements through the channels

(for references see text above).
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In glycophytes low cytosolic Na* is maintained by plasma membrane H*-ATPase

which extrudes excess Na* (Blumwald, 2000; Hasegawa, 2013).

1.15.1.3 Calcium transport

Transport of Ca?* is of special importance to plants since Ca?* also serves many
signalling roles (see review by Dodd et al. (2010)) in addition to its roles in
strengthening cell walls, stress protection (Liqun et al., 2009) and a counter-ion to
vacuolar anions. Influx and efflux of Ca?* across plasma membrane is through
depolarization-activated, hyperpolarization-activated or voltage-independent Ca?*
channels (Miedema et al., 2001) as well as membrane-bound Ca?*-ATPase, which
extrudes Ca?* from cytosol. Depolarization-activated channels are thought to be
involved in Ca?* transports during signalling, and hyperpolarization-activated
channels mediate other functions including Ca?* movements during stomatal
opening (Hamilton et al., 2000). Calcium may also move across the plasmalemma or
tonoplast through non-selective cation channels, which allow movement of both
monovalent and divalent anions (see review by Demidchik et al. (2002)). While the
Ca?*-ATPase at the plasma membrane moves cytosolic Ca®* extracellularly, a
tonoplast protein family, Ca?*/H* exchanger (CAX) proteins, also moves cytosolic
Ca?* into the vacuole (Hirschi et al., 1996). Thus cytosolic Ca?* is kept very low (120-
360nM) (Gilroy et al., 1989), except during transients (sudden increases) for
signalling purposes. High cytosolic Ca?* acts through the ABA signalling pathway to
cause stomatal closure. Increase in extracellular Ca?* may lead to high intracellular
concentrations (Mcainsh et al., 1995). These changes are detected by Ca?* sensors
(CAS) in the plasmalemma (Han et al., 2003). Ca?* sensors have been used for
quantifying Ca?* concentrations in endoplasmic reticulum (60 — 400 uM) (Miyawaki et
al., 1997), guard cells (Siegel et al., 2009) and in relation to ABA changes during
stomatal movements (Waadt et al., 2014; Brandt et al., 2015). By this means,
extracellular Ca?* concentrations are maintained low by increasing its sequestration

in the vacuole (Hirschi et al., 1996).
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1.15.1.4 Magnesium transport

Vacuolar sequestration of Mg?* is also employed in regulating ion balance in cytosol
and control of stomatal movements. Transport of Mg?* across tonoplast and
plasmalemma is through H*/Mg 2* exchanger (Amalou et al., 1992, 1994; Pfeiffer and
Hager, 1993; Shaul et al., 1999).

1.15.2 Anion transport

Anions are generally transported across guard cell and other epidermal cell
membranes through tonoplast and plasma membrane-bound non-selective anion
channels (Hedrich and Marten, 1993; Schmidt and Schroeder, 1994; Pei et al.,
1996). In guard cells two types, rapid (R)-type (Keller et al., 1989) and slow (S)-type
(Schroeder and Keller, 1992) anion channels have been characterized. Both channel
types are depolarization-activated, but while the R-type channels can be activated by
hyperpolarization, the S-type channels are insensitive to it (Linder and Raschke,
1992; Schroeder and Keller, 1992; Kolb et al., 1995).

These channels are permeable to all anions, which mostly move out from the
cytosol (near neutral pH) into the more acidic vacuole and apoplast (see Kurkdjian
and Guern (1989)). The pH differences between the compartments (vacuole, cytosol
and apoplast) favour efflux of some anions, especially the carboxylic acids (citrate,
malate, tartrate and succinate), since their protonation in the more acidic
compartments establishes an electrochemical gradient. In addition, negative
membrane potential, negative on cytosolic side (-100 mV), also helps drive anions
out of the cytosol when the channels open. Anion sequestration in the vacuole is
made possible by function of H*/coupled co-transport proteins, such as H*/NOs™ (De
Angeli et al., 2006) and H*/malate (Emmerlich et al., 2003) co-transports.

As well as the non-selective anion channel some channels are selective to
specific anions. These may play special roles, such as in salt tolerance and stomatal
movements by Cl-selective channels (Muelleri et al., 1994; Jossier et al., 2010),
nitrogen balance and organic regulation by NOs™- selective channels (Guo et al.,
2003) or pH regulation by organic acid (e.g. malate)-selective channels (Meyer and
De Angeli, 2010; Geiger et al., 2011) (see fig. 1.7).
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Most of these anion channels are voltage gated (Hedrich et al., 1990). Their
activation depolarizes the membrane (Roelfsema et al., 2012) and thus in guard
cells, leads to K* release since this brings the membrane potential to a level more
positive than the Nernst’s potential (Em) for K*. In this manner, activation of anion
channels, such as occurs in response to ABA (see review by Kim et al. (2010)),
evokes efflux of K* by activation of the voltage-gated outward rectifying K* channels

and consequently closes the stomata (section 1.11.2).
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Figure 1.7 Anion carriers and channels in epidermal cells.

This figure shows channels and carriers involved in anion transport in plant epidermal
cells. Rapid, R, and slow, S, anion channels are found in the tonoplast. Non-specific anion
channels also abound in the plasma membrane. Malate and NO3™ may be sequestered in
the vacuole by symport with H*. The vptl group of proteins (hpt 4 and 5) are involved in
vacuolar PO.* efflux and influx respectively. Ca?* transporters have been shown to
emphasize its importance in balancing of negative charges in the cell (for references see

text above).
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Phosphate transport in leaf cells does not, however, use the anion channels
(Massonneau et al., 2000). Active transport is involved (Mimura et al., 1990), and
VPT1 (vacuolar phosphate transporter 1) protein (also known as PHT5;1 (Phosphate
transporter 1) functions at vacuolar membrane to sequester PO4% into vacuoles
(Wang et al., 2012; Liu et al., 2016). Vacuolar release of PO4* is also through active
transport by tonoplast-bound pht4;1 protein (Wang et al., 2015), a member of the
same gene family SPX-MFS (major facilitator superfamily). In roots, phtl proteins,
also a member of the mfs family, are responsible for PO43 uptake from soil into the
cell cytosol (Misson et al., 2004; Shin et al., 2004). Similar proteins may also function
in leaf cells for PO43 transport across the plasmalemma, but research is on-going in
this area (Rausch and Bucher, 2002; Luan et al., 2017). These work to maintain
cytosolic PO4* at 60 — 80 uM (Pratt et al., 2009). Most leaf PO4* is, however, found
in the mesophyll, while the epidermis has lower concentrations.

The phtl protein is also involved in SO4? transport across plasma
membranes in roots (Preuss et al., 2010). Genes for these proteins are mainly
expressed in roots, and the proteins serve as SO4% - H* or H2PO4 - H* symporters
(Smith, 2001). Sulphate transporter and/or transporters at leaf cell and vacuolar

membranes have not been characterized to date.

1.16 Other considerations

The various movements of (these) charged, and possibly other uncharged solutes,
form the basis of active stomatal movements. Transport of these solutes underpins
the core studies discussed in this thesis, which describes, qualitatively and
guantitatively, the solute concentration and consequent osmotic pressure changes
involved in stomatal movements. Their transport across plasmalemma and tonoplast,
in the main, is currently well understood (Santelia and Lawson, 2016). Equally, the
changes in K* concentration and the patterns of these changes during stomatal
movements have been well elucidated (MacRrobbie and Lettau, 1980; Zeiger, 1983;
Schroeder, 1988; Blatt, 1992; Gao et al., 2017). Chloride and/or malate
concentration changes involved in stomatal movements are much less understood
(MacRrobbie and Lettau, 1980; Schnabl and Raschke, 1980; Azoulay-Shemer et al.,
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2015; Azoulay-Shemer et al., 2016; Blatt, 2016; Daloso et al., 2016; Santelia and
Lawson, 2016). In contrast, changes in NOs  concentration are relatively hardly
described, while the participation of other ionisable and non-ionisable solutes are
altogether almost unreported.

However, following the elucidation of K* concentration changes and their
effect (Zeiger, 1983; Schroeder, 1988), knowledge of the full cohort of solutes
involved in stomatal movement and their distribution in all the participating cells has
remained limited despite decades of research on stomatal function (Taiz et al.,
2015). Santelia and Lawson (2016) observed, among other things, that “challenges
are evident in obtaining sufficient quantities of uncontaminated guard cell materials
for biochemical assays at known time points or under specific environmental
conditions”. Heath (1975) had observed that “the tedious but beneficial task of
conducting such biochemical assays at single cell resolution in a large number of
cells was needed for a good understanding of stomatal function”. Such observation
was re-echoed by Shabala and Newman (1999) for a definitive determination of ion
fluxes across plasma membranes in both epidermis and mesophyll.

Since the mid-1850s, it has been known that the subsidiary cells participate in
stomatal control by tending to prevent opening and assisting in closure of stomata by
pressing on the guard cells (Von Mohl (1856) quoted in Williams (1954)). Several
researchers, such as Heath (1938), Meidner (1968), DeMichele and Sharpe (1973)
and MacRrobbie (1980) have corroborated this finding. Bowling (2016) stated that in
Commelina communis, all cells of the epidermis participate in stomatal movements
with respect to solute redistributions. This suggests that similar solute concentration-
driven osmotic changes may occur in all the other cells of the epidermis during
stomatal movement. MacRrobbie (1980) showed that in order to maintain a certain
stomatal aperture, guard cell turgor pressure may increase by 3.7 to 4.7 fold per unit
increase in subsidiary cell turgor. The spatial and temporal distribution and/or
redistribution of these solutes among all these participating cells, as well as the
nature of the solutes is unknown to date.

This lag in knowledge has been attributed mainly to lack of robust techniques
for the biochemical analysis of sap at cellular resolution especially under
physiological conditions in planta (see Santelia and Lawson (2016)). Genetic

manipulation of guard cells aimed at reducing stomatal conductance while increasing
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stomatal frequency and improving water use efficiency (see Condon et al., 2004) in
plants have yielded few, albeit encouraging, results.

It must be appreciated that solutes can only move between the mesophyll and
guard cells through the pavement cells, since these are the only epidermal cells
contacting the mesophylls (see fig. 1.2). This also implies that this mesophyll-to-
epidermis contact decreases with increase in stomatal density.

Improvement in results from these aspects of plant physiological properties
may benefit more from manipulations of the surrounding cells. In this sense,
knowledge of the behaviour of these cells in terms of solutes accumulated or
released during stomatal movement is invaluable for targeting membrane
transporters of interest.

Thus, since cells surrounding the guard cells in the epidermis also participate
in orchestrating stomatal movements through solute concentration change-driven
turgor adjustments (Heath, 1938; Williams, 1954; Meidner and Mansfield, 1968;
DeMichele and Sharpe, 1973; MacRrobbie, 1980), these changes must occur in a
coordinated and predictable manner. It is, therefore, hypothesised in this research
that solute concentration gradients exist within the cells of the epidermis, and these
gradients drive stomatal movements in leaves under physiological conditions.

Studies on stomatal movement in epidermal strips (Levitt, 1974; Azoulay-
Shemer et al., 2016) have confirmed that the control of stomatal aperture is entirely
an epidermal affair. Hence, while stomata on strips placed in distilled water may
open (Pallaghy, 1971; Willmer and Pallas, 1974), those of isolated guard cell-pairs
(in the same medium) fail to do so.

The ionized solutes (cations and anions) appear to be the central players in
stomatal physiology, and their redistribution patterns at open and closed stomata

conditions is specifically described here.

1.17 Analytical techniques used to study the solute patterns in
stomatal movements

Stomatal movements result from changes in guard cell turgor (MacRrobbie and
Lettau 1980a; MacRrobbie 2006; Meidner and Mansfield 1968; Fischer 1973; Heath,
1938). Turgor (in plant cells) develops, following water movement into a cell as
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directed by concentrations of osmotically-active solutes in the cell. Even in the
different organelles and within the cytosol, turgor develops in a similar manner, and
turgor is equal in all the intracellular compartments of a cell, though the nature of
solutes may vary from one compartment to the next. It is the presence of these
solutes that generate an osmotic pressure which draws water into the compartment.

Though the identification and quantification of these solutes, as well as the
measurement of the resulting osmotic pressure at single cell resolution, is technically
challenging, it is important that the process is investigated at cellular resolution. In
studying solute concentration changes associated with stomatal movements it is
essential to measure concentrations in each possibly participating cell. Bulk
measurement of whole leaf or epidermal strip, apart from averaging the
concentrations in all the cells types, gives only an overall average concentrations in
protoplasts and apoplast (see Tomos (1988); Conn and Gilliham (2010)).

Bulk measurements, however, do give an indication of solutes expected from
assay of individual cells. Such a cursory survey may address issues of solute
heterogeneity at tissue type level. For example, solutes found in whole leaves but
not in strips are likely of mesophyll origin while solutes with significantly higher

concentrations in strips than in whole leaf samples are likely of epidermal origin.

1.17.1 Extraction of whole leaf and strip samples

Many studies on stomatal physiology have relied on use of leaf parts (including leaf
discs) (Glinka, 1971; Hsiao et al., 1973; Ishikawa et al., 1983; Edwards and Bowling,
1984; Edwards and Bowling, 1984), epidermal strips (Sawhney and Zelitch, 1969;
Raschke and Fellows, 1971), isolated guard cells (MacRrobbie, 1981; MacRrobbie,
2006) or guard cell protoplasts (Zeiger and Hepler, 1977; Shimazaki et al., 1986).
These studies have led to important advances in the understanding of stomatal
physiology although they are essentially in vitro studies and also lack molecular
specificity (Svatos, 2011). The extent to which in vitro studies on these materials
represent the situation in an intact plant and in vivo is uncertain (Cram, 1988).
Tissue excision from any part of a plant affect the water relations of the plant
part by truncating the hydraulic continuum — also disrupting transpiration - at the

excised region (Tomos, 1988; Malone, 1992; Francesca and Malone, 1993). In
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stomatal studies, the disruption of this continuum disconnects signals such as ABA
or auxin signals that originate from the roots as well as all ‘indirect’ signalling. On the
leaf cells, loss of turgor in the predominantly pavement cell populated epidermis
leads to an initial transient stomatal opening (Iwanoff effect) (see Powles et al.
(2006). In addition, wounding in plants causes intracellular Ca?* influx (Zocchi and
Hanson, 1982), which may lead to elevation of cytosolic Ca?*. This leads to a closing
of the plasmodesmata (Terena et al., 2000). This may be a physiological defence
mechanism to prevent loss of solutes from other cells (see section 1.13) not directly
affected by the injury. This, however, does not prevent apoplastic solute and water
losses. Thus, between excision and analysis, the combined effects of solute and
water loss, absent physiological signalling mechanisms and the possible effect of the
triggered Ca?* signalling mechanism may significantly distort the pre-existing solute
status. In addition to this issue, such results present the tissue as uniform as may be
found in a temporary union of unicellular organism. Thus, bulk analysis offers limited
value. Nonetheless, lack of suitable techniques for solute extraction and analysis at
single cell resolution has been hampering studies of single cell solutes (Bowling,
2016).

1.17.2 Extraction of individual cell samples

The use of SICSA sampling method allows the extraction and isolation of sap from
individual cells without significant time lag (Malone et al., 1989; Tomos and
Sharrock, 2001). This avoids the dilution effect that may occur with time once a cell
is impaled. Reduced turgor pressure in an impaled cell leads to movement of water
into the cell and consequent reduction of solute concentrations and, therefore,
osmotic pressure (Shackel and Brinckmann, 1985; Shackel, 1987; Malone et al.,
1989).

Many single cell methods involving in situ imaging and analysis of solutes,
usually by synchrotron-based X-ray (see Zhao et al., (2014a)) or GFP (green
fluorescence protein) (see Lin et al. (2011)) fluorescence, have recently been
developed. lon sensitive microelectrodes have also been used in single cell solute

measurements.
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1.17.3 Studying solute relations in intact tissue

Most techniques available for the study of solute redistributions during stomatal
movements involve excision of the tissues (e.g. Willmer (1974)), cells (e.g.
MacRrobbie (1980a)) or subcellular compartments (Eisenach and De Angeli, 2017).
Few techniques are available for studying solute relations in intact tissues. These
include use of microelectrodes — usually ion sensitive (Blatt, 1988), confocal
microscopy (Oparka and Hawes, 1992) and the SiCSA technique (Tomos et al.,
1994). These techniques are minimally invasive, and usually target only cells of
interest, therefore, minimising chances of more generalized tissue responses. Patch
measurements can be used (in epidermal strips) for a variety of ion species and is a
non-invasive method; but cannot be applied in real time measurements (Miedema
and Assmann, 1998).

1.17.3.1 Microelectrodes

Use of microelectrodes for measurement of ionisable solute concentrations and
electrical properties in intact cells has been long established (see review by Felle
(1993)). Microelectrodes are well suited for measurement of ion activities and thus
where the potential differences across respective membranes are known, the driving
force on the measured ions can easily be calculated (Bowling, 2016). This method
offers high precision (Bowling, 2016) as well as good spatial and temporal resolution
of its output (Miller and Wells, 2006; Conn and Gilliham, 2010) and has been used
extensively for the study of K* and CI- concentration changes during stomatal
movements (Penny and Bowling, 1974; Penny et al., 1976; Edwards and Bowling,
1984). Shabala and Newman (1999) used this method to assay ion (Ca?*, K*, Cl- and
H*) fluxes in both epidermis and mesophyll.

However, only a single or few ions may be assayed at a time. For example
K*-sensitive electrodes have been used extensively in stomatal studies in different
species (Penny and Bowling, 1974; MacRrobbie and Lettau, 1980). They are not
suitable for studies that require assays of many/entire ionisable solutes at a

snapshot.
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1.17.3.2 Imaging techniques

Studies in which many or even unexpected solutes may be involved and need to be
assayed in a snapshot benefit more from use of imaging techniques. Initially, this
technique relied on the use of microinjection of specific stains or fluorescent-protein
analogues such as 5(6)-carboxyfluorescein succinimidyl ester-labelled tubulin (NHS-
FI) (Zhang et al., 1990) and monochlorobimane labelling of glutathione for
guantification (Meyer et al., 2001). In gene expression studies, use of microinjection
technique has now been replaced by use of green fluorescent proteins (gfp) (Chalfie
et al., 1994; Haseloff et al., 1997). The gfp introduced in one plant is intrinsically
replicated in all targeted cells or compartments in either transient or stable
(permanent) manner spanning all generations of the plant (Haseloff and Siemering,
2006). This has been put to great use in studying stomatal patterning and
development (e.g. Berger et al. (1998)). In addition to, and following the success of
gfp use in plant research, many fluorescent protein (fp) probes such as yellow
fluorescent proteins (yfp) (see review by Mathur (2007)) have been introduced.

Aside from proteins, methods for genetic encoding of ion sensors have been
developed. Most ion sensors are, however, based on their fluorescence resonance
energy transfer (FRET) to gfp following a targeted reaction. For example, calmodulin
changes which follow its binding to Ca?* increases the FRET available to gfp
(Miyawaki et al., 1997). The gfp is then quantified as a proxy for the Ca?*. Chloride
sensors have similarly been developed and have been used for monitoring
intercellular CI- fluxes in vivo (Lorenzen et al., 2004).

Nevertheless, sensors for a number of cations such as NH4*, and anions
including SO42", PO4* and malate, among others, await development. This formed a
major hindrance to use of fluorescence microscopy method in the study reported in

this thesis.

1.17.3.3 Single cell sampling and analysis (SICSA) methods

Single cell sampling methods aim at dissecting the cellular heterogeneity in a tissue.
In this sampling method cell sap from a single cell is obtained in a glass
microcapillary back-filled with silicon oil and mounted on a micromanipulator (Tomos

and Sharrock, 2001). This method relies on the positive (turgor) pressure in the cell
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to push cell sap into the microcapillary on impalement of plasma membrane and/or
tonoplast. The extracted sap is subsequently analysed using a battery of analytical
methods which may include x-ray fluorescence, capillary zone electrophoresis,
enzymic methods and picolitre osmometry. Concentrations of the individual solutes
are then related to the total concentration of osmotically-active solutes (Tomos and
Leigh, 1999). For example, turgor cannot exceed protoplast osmotic pressure and
the total charge of anions and cations must balance. Additionally, the sum of solutes
(adjusted for osmotic coefficients) must be related to the independently-measured
osmotic pressure. Discrepancies in the solute balance sheet indicate either an
artefact or that there are unidentified solutes (Tomos and Leigh, 1999).

SICSA shows not only the intercellular distribution of solutes within and
between cells but also the basis of osmolality and turgor regulation in cells. Sap
extracted from epidermal cells is predominantly vacuolar (Fricke et al., 1994b). This
is because up to 99% of the volume of epidermal cells is occupied by vacuole
(Winter et al., 1993, 1994). Vacuoles of neighbouring cells may contain differing
elements as plant cells serve different functions aimed at storage and detoxification
(see section 1.14). The SICSA method is accurate, specific, and covers all the
elements in the sap at the time of sampling (Conn and Gilliham, 2010). Additionally,
it can be used in intact plant tissues in situ as opposed to use of epidermal strip
which cannot reflect the real physiological picture of the solute gradient involved in
stomatal movements (Talbott and Zeiger, 1996). For example, Heide and Raschke
(1978) observed in Allium cepa that epidermal malate content was positively
correlated with stomatal opening when using whole plant but the correlation was
negative when epidermal strips was used (Schnabl and Raschke, 1980). The main
disadvantage of this method is that cells may be irreversibly damaged during

impalement, either through shocks or vibration (Zimmermann et al., 1980).

1.18 Aim and objectives

The nature and concentration of only few solutes (K*, ClI- and malate) in four cell
types (pavement, apical and lateral subsidiary as well as guard cells) of leaf

epidermis during stomatal movement have been studied considerably previously. Of
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these, only K* concentration changes have been clearly understood. This study aims
to determine the epidermal solute gradients responsible for stomatal opening and
closing by analysing epidermal cell (pavement, apical and lateral subsidiary as well
as guard cells and juxta apical cell) sap of T. virginiana using the SiISCA technique.

In achieving this aim, the objectives were to determine the

e (charged) solute content and concentration in whole leaf of T.
virginiana, a model plant for study of stomatal physiology and plant
water relations parameters (Zimmermann et al., 1980; Tomos et al.,
1981; Tomos and Zimmermann, 1983; Edwards and Bowling, 1984).

e charged solutes and their concentrations in abaxial epidermal strip of
T. virginiana. This gave a general view of the charged solutes
available in all the cell types (in troughs and ridges) of the epidermis
(chapter 4).

e charged solutes and their concentrations in the five cell types
(pavement, juxta apical, apical and lateral subsidiary as well as guard
cells) of the epidermal trough of T. virginiana under open and closed
stomata condition.

e osmotic pressure in each of the cell types of the stomata at closed and

at open stomata conditions
A second set of objectives included to

e compare the solute concentrations in the individual cell types at open and
closed conditions to show the solute concentration differences

e compare these differences between contiguous cells of epidermal troughs and

e deduce possible solute concentration gradients associated with stomatal
movements in trough cells of the epidermis

e examine the balance of charges between the positively and the negatively
charged species and

e compare the osmotic pressure directly measured (above) with that expected
from the independently measured solute concentrations to assess the
possible contribution of non-ionisable solutes (not assayed in this project) to

cellular osmotics during stomatal movements.
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Chapter 2 Materials and Methods

2.1 Plant material and growth conditions

Four week old Tradescantia virginiana L. plants were used for this study. The plants
were clones from T. virginiana originally provided by Professor E. D. Schulze from
Bayreuth University, Germany (Tomos, Steudle, Zimmermann, and Schulze, 1981).
Supply of the plant was maintained by vegetative propagation of shoots obtained by
splitting emerging root-buds from the parent plant before the start of first leaf
expansion (see plate 2.1 A). Only buds with one to two roots were used. Each root-
bud was potted in a 3.5 inch, round, lightweight, drained, plastic plant pot containing
1:1 mixture, by weight, of John Innes No.1 potting compost and Vermiculite and
grown in a growth chamber. For the initial parts of this study a Sanyo Fitotron growth
chamber, type SGC066.pfx.f (Sanyo Gallenkamp Itd. Monarch Way, Belton Park,
Loughborough, Leicestershire. LE11 5XG, UK) was used for growing the plants. A
Conviron (adaptis) CMP 6010 growth chamber (Controlled Environments Ltd, 590
Berry St, Winnipeg, MB R3H OR9, Canada) was used for the rest of the experiments
as noted in the relevant sections. In each of the growth chambers temperature and
relative humidity were set at 24 + 1°C and 60% respectively, during all plant growths.
Light intensity was set at 300 — 350 pmol.m2.s™, at plant height, on a 16h day/8h
night schedule, with day set to start at 06:00hrs. Plants were watered daily, in the
morning, with tap water that has been left, covered in the growth chamber for 24hrs,
to prevent possible chilling effect and eliminate variations arising from changes in
root temperature (Davidson, 1969; Atkin et al., 1973). On days 0, 1 — 10 and beyond
day 10, each plant received 100ml, 40ml and 70ml of water respectively, per day.
Overwatering or drying was avoided in order to prevent abnormal stomatal
responses (Weyers and Meidner, 1990; Webb and Mansfield, 1992). Plants were fed
on day 0 and fortnightly, with 200ml of Miracle-Gro general-purpose plant food (The
Scotts Miracle-Gro Company, 14111 Scottslawn Rd, Marysville, OH 43040) mixed to
a concentration of 50 ml (bed volume) per litre of water. The composition of the plant
food (NPK, 24-8-16 blend) was as given in table 2.1.
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Table 2.1 Composition of standard commercial plant food
(nutrient) used for growing the T. virginiana

The powdery compound is mixed in appropriate volume of water.
The pH of final solution was usually 5.9 to 6.4.

Chemical compound Concentratior) in nutrient
solution
Macronutrients (%)
Nitrogen Total 24.0
Ammoniacal nitrogen 3.5
Ureic Nitrogen 20.5
P20s so'luble_in neutral_ 8.0
ammonium citrate and in H,O
K20 16
Others 27.68
Micronutrients (%)
Boron 0.02
Copper 0.03
Iron (H20 soluble) 0.19
Manganese (H2O soluble) 0.05
Molybdenum 0.001
zinc 0.03

2.2 Selection of plants for measurement

Unless otherwise stated, all measurements were made on the fully expanded fifth
leaf of plants, about two days after the 7" leaf became visible (see plate 2.1C).
Wherever applicable, all leaf longitudinal (axial) distances were measured from the
leaf tip using a Perspex ruler. All plant samples were taken at approximately the
same time of the days (10:30 am — 3:00 pm) to control for possible effect of
endogenous rhythm (Martin and Meidner, 1971).
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2.2.1 Selection of cells for measurement

In single cell sampling experiments, only cells of the leaf abaxial epidermis were
used. Samples were taken at 6 cm from the leaf tip (see sampling in barley by Hinde
(1994)). The leaf surfaces/parts used in other experiments are stated in the relevant
sections. For convenience of nomenclature, the epidermis overlying veins (leaves

were of parallel venation) were called ridges while the (epidermal) regions between

Plate 2.1 Stages for cloning and sampling of T. virginiana used for the experiments

Four potted T. virginiana plants labelled A — D are shown (in the foreground). A — Newly
cloned plant; B — Six leaf stage (prior to sampling age); C — Early 7 leaf stage (sampling
age); D — Late 7 leaf stage (past sampling age). L = Leaf. The leaves are numbered
progressively according to their insertion position from the base of the plant. Leaf 1 (L1) is
the leaf closest to the root at its insertion. The plants were pictured while in the growth
chamber —hence other plants at the background.

the ridges/veins were termed troughs (Malone et al., 1991). Samples were taken
from only trough cells of the epidermis. Ridge cells were avoided. Troughs were
numbered with respect to their proximity to the mid-rib; number one being closest to
the mid-rib. Cells within each trough were also similarly numbered. Opposite sides

were mirrored in numbering (see plate 2.2 A - C).
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“Leaf tip

Plate 2.2 Abaxial aspect of T. virginiana
A — Abaxial aspect of T. virginiana leaf (number 5) cut from the leaf base. B — Microscope

picture of a section of the leaf epidermal strip taken from the area in ‘A’ indicated. Ridges
were numbered from the centre outwards on both (right (Rt) and left (Lt)) sides. The mid-
rib (mid ridge) and veins/ridges (positions of vascular bundles) were not sampled. All
samples taken from troughs (positions between vascular bundles). C — Enlargement of a
section of image B, showing the numbering system used for identifying positions of
individual cells. Cells 3, 4, 10 and 11 are guard cells. Apical subsidiary cells were labelled
2’5 (read as 2 prime 5) or vice versa, 52 and 12°9. Juxta apical cell was labelled 2B etc.

Average leaf length (in all the experiments) in this research was 30.5 + 1.3 cm.
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2.2.2 Preparation of bulk leaf sap sample

A modification of the method by Fricke et al. (1994), was used for obtaining sap for
analysis from bulk leaf samples. A pore, about 0.5 mm in diameter, was made at the
tip of a 1.5 ml microfuge tube using a needle. Three leaf sections (4 cm in length),
measured between 4 and 8 cm, 11 and 15 cm and 18 and 22 cm from the leaf tip,
were obtained by cutting with a pair of scissors. The measurement avoided the leaf
base. The mid-rib was dissected off using a sharp razor blade, and one side of each
leaf tissue was closed in a prepared microfuge tube. The remaining half was used for
preparation of epidermal strip (see section 2.2.3). Sides (right and left) were
alternated between whole leaf and strip if replicates were studied. In some
experiments (indicated in the relevant sections), however, both sides (right and left)
were put in different tubes and used for whole leaf studies only.

The tubes were immediately frozen in liquid nitrogen. At the end of 2 minutes,
tubes were removed and allowed to thaw at room temperature for one minute. A new
1.5 ml microfuge tube was attached under the perforated tube containing the thawed
leaf section and was centrifuged (together) in a microfuge (Heraeus Sepatech,
Biofuge 15) for 2 minutes at 13,000 g. Sap collected in the new microfuge tube was
stored at -20°C and was used for analysis within 24h to ensure minimal changes in

solute concentration due to enzyme activity.

2.2.3 Preparation of epidermal strip sap sample

Epidermal strip samples were prepared, using the method of Weyers and Travis
(1981), from the abaxial epidermis of the (complementary) leaf tissue obtained for
the purpose of strip preparation referred to in section 2.2.2. As soon as the epidermis
was stripped from the leaf tissue, the steps outlined in section 2.2.2 were again

followed to obtain and store the sap.
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23 Single cell sampling

Single-cell sap, from trough cells in situ, were obtained from the abaxial aspect of
leaf in intact plants, by using silicone-oil-filled microcapillary as described by Malone
et al. (1989 and 1991). All single cell samples were collected from trough 2, 3 or 4.
Sampled cells were at least four cells apart, to minimize interference from punctured
cells. Volume of extracted sap varied according to cell type, ranging from
approximately 200 pl in pavement cells to about 10 pl in guard cells. In all studies
involving guard cells, sap from 6 to 24 cells were pooled together, depending on the
minimum volume requirement for the experiment. Extracted sap was immediately
deposited in cold water-saturated paraffin oil (Tomos et al., 1994), and placed on ice,
until analysis, to prevent evaporation and reduce metabolic rate within the sample.
In experiments requiring open stomatal conditions for sampling, and for all
subsampling, a Leica Wild M8 stereomicroscope (Leica UK Ltd, Wood Milton
Keynes, MK14 6FG UK) was used. The microscope, in addition to its normal range
of 16—100X when using 25X eyepiece, was equipped with a 1.6X extender. The
extender was attached only when sampling. All other single cell sampling
experiments and stomatal aperture manipulations were carried out using Zeiss LSM
510 Axioplan 2 imaging microscope (Carl Zeiss AG; Carl-Zeiss -StralR3e 22 73447
Oberkochen, Germany) at magnification of 250x. The higher resolution power and
motorized stage of this system enabled better precision when sampling cells with
small volume especially guard cells of closed stomata. Illumination for all sampling
and subsampling procedures was provided by a 150W quartz-halogen Schott
KL1500 cold light source (Schott Glaswerke, W — 6200 Wiesbaden 13). Leaf
temperature (17.4 £ 0.8°C) was measured in representative samplings before and
after sampling sessions, using a fine copper/Constantan-wire thermocouple applied

firmly to the leaf surface. Room temperature was 18.3 + 1.3°C.

2.3.1 Subsampling of extracted samples

Subsampling of extracted samples was done prior to quantitative analysis of solute
content except where otherwise stated. All pipetting of microsamples (microdroplets)

was performed under the water-saturated paraffin oil (see section 2.3) using a
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constriction pipette. Equal volumes of the appropriate (internal) standard (i/s)
(indicated in relevant sections) and the extracted sample were mixed in reverse-
osmosis-purified 18 MQ. cm* deionized water (dH20) (ELGA UHQ LabWater, Unit
10 Lane End Industrial Park, Lane End, High Wycombe HP14 3BY).

24 Production of microcapillary tips

Microcapillary tips were prepared from 1 mm O.D X 860 pum I.D borosilicate glass
capillary tubing (Clark Electromedical Instruments, Pangbourne, Reading, England)
using a commercial capillary-tip puller (Harvard Apparatus, Sheerness, Kent ME12
1RZ). The capillary tips were pulled to about 1 um O.D. Heat and solenoid puller
settings of 90 and 35 respectively were used, and gave tips with steeply tapering
geometry. Tip I.D. of about 5 um (used for all sampling and subsampling) was
achieved by abrading the pulled tip against a cold heating element of a De Fonbrane
microforge (Alcatel, 98 avenue de Brogny 74009, Annecy Cedex, France) until the
required I.D (5 um ) was achieved. This microforge was also used for making the
constriction pipettes.

To produce a constriction pipette, the heating element was used to heat a
point on a prepared (as described above) sampling capillary tip placed in close
proximity to it. The capillary then bends and constrict at this heated point. Typically
constricted pipette volumes were approximately 10-15 pl volume (Fricke et al.,

1994c). This is the volume from the prepared tip to the point of constriction.

25 Stomatal aperture manipulation

A time course for stomatal opening and closing was studied using white light (see
light source in section 2.3) and green light respectively, for opening and closing the
stomata. To obtain green light, a 12.5mm diameter KG-3 heat-absorbing green filter
glass (supplied by Edmund Optics Ltd, 1, Opus Avenue Nether Oppleton, North
Yorkshire YO26 6BL) was applied to the light source (in section 2.3). The light
source was positioned to deliver 300 pmol.m2.s? of white light on the leaf surface.
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This corresponds to the light intensity at which the plants were grown (Bjoérkman,
1981) (see section 2.1). Light intensity was measured using a SKP 2200 2-channel
Ratio Display Meter attached to Pyranometer sensor (made by Skye Instruments
Ltd, Unit 21, Dole Enterprise Park, Llandrindod Wells LD1 6DF). This light meter was
also used for all light intensity measurements in this project except where otherwise
stated.

Microscope pictures of three stomata were taken at intervals of 5 minutes for
two hours, using a GX-CAM 9.0MP microscope camera (GT Vision Ltd, Aspen
Grove Farm, Assington Green, Suffolk, CO10 8LY, UK), attached to a Windows
laptop equipped with GT Camera Drivers and GX capture software version 7.3.1.7
(made by the same company) (Franks et al., 1995; Talbott et al., 1996). Stomatal
aperture, taken as the diameter across the stomatal pore at the mid-point of the
aperture of each stomatal complex (at maximum aperture width), was measured
using the GX capture software (see plate 2.3) and plotted against time taken to

achieve the aperture (see figure 2.1).

Plate 2.3 Stomatal aperture response to white light

Stomatal aperture after (A) 20 mins and (B) 110mins of exposure to white light at intensity
of 300pumol.m=2.s?,
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Figure 2.1 Time course for stomatal opening under white and green light

Stomatal aperture changes under 300 pmol.m-2.s-! of white light showed saturation to
white light (blue colour) and decreasing aperture after 90 minutes. Green light (red colour)
did not open stomata. (n = 3). Error bars represent + sd

2.6 Determination of cation and anion content of samples

A modification of Bazzanella et al. (1998) method was used for the analysis of anion
(inorganic and organic) and cation (NH4*,Na*, K*, Ca®* and Mg?*) content of
extracted sap (Tomos, 2016).

The experiments were carried out on a laboratory-built capillary zone
electrophoresis (CZE) system, equipped with a Lambda 1000 UV detector (Bischoff,
Leonberg, Germany) and a high voltage power supply type HCN 6 M-30000 from
FUG (Rosenheim, Germany). Untreated fused-silica polyimide-coated capillaries
(Chromatographie Service, Langerwehe, Germany) of 50 um internal diameter (i.d.),
365 um external diameter (O.D.) (Composite Metal Services Ltd, Shipley, W. Yorks,
UK.) measuring 72 cm in length (57.5 cm effective length), were used. On the
injection side, the outer diameter of the capillary tip was conically reduced to about
70 um by manual grinding on a fast-rotating corundum disk (see plate 2.4 B) in order

to facilitate sample injection into the capillary.
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Sample injection was by manual suctioning with a syringe barrel (under
paraffin oil). The suctioning (capillary) tip was then transferred into a buffer. All
operations were observed with the stereomicroscope (see section 2.3).

Anions were analysed using a pyromellitic acid (PMA) buffer (pH 8.0),
containing 3.5 mM pyromellitic acid (PMA) (Fluka), 21 mM Tris (hydroxymethyl)
aminomethane and 1.4 mM DoTAOH (Dodecyltrimethyl ammonium hydroxide) (both,
from Sigma-Aldrich). The DoTAOH was prepared from the bromide salt (DoTAB)
using an anion exchange column. Imidazole buffer, pH of 4.5 (adjusted with H2S0Oa4),
containing 5 mM Imidazole (Fluka) and 2mM 18-crown-6 ether (1, 4, 7, 10, 13, 16-
hexaoxacyclooctadecane) (Merck, Darmstadt, Germany) was used for cation
analysis.

The CZE separation was achieved at 23 kV (320 V.cm™) using a current of 8
and 5 pA respectively, for running anions and cations. Detection was by the indirect
UV method (PMA or imidazole displacement) at 246 nm for anions and 214 nm for
cations. Bromide and caesium ions were used as internal standard (Dose and
Guiochon, 1991) for anions and cations respectively (Tomos et al., 1994). The data
was processed using Clarity Lite Chromatography version 5.0.3.185, (DataApex Ltd)
commercial software. Plate 2.5 A and B) respectively show an example of lateral
subsidiary cell sap separated in PMA (A) and imidazole (B) buffer.

Peaks were identified by spiking with standards of known concentrations to
confirm each solute. To do this, a solute of four-fold greater concentration than
prepared in the standard to be run is added to the mixture of the standards and
analysed in the CZE. The peak for the spiked solute shows an increase
corresponding to the increased concentration. The process is repeated three times
for each solute to confirm its peak.

A standard calibration curve incorporating the internal standard at 50 mM was
previously constructed using anion and cation concentrations ranging between 1 and
100 mM. This standard curve was used to determine the anion and cation

concentrations in samples.
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to electric rotor
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Plate 2.4 Equipment for conically grinding the fused-silica capillaries to reduce the outer
diameter

The grinding process was observed through the microscope. Inset shows the capillary
passed through a rotator and the stabilizer, to the corundum surface. A — The capillary
was rotated and moved back and forth with the aid of the screw-attached rotator. The
micromanipulator functioned both as the base and a lever for lifting the capillary off the
corundum. Typically grinding duration was 4-7 minutes. B — Shows a typical tip post
grinding.
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Plate 2.5 Separation of (A) anions (with PMA) and (B) cations (with Imidazole) in
subsamples from the same lateral subsidiary cell vacuolar sap.

Two independent electrophoretograms are shown for anions (A) and cations (B).
Capillaries: 72 cm (57.5 cm effective length) 50 ym 1.D., 365 ym O.D.; 70 ym O.D. at
injection tip. Vacuum injection at 206.86 torr (equivalent to 0.028 mPa) Indirect UV
detection - reversed output polarity to achieve positive peaks. Electrolytes: (A) 3.5 mM
pyromellitic acid, 24 mM Tris, 1.4 mM DoTAOH, pH 8.0; Indirect UV detection at 246 nm.
(B) 5 mM imidazole sulphate, 2 mM 18-crown-6, pH 4.5.; Conditions: voltage 21.3 kV, (A)
current 8 pA; (B) current 5 pA. Peaks: (A) 1- Bromide; 2 — Chloride; 3 — Sulphate; 4 —
Nitrate; 5- Oxalate; 6 and 7 — unknowns; 8 — citrate; 9 — malate; 10 — phosphate

(B) 1 — Caesium; 2 — NH,*; 3 — K*; 4 — Na*; 5 — Ca?"; 6 — Mg%".

2.7 Leaf geometry

Cell types were identified and parameters such as stomatal density, stomatal index
(and the variations thereof), distribution and variation in cell sizes and relative
proportion of the cell types per mm? of leaf epidermis were quantified. For
parameters involving counting of cells, such as stomatal density and stomatal index,
cells within 0.1 mm? squares (or rectangles) were counted (Gupta, 1961) instead of
using a more conventional 1 mm?2. This is because the width of some troughs,

especially near the tip, were often less than 1 mm. In addition, for these purposes
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and wherever needed, all the components of the stomatal complex were counted
and measured as if they constituted a single cell.

Leaves 5 and 6 of three randomly selected plants were cut at the leaf base
and the leaf lengths were measured. Cuttings of 3 cm length were made (see section
2.2.2). Each (3 cm) cutting was split in two (right and left) at the mid vein and the
abaxial epidermal strip of each side was prepared (as detailed in section 2.2.3).
Using the GX-CAM microscope camera, images of the distal end of the strip were
taken under the Zeiss LSM 510 Axioplan 2 imaging microscope (see section 2.3) at
250X. DAPI (4', 6-diamidino-2-phenylindole) LP 397 FSETO1 filter which enabled cell
wall auto fluorescence was applied for better demarcation of cell wall boundaries.
The images were analysed with the GX capture software (see section 2.5). The
number of veins (ridges) and regions between veins (troughs) were counted on each
side. Stomatal index and density as well as the sizes of cell types and proportion of
the epidermis occupied by the cell types were determined. Plate 2.6 shows one
example of a sampled abaxial strip and the key measurements (ridge width, trough
length and width and cell type sizes) made with the GX capture software. The
number of different cell types within trough was manually counted. The GX capture
software is intelligent only to the point of determining the distance between two
points set by the user, labelling and organising such in tabular form. Therefore, all

cell identifications were done manually.
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Plate 2.6 A typical abaxial epidermal strip.

This plate shows abaxial surface of T. virginiana epidermal strip auto-fluorescing under
DAPI LP 397 FSETOL1 filtered light - the key measurements made with GX capture
software. L = Measurement (followed by the nominal order in which measurement was
done). L2 and 5 were nearer to the leaf base (proximal end) while L1 and 4 were nearer
the leaf tip distal end). Difference between L2 and L1 showed the gradual decrease in vein
width towards the leaf tip. Stomatal density and index were determined with and refer only

to the trough cells.

2.8 Determination of bulk leaf sap solute concentration

Sap from the 5" |eaf of three randomly selected plants were prepared for CZE
analysis as described in sections 2.2.2, 2.2.3 and 2.6. The anion and cation contents

of whole leaf and abaxial epidermis were determined as described in section 2.6.
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29 Determination of leaf malate concentration using an
enzymatic method

Whole leaf and strip sap samples obtained from leaf five (see sections 2.2.2 and
2.2.3) of four randomly selected plants, were analysed for malate content, using an
enzymatic assay linked to the reduction of nicotinamide adenine dinucleotide (NAD")
(from yeast) (Lowry, 2012). In the reaction, L-malic acid (L-malate) is oxidized by L-
malate dehydrogenase (LMDH) (made from pig heart by Roche diagnostics, GMGH,
Germany) to oxaloacetate in the presence of NAD*. The amount of L-malate present
in the sample is stoichiometric with the amount of reduced nicotinamide adenine
dinucleotide (NADH) formed.

L-malate + NAD* < oxaloacetate + NADH + H*

The reaction is usually inhibited by the build-up of oxaloacetate as the
reaction equilibrium tends to the left. A second enzyme, glutamate-oxaloacetate
transaminase (GOT) (from porcine heart) is added to the reaction mixture to bring
the reaction equilibrium to the right by converting oxaloacetate to L-aspartate in the

presence of L-glutamate.

Oxaloacetate + L-glutamate < L-a%pgl{tate + 2-oxoglutarate.

The increase in NADH was measured with a spectrophotometer (Jenway,
6405 UV/Vis) using its absorbance at 340nm. Glass cuvettes were used. All the
chemicals used, were of > 97% (HPLC assay grade) from Sigma-Aldrich, USA,

unless otherwise stated.

210 Single cell solute content

Depending on the experiment being performed, vacuolar contents of single cells
from the epidermis (Fricke et al., 1994) were sampled and analysed as detailed in
sections 2.3 and 2.6. The sampled cells were described in the relevant subsections.

The system used for numbering the cells is shown in plate 2.2 — C. All samples for

78



open stomata state were taken at between 1 and 2 hours of illumination (see section

2.3), unless otherwise stated.

2.10.1 Comparison of different troughs

Pavement, lateral and apical subsidiary cells at similar locations in troughs 2, 3 and 4
were sampled and analysed for anion and cation contents. Samples were obtained
from 24 plants. Pavement cells at positions 1, 8, 18 and 28 (see plate 2.2 C), lateral
subsidiary cells at positions 5, 12 and 22 as well as positions 2°5, 1217 and 18 21 of

apical subsidiary cells were sampled.

2.10.2 Comparison of troughs on different sides of the mid-rib

Pavement and apical subsidiary cells of troughs 2, 3 and 4 on both (right and left)
sides of the mid-rib of four randomly selected plants were sampled and analysed.

Similar positions as in section 2.11.1 above were used.

2.10.3 Comparison of open and closed stomata state

Samples were taken from each cell type of the epidermis (pavement, juxta apical,
guard, lateral and apical subsidiary cells) of three randomly selected plants for study
of each cell type when the stomata were either open or closed (Penny and Bowling,
1974) - using microelectrode). Pavement cells at positions 1, 18 and 28, juxta apical
cells at positions 2B, 8B, 18B and guard cells at positions 3, 10 and 20 were
sampled. Guard cell samples were pooled from 6 cells for each position. Apical and
lateral subsidiary cells were sampled from similar positions used in section 2.11.1.
Same plants were used, but sides (right and left) were alternated, for open and
closed stomata studies. White and green light were applied as described in section

2.5, for opening and closing of the stomata.
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2.11 Osmotic pressure measurements

The osmotic pressure of whole leaf, abaxial epidermal strips and each cell type of
the epidermis (see section 2.2.1) of leaf five was measured with the picolitre
osmometer, using the freezing-point depression method of Malone et al. (1989). A
glass microscope slide with vertical and horizontal lines drawn on its blackened
surface (using a felt pen) was mounted on the picolitre osmometer using a heat sink
paste (RS components, Birchington, Corby, Northants, UK) placed on the blackened
side. Approximately 120 pl of samples were dropped on the glass slide under 2 pl of
dH20-saturated paraffin oil. A glass coverslip covered the sample chamber. The
melting point of the last ice crystal in any sample droplet was recorded and used to
determine its osmolality from a standard curve of know NaCl standards. A dry air
stream and cooled water (conduit passed between ice packs) was used to
respectively, prevent condensation to permit view from top and act as heat sink for
the two Peltier coolers.

The osmotic pressure of an artificial sap solution of solutes made to the recipe
of typical concentrations determined by CZE from whole leaf, abaxial epidermal
strips and single cell samples (at opened and closed stomata conditions) was also
measured. Wherever comparison of osmotic pressure was needed subsamples of
the required sap were used. All the chemicals used for the artificial sap preparation

were of Analytical laboratory grade (Analar) from Sigma-Aldrich.

212 Statistical analysis

Data was analysed using IBM SPSS version 22 for Windows. In single cell studies
data, one-way ANOVA between cell-types was applied. Students’ t-test was applied
to all other data. Results included means and standard deviations assuming normal
distribution of data and homogeneity of variance. Normality was tested using
Kolmogorov-Smirnov test and showed data to be normally distributed (p > 0.05).
Significance is expressed at 95% confidence limits. This analytical method was

applied in all relevant experiments. Unless otherwise stated, in all reported t-tests,
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the test statistics (p values) represent the probability at 95% confidence interval in an

unpaired two tailed student’s t-test assuming equal variance.
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Chapter 3 Whole leaf and strip studies

3.1 Introduction

In preparation for the analytical work described in the ensuing chapters of this thesis,
a survey was made of the overall geometry and charged-solute profile of mature
Tradescantia virginiana leaf. Leaves are of central importance in the physiology of
plants. In addition to being the main site of photosynthesis, they control the uptake of
water and inorganic nutrients (Epstein, 1972), regulate water loss (Edwards et al.,
1982) and COz2 gain (water use efficiency) and regulate the plants’ internal
temperature (Nobel, 2009). The major site of this control is the leaf epidermis which
is described as a multifunctional apparatus that, in the main, hydraulically manages
the plant’s interaction with biotic and abiotic environmental factors. These functions
are performed by different specialized cell types acting in synchrony with some or all
the other cell types. For this to be achieved, the cell types of the epidermis are
distributed in an ordered (non-random) pattern throughout the leaf surface (Korn,
1972), and may vary in their solute composition depending on the prevailing supply
of solutes from the environment (Epstein, 1966; Fricke et al., 1994b; Leigh, 1997).
The patterning of these epidermal cell types as well as the content and
concentrations of charged solute in whole leaf and the epidermis (strip) are explored
in the chapter. The epidermis comprises adaxial and abaxial epidermis, and
heterogeneity in solute content and concentrations has been demonstrated, in
previous works, between the adaxial and abaxial epidermis (see section 1.14.1). In
addition, the abaxial epidermis of all non-aquatic plants have significantly higher
stomatal frequencies than the adaxial epidermis (Willmer and Fricker, 1996). In all
strip studies describe in this thesis attention is, therefore, focused on the abaxial

epidermis.
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3.2 Leaf epidermal geometry

3.2.1 Introduction

The determination and patterning of epidermal cell types depend on the cell
lineage, cell orientation and relative cell position during the earliest parts of leaf
development. Through cell expansion during maturation, the cells assume shapes, fit
for the main purposes of providing the mechanical strength needed to support cells
over the large air spaces in the underlying mesophyll layers as well as the control of
CO2 and water vapour gateway to the photosynthetic and water relations
mechanisms.

Studies show that leaf epidermal anatomy and morphology affect the
photosynthetic activity of the leaf (Chabot and Chabot, 1977; Jellings and Leech,
1984). Additionally, these morphologies change in response to environmental cues.
For example, aside from stomatal adaptations (Berry and Bjorkman, 1980; Turner,
1986; Willmer and Fricker, 1996), the size of pavement cells decreases (with
consequent increase in cell density) in order to better control water loss (Bosabalidis
and Kofidis, 2002) under situations of drought. To this effect, the scope of and
variations in these leaf epidermal parameters, such as stomatal frequency and size,
in response to environmental cues, have been of great interest to biologists since the
late 18™ century (Hedwig, 1793, Humboldt, 1798; both quoted in Sack and Buckley
(2016). These variations are observed in both eudicots (Arabidopsis thaliana as

model) and monocots (Tradescantia virginiana as model) (Croxdale, 1998).

3.2.2 Stomatal parameters

3.2.2.1 Stomatal density

Stomatal density, also known as the stomatal frequency, is the number of stomata
(defined in this research work and in literature, where applicable (Willmer and
Fricker, 1996), as the stomatal complex) in a unit area of a leaf surface. Stomatal
density varies in plants within phyla, classes and even species. For example within
ferns and tracheophytes stomatal density ranges from as low as 16 mm= on the

adaxial surface of Larix decidua (a gymnosperm) to as much as 2200 mm-2 in
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Veronica cookiana, a dicot (Willmer and Fricker, 1996). Generally, in monocots
(order to which T. virginiana belongs) stomatal density on the abaxial surface ranges
between 23 mm=2in T. virginiana and 175 mm in Allium cepa. Within a plant,
stomatal density is fairly constant from one mature leaf to another under constant
growth conditions but varies between the adaxial and abaxial surfaces (Willmer and
Fricker, 1996). On the same surface of a mature leaf, stomatal density may also vary
from one region to another in a manner characteristic of the plant (Dunn et al., 1965),
modulated by its growth conditions (Gindel, 1969; Gay and Hurd, 1975; Woodward,
1987; Woodward and Kelly, 1995). Plant ABA levels, which vary according to water
availability, also affect the stomatal density (Nadeau and Sack, 2002; Lake and
Woodward, 2008). On the whole, stomatal density increases with decreasing
stomatal (complex) size (Drake et al., 2013). Invariably, since water movement in a
plant is in a continuum, changes in the demand and supply are signalled
continuously throughout the plant to modify stomatal aperture in mature leaves and

stomatal density in developing leaves (Nadeau and Sack, 2000).

3.2.2.2 Stomatal index

The stomatal index, the percentage of the stomata out of all cells on the epidermis,
on the other hand, is fairly constant in a plant (Salisbury, 1928; Meidner and

Mansfield, 1968). It is expressed as

Number of stomatal complex X 100
number of juxta apical +
number of pavement cells +
number of stomatal complex

Stomatal index =

Equation 3.1 Equation for stomatal index (Salisbury, 1928) modified.
In the original equation all cells that did not belong to the stomatal complex were classed as

pavement cells).
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This chapter gives a quantitative description of the epidermis of T. virginiana leaf
with a view to observing the positional relationship between the cell types and
ascertaining the optimum representative location(s) on the epidermis for sampling of
individual cells throughout this research project. The data was generated using the
GX-CAM microscope camera on the Zeiss LSM 510 Axioplan 2 imaging microscope
and processed with the GX capture software (section 2.7).

It had been envisaged at the onset of the programme to generate a detailed
map-matrix upon which to record the single-cell data. Such larger scale mapping

was not achieved.

3.2.3 Results
3.2.3.1 Summary

The epidermal cells are arranged in files as troughs separated by ridges (plate 3.1).
Cell sizes (measured as their surface area) were larger in troughs around the midrib
and the central portion than at the leaf edges (see figure 3.4). The proportion of the
trough area per mm? occupied by the pavement cells were higher (71%) in troughs
near the midrib but lower (60.5%) in troughs near the leaf edge (see figure 3.5). Thus
the stomatal density within the troughs showed an increase from 17.1 mm2to 40.1
mm-2 from the midrib troughs to the edge (see figure 3.10). The stomatal index was

similar in all the troughs (see figure 3.7).

3.2.3.2 Cell types on T. virginiana epidermis

The surface of T. virginiana leaf (plate. 3.1) is composed of two alternating file types
containing, altogether, six different cell forms. One file type (the ridge) is composed
of a single, uniform, cell form. Ridges overly the vascular bundles; the leaf being of
parallel venation. At the edges, the ridge is made up of single file of cells, but as
many as ten cell files may be found at midrib. The other file type (the trough) is
composed of 5 cell types; the pavement, ‘juxta apical’, apical and lateral subsidiary
cells and the guard cell. All the cells in all the files are arranged such that their long
axis lie along the long axis of the leaf, except the apical subsidiary cells which lies

across this axis. The apical as well as the lateral subsidiary cells surround a pair of
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guard cells and, together with it, constitute the stomatal complex. The lateral
subsidiary cell is in contact with the whole extent of the dorsal wall of the guard cell
leaving the small apex of the guard cell to contact with the apical subsidiary cell. In
this way the two lateral subsidiary cells appear to isolate the guard cell anatomically
from the rest of the epidermis. The complex is dispersed at intervals along files of
pavement cells. Between adjacent apical subsidiary cells of adjacent complexes, lie
the juxta apical cells. Thus, six cell types were identified namely: Two pavement cell
forms, one form each, of juxta apical, guard, apical and lateral subsidiary cells. The
two pavement cell types are found, one in the ridges and the other on the troughs.
Pavement cells in the trough are on average circular (on surface view) while the
pavement cells on the ridges are strictly rectangular. The cell types differ in sizes
though cell size does not constitute a distinguishing characteristic of the cell type. All
the cell files in ridges and troughs lie on the same plane except the midrib which is
elevated. Plate 3.1 shows a confocal microscope picture of a typical T. virginiana

abaxial leaf surface.
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Plate 3.1 Auto fluorescence (excitation 351, emission 430 nm) image of a section of a
typical abaxial epidermis of T. virginiana showing two troughs on both sides of a ridge.
Auto-fluorescence was used for clearer demarcation of the cell boundaries.

RPC = Ridge pavement cells; P = Pavement cell; J = Juxta apical cell; A = Apical
subsidiary cell; L = Lateral subsidiary cell; G = Guard cells; SC = Stomatal complex,
shown within perimeters of the dashed line. The SC is made up of a pair each of guard
cells, apical and lateral subsidiary cells.

3.2.3.3 Relative size (surface area) of each cell type of the epidermis

When calculating the surface area of the different cell types in troughs the cells were
assumed to be circular in shape (Raschke, 1979). In practice, the average of the
horizontal and longitudinal diameter was used in calculating the area and all the

measurements were taken across the cell centre. Measurements were made
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according to the schedule in chapter 2, using the microscope camera software. The
diameters of three randomly selected cells in three randomly selected pictures at 6
cm intervals from the leaf tip were measured. The random selection of cells in any
trough involved the selection of any set of three cell in the same longitudinal plane.
The cells were the first and the last cells respectively next to the ridges, proximal and
distal to the midrib (see plate 3.2 B) as well as the most central cell (of the type) for
each cell type). This form of measurement was used in all the measurements done
for this report, except where otherwise stated.

Trough 1 Trough 2

. o

fr

Proximal Ridge

Distal Ridge

Plate 3.2 Sampling positions used for measurements involving cell types on the abaxial
epidermis of T. virginiana.

‘A’ and ‘B’ are abaxial epidermal strips of T. virginiana. ‘A’ shows the midrib and two
ridges on the right (and left — not emphasized) of the midrib subtending two troughs. ‘B’
shows an enlarged picture of trough 2. Pavement, Juxta apical and stomatal complex cells
in the positions respectively marked with circle, square and triangle marks are measured
in any selected trough.

Pavement cells A Juxta apical cells M Stomatal complex

Figure 3.1 shows the relative sizes (in terms of surface area) of individual cell types.
Typically, the pavement cells were the largest component constituting 43% of the

total area covered by the cell types. The juxta apical, apical subsidiary, lateral
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subsidiary, and the guard cells made up 30, 13, 11 and 2.6% respectively of the total

area of the cell types.

4 )

Epidermal
43%

Apical. SS
13%

\

- J

Figure 3.1 Surface area of the typical cell types in the abaxial epidermis of T. virginiana
trough.

3.2.3.4 Variations in cell size along the longitudinal axis of a leaf

The sizes (surface area) of the stomatal complex (here treated at a single cell unit),
the juxta apical and the pavement cells were measured in leaves 5 and 6 of three
plants. Measurements were made as described in section 2.7. The stomatal complex
was measured as if it constituted a single cell. All measurements were made in
trough 3 on both (right and left) sides of the (leaf) midrib. Three cells were sampled

at each spot starting at 1.9 cm from leaf tip and continuing at 3 cm intervals towards
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the leaf base. Only three cells were used to avoid number bias against the stomatal
complex in places where the number of stomata were limiting.

In all the leaves, cell sizes showed a steady increase from the leaf tip to 10.9
cm from the tip, plateaued through approximately 6 cm before steadily decreasing to
below 0.02 mm? at 28.9 cm distance from the tip (appendix 12). As well, in all but
one unusual leaf (leaf 5 of plant 3) sizes of the stomatal complexes, pavement and
juxta apical cells were similar within the distal third (from the 22.9 cm from leaf tip) of
the leaf.

In the proximal third of the same, unusual, leaf (appendix 12 E), the pavement cells
were larger than the stomatal complex and the juxta apical cells, while the three cell
types were of similar sizes in other plants. In contrast, in the middle third of all the
leaves (10.9 to 16.9 cm from tip) the different cell type had significantly different
sizes, which was similar to the results in the other leaves.

In all the other leaves, generally, pavement cells were significantly (p < 0.05)
larger than the juxta apical cells throughout the length of the leaf. The stomatal
complexes were the smallest. Within the mid third of the leaf, no significant change
in size (p > 0.40) was observed for any of the cell types. Beyond this zone, in the
distal third in all the leaves, the stomatal complex and the juxta apical cells show
strong similarity in size. Juxta apical cells were, however, not found beyond 25.9 cm
from the tip (i.e. in the leaf base) as little or no stomata (< 0.02.mm-?) exist there. In
one unusual leaf (leaf six of plant 3, (appendix 12 F)) only, stomatal complexes were
not found beyond 25.9 cm from the tip.

Thus, the individual plants showed satisfactory uniformity to allow for a more
generalized view of this variable cell size (figs. 3.3 and 3.4). The surface area of all
the cell types varied according to their distance from the leaf tip and the position of
the trough (relative to the midrib) in which they occur. Figure 3.2 shows the variation
in the sizes of the stomatal complex as well as the pavement and juxta apical cells
along the longitudinal axis of the leaf measured from the leaf tip. Cells were at least
an order of magnitude smaller at the leaf base than around half way between the tip
and the base (see plate 2.2(A)). Sizes of the stomatal complex ranged from 0.0004
to 0.086 mm?, the juxta apical cells, from 0.0004 to 0.106 mm? and the pavement
cells, from 0.0118 to 0.126 mm?. Equally, cells at the tip were at least three times
larger than those at the leaf base. Cell sizes (in all three cell types) increased

dramatically from 0.015, 0.023 and 0.038 mm? for the stomatal complex, juxta apical
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and pavement cells respectively, at 1.9 cm from the leaf tip to 0.077, 0.096 and
0.126 mm? at a distance of 10.9 cm from the tip. Between the 10.9 cm and 16.9 cm
from the tip, no significant change in cell size existed (p > 0.05). From this point on,
toward the leaf base, significant drop in cell sizes occurred, bringing cell sizes to
0.0004 mm? for the stomatal complex and juxta apical cells and 0.0118 mm? for the
pavement cells, at 28.9cm from the tip (the leaf base). All the cell types varied in the
same way from near the leaf tip up till 19.9cm from the tip. Beyond this point, the cell
types behaved differently with respect to their sizes. While stomatal complex sizes
remained unchanged between 19.9 and 25.9 cm, the juxta apical cell significantly
decreased in size at 25.9cm having behaved in a similar manner to the stomatal
complex before then. The pavement cells continuously decreased in size from the
distance of 19.9 cm till 22.9 cm (0.087 to 0.052 mm?) but then, reciprocal to the juxta
apical cells, significantly increased to 0.073 mm? at 25.9 cm from the tip. From this
point to the leaf base, all the cell types significantly decreased in size (see above).
Throughout the leaf the pavement cells were larger than the other cell types. Also, in
most parts of the leaf, the juxta apical cells were larger than the stomatal complex. At
the two extremes of the leaf however, the stomatal complex was larger. Notably,
juxta apical cells were absent near the leaf base, at the 28.9 cm distance from the

leaf tip.
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Figure 3.2 Variation in cell sizes (surface area) of the epidermis of T. virginiana leaf along
the abaxial surface. _
. Pavement cells . Juxta apical @ Stomatal complex cells
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3.2.3.5 Size variations in the horizontal axis

Across the leaf, from midrib to the edge, sizes of all the cell types also varied. Figure
3.3 shows the mean surface area of each cell type (stomatal complex, pavement and
juxta cells) in each trough (1 to 7). Trough one is immediately next to the midrib.
Trough 7 is next to the leaf edge. Patterns of variation in the cell size were
essentially similar in the pavement cells and the stomatal complex. The juxta apical
cells behaved a bit differently especially at the extremes - near the midrib and near
the edge.

In all the troughs, pavement cells were considerably (p < 0.01) larger than the
other cell types. The juxta apical cells were larger (p < 0.01) in the more central
troughs (troughs 2 to 5) but smaller in the more extreme troughs (1, 6 and 7) than
the stomatal complexes. The stomatal complex maintained the same size (0.04
mm?)in troughs 1, 2, 5 and 6 but became even smaller (0.03 mm?) in trough 7. In
centrally placed troughs, 3 and 4, the size became significantly (p < 0.05) larger
(0.05 mm?) than the cells in the other troughs. The pavement cells were of similar
size (0.09 mm?) between troughs 1 and 4 but became significantly (p<0.05) smaller
(0.07 mm?) decreasing to 0.06 mm? near the edge.

Near the midrib, the juxta apical cells had very small surface area (1.018
mm?). A four-fold increase in the surface area (0.08 mm?) was observed in the
following trough (trough 2). Juxta apical cells in the most centrally-placed troughs
(troughs 3 and 4) had similar surface areas (0.08 mm?). Beyond trough 4, the cell
size decreased progressively to 0.017 mm? in trough 7; near the leaf edge. In all, cell
sizes of all the cell types were largest at the central troughs (troughs 2 to 4) and

smallest at the troughs near the edge.
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Figure 3.3 Variation in cell sizes (surface area) of the epidermis of T. virginiana from leaf
edge to midrib on the abaxial surface
Error bars represent standard deviations. n = 6

. Pavement cells . Stomatal Comp|ex ‘ Juxta aplcal cells

3.2.3.6 Proportion of cell types in different troughs

From the above results, which suggest that cell types, especially the juxta apical
cells, varied in their sizes according to their (horizontal) trough location, three zones
were demonstrated. These include the zone where cell types were significantly small
(trough 1), the zone where cell sizes remained unchanged (troughs 2 through 4) and
the zone of gradual decrease in sizes (troughs 5 to 7). Sizes (surface areas) of all
the five cell types were measured in the right and left sides of leaf five in three
plants, at positions 10.9, 13.9 and 16.9 cm from the leaf tip. These measurements
were done in three selected cells in each zone at the above distances from leaf tip,
according to the schedule stated in section 2.7 above. The different cell types of the
stomatal complex were measured and treated separately. Representation of the cell
types in different parts of the leaf vary. The percentage share of cell types per mm?
of trough surface area in three typical locations is shown in figure 3.4 (A, B and C).
The locations were near the edge, the central portion and near the midrib, all at the
midpoint of the leaf length (between 10.9 to 16.9 cm from leaf tip), where sizes of cell
types appeared to be regular (see also figure 3.2). Area covered by stomatal
complex (i.e. product of number of cells and cell size) increased towards troughs at

the leaf edge from troughs near the midrib (from 7 to 10% for the subsidiary cells);
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suggesting that as sizes of stomatal complexes remained fairly constant across the
leaf, their number increased from near the midrib to the leaf edge. At the central
portion, the pavement, juxta apical, apical subsidiary, lateral subsidiary and the
guard cells covered 63, 18, 9, 8 and 2% respectively of the trough surface area.
Near the midrib, the respective areas were 71, 14, 7, 7, and 1% while in troughs near
the leaf edge, pavement cells constituted 60.5% of the trough area. The juxta apical,
apical subsidiary, lateral subsidiary and the guard cells covered 17, 10, 10 and 2% of
the trough area respectively. The juxta apical cell was associated with 88.45 + 9.70%

of stomatal complexes.
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Figure 3.4 Percentage share of cell types per mm? of trough surface at:

(A) adjacent to the midrib,

(B) the central portion and

(C) leaf edge — all measured between 16.9 and 22.9 cm distance from leaf tip
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3.2.3.7 Stomatal index

The stomatal index describes the proportion (expressed in percent) of cells, per unit
area of the epidermis that is made up of the cells of the stomatal complex. Along the
leaf length and across the width, the number of the pavement and juxta apical cells
as well as the stomatal complex (as a unit) were counted. Starting from 1.9 cm and
increasing by 3 cm towards the leaf base, from leaf tip, cells within 0.1 mm? at the
centre of each trough were counted in leaves 5 and 6 of three plants. Average for all
the troughs at each point (1.9, 4.9, etc.) was used for the index at that point in the
long axis of the leaf. Across the leaf, an average from each point in a trough was
taken for the index for each trough. In each case, the quotient of the number of
stomatal complex over the sum of the number of the stomatal complex, pavement
and juxta apical cells gave the stomatal index which was then expressed in
percentage (see equation 3.1).

Figure 3.5 shows the stomatal index (bubbles) as well as the changes in the
leaf width along the longitudinal axis of the leaves. Along the length of the leaf,
stomatal index was higher (20.4 + 0.9 to 30.6 + 2.4 mm2) within the distal two third
than in the proximal third (14.4 + 1.1 to 7.0 + 0.7 mm?). The stomatal index ranged
between 7 £ 0.7 and 30.6 + 2.4 %. It increased from the leaf tip (27.7 £ 2.0 %) to
climax at a third of the leaf length (30.6 £ 2.4 %) and gradually decreased to 20.4 +
0.9 % through the next third of the leaf. The remaining third of the leaf, mainly the
leaf base, (towards the leaf attachment) showed a significant decrease to 14.4 +
1.1% and subsequently decreased rapidly to 7.0 £ 0.7 % at the leaf base. At the leaf
base, 30cm from the leaf tip, the stomatal index was five and half times less than the
index at 8 cm from the tip. The leaf width at the corresponding positions had only
6.3% percent difference, being narrower at the leaf base. The mean index for the
leaf (as a whole) was 21.5 + 1.6 %. The index in the distal two third, the main
photosynthetic (greenish) part of the leaf was, however, 26.3 = 1.9%.
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Figure 3.5 Variation in leaf width and stomatal index as distance increases from the leaf tip
along the abaxial epidermis in mature T. virginiana leaf.

Bubble sizes represent the stomatal index (in % of total cell) and bubble positions show the
leaf width. Bubble insert is mean + sd.

On the other hand, no statistically significant variation (p > 0.05) was seen in
stomatal index of different troughs (see figure 3.6). The stomatal index in troughs
near the mid-rib and ones near the leaf edge were numerically similar. The central
two troughs had slightly elevated index. The stomatal index ranged between 23 + 2.0

% at the leaf edge and near the midrib to 30 * 2.9 % within the more central troughs.
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Figure 3.6 Stomatal index in troughs at different positions between the leaf edge and the
midrib.

Mean stomatal index in troughs up to 28.9 cm from the leaf tip. Position 1 is closest to the
midrib and position 7 is closest to the leaf edge.

Error bars represent standard deviation from 6 lengths from leaf tip taken at intervals of 3cm.
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Figure 3.7 shows a three-dimensional plot of the stomatal index against the leaf
length and width. Stomatal index was symmetrically distributed on both (right and
left) sides of the leaf. The epidermis over the midrib and other vascular bundle
positions did not contain stomata. Otherwise, the stomatal index appeared generally
uniform across the leaf between 1.5 and 20 cm from the leaf tip. Distribution beyond

25 cm from leaf tip was very sparse (1 to 10%).
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Figure 3.7 Pattern of the stomatal index on T. virginiana leaf.

Plot generated from Sigma plot software version 13.0.
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3.2.3.8 Stomatal density

Stomatal density is the number of stomata in a unit area of a leaf surface. Distinct
from, though of less descriptive importance, than the stomatal index, it indicates the
number of stomata in a unit area, irrespective of the number of other cell types. Thus
areas with smaller cell sizes (of all the cell types) tend to show higher density than
area with lager cell sizes even when the stomatal index for both areas are similar.
Stomatal frequency was studied along the longitudinal axis and across the width of
six mature leaves (leaves 5 and 6) from three plants using the same method in
section 3.2.3.7 above. The results show that stomatal density decreased along the
longitudinal axis but increased across the width of the leaf (figure 3.8 and 3.9).
Along the longitudinal axis, stomatal density decreased from 43.0 £ 3.0 cells per
mm? at the distance of 1.9 cm from the leaf tip to 16.6 + 1.5 cells per mm? near the
leaf base (25.9 cm from the tip). Between the tip and the distance of 16.9 cm the
stomatal density decreased steadily (43.0 + 3.0 to 17.4 + 1.2 cells per mm?). From
this point on, no significant variation occurred in the density until the leaf base (28.9
cm from the tip) where the density marginally increased to 22.4 + 1.1 cells per mm?.

The average stomatal density was 25.06 + 2.3 mm2,
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Figure 3.8 Variation in stomatal density as distance increases from the leaf tip along the
abaxial epidermis of mature T. virginiana leaf
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Error bars represent standard deviations. n = 6

Across the leaf width, stomatal density increased towards the edge from the trough
closest to the midrib (see figure 3.9). No significant difference exited between the
densities in the troughs near the midrib (troughs 1, 2 and 3). Density in the more
central troughs (troughs 4 and 5) were different from each other, (32.7 + 2.2 and
27.1 + 1.9 cells per mm? respectively) and were significantly (p < 0.05) higher than
those in troughs near the mid-rib. At the leaf edge, stomatal density was marginally

higher (p < 0.05) than the density in the more central troughs.
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Figure 3.9 Stomatal density in troughs at different positions between the leaf edge and the
midrib.

Position 1 is closest to the midrib and position 6 is closest to the leaf edge.

Error bars represent standard deviations. n = 6

3.3 Electrolyte content of bulk leaf

3.3.1 Introduction

This section describes scoping experiments designed to assess the global solute
properties of the plant tissues used in the project. This provided a context within

which the subsequent analysis of individual cells and tissue could be set.
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The major osmotica in the epidermis of plant leaves are the inorganic solutes
(Leigh and Tomos, 1993). Inorganic solutes in land plants are absorbed from the
soil/growth medium through the roots; although foliar (trans-cuticular) absorption has
also been observed following leaf spray (Mengel and Kirkby, 1978). Plant tissues
may vary in their solute composition depending on the prevailing supply of solutes
from the environment (Epstein, 1966; Fricke et al., 1994b; Leigh, 1997).

3.3.1.1 Effect of leaf age on solute composition

Previous works in our laboratory have shown that leaf solute composition changes
with leaf age (Hinde 1994, Fricke et al., 1994b; Fricke et al., 1995). These works
have shown that the assayed solutes (Cl-, NOs-, Ca?* and K*) may vary in
concentration as the leaf ages. In grapevine the concentration of the organic solutes
as well as the inorganic solutes increase with leaf age (Patakas and Noitsakis,
2001). In addition, deficient solutes may be replaced by some more available ones.
For example in Ca?* deficiency, K* may replace Ca?* (See Leigh and Wyn Jones
(1984)). Differences in nitrogen have also been found (Ackerly, 1992).

Aside from the content and concentrations, patterns of solute distribution in a
leaf also varies with leaf age. For example, Ca?* and K* distribution in Hordeum
vulgare epidermis change with increasing leaf age (Fricke et al., 1994). In the young
leaves, neither Ca?* nor K* show any differences in concentration on the two sides of
the leaf. As the leaf ages Ca?* becomes preferentially accumulated on the lower and
K*, on the upper epidermis. This demonstrates an uneven distribution of these
solutes between the adaxial and abaxial epidermis with increasing leaf age. The
reason for the redistribution of solutes appear to be due both to increased
permeability of plasma membrane in aging leaves and a sustained rapid influx of
solutes into younger tissues as against the lower influx capability in older tissues
(Jacoby and Dagan, 1969). Associated with the differences in influx capabilities is
the finding that the solute exchange rate is several orders of magnitude faster in the
cytoplasm than in the vacuoles at 25°C; and more at higher temperatures (Pitman,
1963). The decreasing influx to the vacuoles in older tissues, therefore, produces an
increasing cytoplasmic (relative to vacuolar) concentration (Jacoby and Dagan,
1969). Perhaps the most dramatic change with leaf age, especially with regards to

organic solute, is at the point when a leaf converts from a sink to a source of
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photosynthetic products during development (see review by Turgeon (1989)). At this
age, solutes for maturing organelles, such as Mg?* for the chlorophylls, as well as
solutes derived from photosynthetic products, such as malate, increase.

The variation with respect to individual Tradescantia plants and leaves within
any individual plant is the focus of this section. The study of these osmotica in whole
leaf was aimed at identifying these ions and the gross diversities and/or similarities
between the plants used in this programme. A general picture of the solute content
of the whole leaf was necessary to appreciate the dominant solutes involved in
control of osmotic activities in the plant. To achieve this, standard curves were
prepared for use in the quantification of solute concentrations obtained using CZE
(section 2.6). Plants were found to be sufficiently uniform so as not to complicate
subsequent work. Leaf age, however, was shown to be an important but predictable

variable.

3.3.2 Results

3.3.2.1 Standard curves

3.3.21.1 Anion standard

Standard anion solutions containing 50 mM bromide as internal standard were
prepared as described in section 2.6 and analysed by CZE. This, relatively recent,
technique allows fast and efficient quantification of microscopic quantities, and
involves little or no pre-analysis preparation of samples. Its basic requirement for
guantification of solutes is a standard curve of identified solutes. Therefore, some
analysis of the details of the standard curve is included here e.g. the relationship of
the signal to the intensity of different ion species.

Plate 3.3 illustrates four examples of CZE runs for 25, 50, 75 and 100 mM
anion mixes and the use of the Clarity software (section 2.6). Six anions (Cl,, SO4%,
NOzg, Citrate, malate and phosphate) are shown together with the internal standard
(Br)) which was 50 mM in each run.

Plate 3.4 illustrates the equivalent for succinate and tartrate and plate 3.5
shows a similar plot for oxalate (without the 25 mM preparation). Plate 3.3 — 3.5
show contaminant peaks (labelled). These appear to be coming from the deionized
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H20 used for preparing the internal standard (Checks on the H20 (blank) showed a
similar peak). Similarly, dH20 obtained from other locations (laboratories or

machines) showed similar peaks. It was thus, concluded to be a contaminant in the
H20 supply to the laboratory system. It is noteworthy that other analysis run before

this present one did not have such a contaminant (cf plate 2.5 A).
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Plate 3.3 Constructing standard curves for six major anions (CI-, SO+*, NOg", PO.*, citrate
and malate)

Five independent electrophoretograms are shown each, containing an individual
concentration (ranging from 0 to 100 mM) of solution. A constant concentration of 50 mM
of Brwas used as an internal standard in each run. The electrophoretograms are
superimposed arbitrarily in the vertical axis (to avoid overlap). The Clarity software output
is illustrated. Absolute mobility varied for a range of reasons and have not been
normalized here. A contaminant can be seen in the H>O blank and in all traces at around 7
minutes. Electrolytes: (A) 3.5 mM pyromellitic acid, 24 mM Tris, 1.4 mM DoTAOH, pH 8.0.
Capillaries: 72 cm (57.5 cm effective length) 50 pm 1.D. 365 pm O.D., 70 um O.D. at
injection tip. Conditions: voltage 21.3 kV, Current 8 YA;

1- 50mM Bromide; 2 — Chloride; 3 — Sulphate; 4 — Nitrate; 5 - citrate; 6 — malate; 7 —
phosphate.

H.O blank ——25mM ——50 mM 75 mM 100 mM
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Plate 3.4 Constructing standard curves for succinate and tartrate

Four independent electrophoretograms are shown. Other details as with plate 3.3. CI- and
NOs" were also included in the run. 1 — 50 mM bromide; 2 — Chloride; 3 — Nitrate; 4 —
Tartrate; 5 — Succinate. 2 and 3 were used as position marker. The contaminant appeared

just before the expected position for malate peak.
25mM —50mMM  —75mM  ——100mM
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Plate 3.5 Constructing standard curves for oxalate
Three independent electrophoretograms are shown. Other details as with plate 3.3. 1 — 50
mM bromide; 2 — Oxalate. The last peak is a contaminant also seen in plate 3.3 and 3.4

above. _ 5o mm —  75mM — 100 MM

The ratio of the solute to internal standard signal was directly proportional to the
solute concentration in all the solutes. The gradient of that relationship was,
however, different for each of the solutes although some were very similar (see
appendix 1 and 3). Chloride had the lowest gradient of 0.0178 solute to internal
standard signal ratio per unit change in concentration. Compared with Cl-, all the
other solutes had higher gradients, NOs - 1.062, PO4* - 2.000, succinate — 2.006,
oxalate — 2.067, malate — 2.124, tartrate — 2.135, SO4% - 2.135 and citrate — 3.011.
Thus, CI- and NOs™ had very similar gradients, and PO4* succinate, oxalate, malate,

tartrate and SO4?" also had similar gradients. The ionization of any solute
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depends on the pH of the solution. In order to properly account for the movement of
the species during electrophoresis and the charge balancing within the cell (charge
must be essentially neutral), knowledge of the net charge expected for each species
at any given (or expected) pH is needed.

Table 3.1 shows the calculated net charge for each of the anions — based on

Henderson-Hasselbalch equation (Hasselbalch, 1916).

pH = pKa + logio [A)/[HA] ...oceiiiaiit. Equation 3.2

(Where [HAT] is the molarity of the acid and [A7] is the molarity of the conjugate base
of the acid). pKa values were obtained from Dawson et al., (1986).

The gradient of the individual curves (appendix 3) followed their net charges at the
pH of the running buffer (pH 8.0). For example, table 3.2 shows that both CI- and
NOs", which possess equal (one) negative charge, had equal gradient (0.018).
Similarly, malate, oxalate, succinate and tartrate, with two carboxylic (-COOH)
groups, as well as SO4% each with two negative charges had approximately equal
gradients (0.037). Their gradients were thus, twice that of CI- and NOs". At pH 8
citrate possesses three carboxylic charged groups and therefore, had a gradient

(0.056) approximately three times that of CI- and NOs™ (appendix 3).
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Table 3.1 Calculated net charge at pH 8 for the anions using Henderson-Hasselbalch’s equation

crr S04 NOsz POs* Oxalate Citrate Tartrate Malate Succinate
lon pKa Charge pKa Charge pKa Charge pKa Charge pKa Charge pKa Charge pKa Charge pKa Charge pKa Charge
a -7 1 -3 1 -1.3 1 2.15 1 1.27 1 3.13 1 3.04 1 34 1 4.21 1
B -2 1 6.82 0.938 4.21 1 4.76 0.999 4.37 1 5.05 0.999 5.64 0.996
Y 12.38 0.000 6.4 0.975

2?:;:;1? 0.018 0.038 0.019 0.036 0.037 0.053 0.037 0.037 0.036

charge sum 1.000 2.000 1.000 1.938 2.000 2.975 2.000 1.999 1.995
normsi’;‘gfv';itth . | 1000 2.094 1.044 2.017 2.056 2.967 2.056 2.072 1972

Figure 3.10 shows that when normalized to CI-, a good correlation (R2 >0.9) existed between the charge found on the species and the

normalized gradients from the curves in (appendix 3).
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Figure 3.10 Charge to Cl-normalized gradient for anions

3.3.2.1.2 Cation standards

lonization of the cation species of relevance to this project is essentially unaffected
by pH. Plate 3.6 illustrates four examples of CZE runs for 25, 50, 75 and 100 mM
cation mixes. Five cations (NH4*, K*, Na*, Ca?*, and Mg?*) are shown together with
the internal standard (Cs*) which was 50 mM in each run. The progressive increase

in the solute detection time with increasing concentration of standards is normal.
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Plate 3.6 Four cation standards preparation separated with imidazole buffer
—25mM — 50 mM — 75 mM — 100 mM

Four independent electrophoretograms are shown each, containing an individual
concentration (ranging from 0 to 100 mM) of solution. A constant concentration of 50 mM
of imidazole was used as an internal standard in each run. The electrophoretograms are
superimposed arbitrarily in the vertical axis (to avoid overlap). The Clarity software output
is illustrated. Absolute mobilities varied for a range of reasons and have not been
normalized here. X is an arbitrary zero. Electrolytes: 5 mM imidazole sulphate, 2 mM 18-
crown-6, pH 4.5. Capillaries: 72 cm (57.5 cm effective length) 50 ym I.D., 365 ym O.D.; 70
pm O.D. at injection tip; Conditions: Current 5 pA. Peaks: 1 — 50 mM Caesium; 2 — NHs"; 3
— K* 4 - Na*; 5 - Ca?"; 6 — Mg%.
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Appendix 2 shows the individual analysis of all 3 repeats of each experiment, and
the individual standard curves of all 5 cations involved are shown in appendix 4. The
ratio of the solute to internal standard signal was directly proportional to the solute
concentration in all the solutes. The gradients of that relationship were also different
for each of the solutes, and followed their individual net charges. Table 3.2 shows
the gradients of each curve as calculated from the plot (appendix 4) Ammonium had
the least gradient of 0.0245 solute to internal standard signal ratio per unit change in
concentration. Compared with NH4*, all the other solutes had higher gradients, K* -
1.065, Na* - 1.110, Ca?* — 1.551 and Mg?* — 1.927. As shown in table 3.2, Na*, K*
and NH4* had approximatley same gradient (0.0264) while Mg?* had approximately
twice the gradient of NHs*. Ca?* gradient was however, less than two times the NH4*
gradient. The gradients of the cations in the curve in appendix 4 are as shown in
table 3.2.

Table 3.2 Gradients of the cation standard curves

Solute (mM) NH4* K* Na* Ca? Mg?*
Gradient 0.0243 0.0264 0.0274 0.0372 0.0473
Charge 1 1 1 2 2

The charges also showed a good correlation (R? > 0.7) with the NH4*-normalized
gradients (fig. 3.11).
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Figure 3.11 Charge to NH4*-normalized gradient for cations

3.3.2.2 Bulk measurement in leaf

3.3.2.2.1 Anions

To ascertain the possible solutes present in the plant (T. virginiana), their
concentrations and possible variations in solute content between them, whole
leaf sap was analysed. Four centimetre leaf lengths from (4 — 8 cm from tip of)
leaf five of experimental plants at fully expanded 5™ leaf stage (4 — 5 weeks
old) were frozen immediately after cutting and centrifuged after thawing, to
collect the sap content. Before freezing, each leaf cutting was split in two
along its longitudinal axis, into right and left halves. The mid-rib was not
included.

Nine anion species were recorded. Seven were identified and quantified
(Table 3.3) from known standards. In addition, two further components were noted

(Plate 3.7; also see plate 2.5A). A range of potential candidates (including formate
and propionate) were eliminated on the basis of their CZE mobility.
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Plate 3.7 Example anion content of whole leaf - separated with PMA buffer

One electrophoretogram is shown. Other details as with plate 3.3 The peaks include 1 — 100 mM
Bromide; 2 — Chloride; 3 — Sulphate; 4 — Nitrate; 5 — Oxalate; 7 — Citrate; 9 — Malate; 10 —
Phosphate; 6 and 8 — Unknown 2 and 3. The artefact appeared as in H20 blank (see plate. 3.3).
Electrolytes: (A) 3.5 mM pyromellitic acid, 24 mM Tris, 1.4 mM DoTAOH, pH 8.0 Capillaries: 72 cm
(57.5 cm effective length) 50 pm 1.D. 365 um O.D., 70 um O.D. at injection tip; Conditions: voltage

21.3 kV, Current 8 A,

3.5

4 5 6

Inorganic solutes, Cl, SO4%, NOs and PO4%, in addition to organic solutes, oxalate,
citrate and malate were found. Malate had the highest (approximately 160 mM) while
oxalate had the lowest (approximately 1.3 mM) concentration. Malate concentration
was more than twice that of CI- (mole for mole). No significant difference (p > 0.05)
was found between plants. Among the inorganic solutes, CI- had the highest
concentration (56.22 + 8.38 mM) followed by SO4% (46.24 + 10.38 mM), NOs" (40.58
+ 16.57 mM) and PO4* (29.57 £3.14 mM). Average citrate concentration was 31.40
+2.53 mM.

Table 3.3 Mean whole leaf anion concentration in leaves 4, 5 and 6 of 3 plants

n=9
PLANT 1
. Sulphate . Oxalate . Phosphate
LEAF Chloride (mM) (mM) Nitrate (mM) (mM) Citrate (mM) Malate (mM) (mM)
4 67.67 £19.05 | 53.02 +29.62 30.25 +0.67 1.27+£0.37 29.83+5.28 168.39 + 24.34 27.59 + 3.53
5 63.42 +7.55 41.90 +11.47 30.15+ 1.36 1.80+0.42 30.91 +5.04 155.53 £9.22 26.97 + 2.05
6 56.61 + 9.42 24.64 + 4.86 26.79+2.13 1.19+0.36 29.34+1.80 | 150.26 + 16.62 25.22+2.30
PLANT 2
. Sulphate . Oxalate . Phosphate
LEAF Chloride (mM) (mM) Nitrate (mM) (mM) Citrate (mM) Malate (mM) (mM)
4 63.83+£29.06 | 59.51+10.42 32.97+1.34 1.57+0.36 36.50 + 1.82 162.73 £6.94 33.49 +4.39
5 61.67 + 25.53 | 47.49 +19.26 31.36+4.24 1.52+0.74 31.46+4.10 | 160.48 +10.93 31.90+9.04
6 45.73 £ 6.84 37.72+5.73 27.87 +£4.62 1.19+0.12 28.06 £ 5.22 149.06 +1 6.03 26.35+ 4.64
PLANT 3
. Sulphate . Oxalate . Phosphate
LEAF Chloride (mM) (mM) Nitrate (mM) (mM) Citrate (mM) Malate (mM) (mM)
4 52.06 + 8.87 54.54 + 15.90 53.57 + 15.80 1.08+0.38 3345+1.71 163.54 £ 5.32 33.05+2.17
5 45.02 +12.39 48.72 £ 9.03 63.66 + 31.39 1.00+0.16 32.73+4.25 162.04 £9.77 29.50 + 4.28
6 49.98 + 16.97 48.64 + 4.20 68.60 + 24.48 1.02+0.50 30.33 £ 3.68 155.50 £ 8.91 32.05+3.22
A?/Oelrlggee 56.22 + 8.38 46.24 +10.57 40.58 + 16.57 1.29 +.028 31.40 £ 2.53 158.61 + 6.44 29.57 +3.14
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3.3.2.22 Cations

Sap was subsampled from the samples used for anion analysis and analysed for
cation contents. In all three leaves, NH4* Na*, K*, Ca?* and Mg?* were found. K* had
the highest (195.05 £ 9.43 mM) while NH4* had the lowest (1.12 + 0.07 mM)
concentration (Table 3.4). K* concentration accounted for 50% of the total cation
content of each of the leaves. Solute concentrations decreased with leaf age. Lowest
concentrations were found in leaf 6 which were 10 to 20% below the leaf 4 levels for

all the solutes except NH4*. NH4* levels were approximately equal in all the leaves.
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Table 3.4 Mean whole-leaf cation concentration in leaves 4, 5 and 6 of 3 plants

n=9
Plant 1
LEAF NH.* (mM) K* (mM) Na* (mM) Ca?* (mM) Mg?* (mM)
4 1.03+0.15 206.16 £9.20 443 +0.44 157.51+4.96 | 28.27 + 3.66
5 1.24+0.17 | 201.19+£10.39 4.28 + 0.37 156.29 + 3.94 | 30.59 + 2.56
6 1.12+0.08 | 184.59+11.11 4.25+0.32 145.99 + 4.25 22.06 £ 0.92
Plant 2
NH4* (mM) K* (mM) Na* (mM) Ca?" (mM) Mg?* (mM)
4 1.09 + 0.38 200.13 £8.37 4.22 +0.45 177.15+ 34.94 | 29.36 £ 0.57
5 1.04 +£0.28 | 186.09 +£10.27 4.05+0.39 168.07 + 14.37 | 28.74 £ 6.22
6 1.10+£0.12 182.39 + 4.03 3.97+0.21 153.62 + 3.90 24.83+2.29
Plant 3
NH4* (mM) K* (mM) Na* (mM) Ca?" (mM) Mg?* (mM)
4 1.11+£0.27 | 206.90+17.72 4.31+0.13 157.67+£7.22 | 34.52 +6.38
5 1.22 +0.32 198.04 £ 7.76 4.03+£0.20 15492 +6.44 | 30.48+3.71
6 1.13+0.27 190.00 £+ 5.31 4.01 £ 0.07 147.76 + 8.27 28.39+1.24
Solute 1.12 £ 0.07 195.05+9.43 4.17 +0.16 157.66 £ 9.67 28.58 £ 3.54
average

3.3.2.3 Balancing charges

Vacuoles make up as much as 95% of the volume of mature plant cells. Plant sap is

thus predominantly vacuolar, though mesophyll cells possess more cytoplasmic

content than epidermal cells. Vacuolar pH ranges between 5.5 and 6.3 (Bowling and

Edwards, 1984; Tomos, Leigh and Koroleva, 2000) while cytoplasmic pH is tightly

maintained at approximately 7.5 (Bowling and Edwards, 1984). Sap obtained by

homogenization of whole leaf cells would be expected to have a pH of at least 6.4.

This is higher than, but closer to vacuolar pH compared to cytoplasmic pH since

vacuolar content forms the bulk of the sap.

Table 3.5 shows the calculated net charge of the anions in the leaf sap, using

Henderson-Hasselbalch equation. The sap was obtained as detailed in section 2.2,

and used for the studies described in section 3.3.2.2.1 and 3.3.2.2.2. The net charge

of cations was assumed to be unaffected by pH changes and is used as shown in

table 3.5 in all experimental analysis in this thesis. The calculated net charge in table

3.1 was used for the studies described in section 3.3.2.2.1.
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Table 3.5 Calculated net charge for the leaf anions at pH 6.4 using Henderson-Hasselbalch

equation
CI- S04 NOz PO4s* Oxalate Citrate Tartrate Malate | Succinate
lon Charge Charge Charge Charge Charge Charge Charge Charge Charge
a -1.000 -1.000 -1.000 -1.000 -1.000 -0.999 -1.000 -0.999 -0.994
B -1.000 0.000 -0.275 -0.994 -0.978 -0.991 -0.957 -0.852
% 0.000 -0.500
ng‘:ge -1.000 | -2.000 | -1.000 | -1.275 | -1.994 | -2.477 | -1.990 | -1.956 | -1.846
3.3.23.1 Charge balance for bulk measurement of leaf

Table 3.6 shows the charge balancing for the anions and cations in the bulk

measurements in leaf. Charge sums ranged between and 695.92 and 546.25 mEq.L-

! for anions, and between 618.46 and 547.44 mEq.L™ for cations. Net negative and

positive charges balanced out in each of the leaves with a little excess of negative

charge (anions). The charge imbalance in all the leaves was 9.82 + 7.52 % of the

positive charges.
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Table 3.6 Charge balance for whole leaves 4, 5 and 6 of plants 1, 2 and 3

Plant | LEAF | (Mean) | Chloride | Sulphate | Nitrate Oxalate Citrate Malate | Phosphate | Total NH4+ K* Na* Ca? Mg?* Total Egg;gci
((:nﬂ% 67.67 53.02 30.25 1.27473 29.83 168.39 27.59 1.03 | 206.16 | 4.43 | 157.51 | 28.27

) mEq.L* 67.67 106.04 30.25 2.55 74.57 336.79 49.65 667.53 || 1.03 | 206.16 | 4.43 | 315.03 | 56.54 | 583.19 | -84.34
c(:r(r)1r|\]/(l:) 63.42 41.90 30.15 1.79619 30.91 155.53 26.97 1.24 201.19 | 4.28 156.29 30.59

' ° mEg.L? 63.42 83.80 30.15 3.59 77.27 311.06 48.55 617.85 1.24 201.19 | 4.28 312.58 61.17 | 580.46 -37.39
((::1::/?) 56.61 24.64 26.79 1.18654 29.34 150.26 25.22 1.12 184.59 | 4.25 145.99 22.06

° mEq.L* 56.61 49.29 26.79 2.37 73.36 300.52 45.39 554.33 || 1.12 | 18459 | 4.25 | 291.98 | 44.11 | 526.05 | -28.28

e ————————
C(:rgr'\l/(lz) 63.83 59.51 32.97 1.56551 36.50 162.73 33.49 1.09 | 200.13 | 4.22 | 177.15 | 29.36

) mEq.L* 63.83 119.02 32.97 3.13 91.24 325.46 60.27 695.92 1.09 200.13 | 4.22 354.31 58.71 | 618.46 -77.46
C(:rﬁR/IC) 45.73 37.72 27.87 1.18823 28.06 149.06 26.35 1.04 | 186.09 | 4.05 | 168.07 | 28.74

’ ° mEq.L* 45.73 75.43 27.87 2.38 70.15 298.12 47.43 567.12 || 1.04 | 186.09 | 4.05 | 336.14 | 57.48 | 584.81 17.69
c(:rzrlz/(l:) 32.40 28.05 21.21 1.18823 27.73 158.71 26.35 1.10 182.39 3.97 153.62 24.83

° mEgq.L? 32.40 56.10 21.21 2.38 69.32 317.41 47.43 546.25 1.10 182.39 3.97 307.24 49.67 | 544.37 -1.88

e ————
%;R;I:) 52.06 54.54 53.57 1.07629 33.45 163.54 33.05 1.11 206.90 | 4.31 157.67 34.52

) mEq.L* 52.06 109.07 53.57 2.15 83.64 327.08 59.48 687.05 111 206.90 | 4.31 315.34 69.03 | 596.70 -90.35
((:rgr':/f) 45.02 48.72 63.66 1.00066 32.73 162.04 29.50 1.22 198.04 | 4.03 154.92 30.48

° ° mEgq.L? 45.02 97.44 63.66 2.00 81.82 324.07 53.11 667.12 1.22 198.04 | 4.03 309.84 60.95 | 574.08 -93.04
%r(‘)]r,:/lc) 49.9782 | 48.6372 | 68.6031 | 1.01561 | 30.3255 | 155.497 32.05 1.13 | 190.00 | 4.01 | 147.76 | 28.39

° mEq.L* 49.98 97.27 68.60 2.03 75.81 310.99 57.69 662.38 || 1.13 | 190.00 | 4.01 | 295.51 | 56.78 | 547.44 | -114.94
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3.4 Bulk measurement of epidermal strips

3.4.1 Introduction

Results from section 3.3.2.2 showed the significant ionic solutes found in T.
virginiana leaves. Malate (anion) and K* (cation) were the most abundant. The
volume of whole leaf in perennials, such as Tradescantia, is made up of 57.7%
mesophyll, 29.6% epidermis, 6.2% vascular tissue and 3.4% sclerenchyma (Garnier
and Laurent, 1994). The epidermis comprises both the abaxial and adaxial
epidermis, though heterogeneity has, as well, been demonstrated between the
adaxial and abaxial epidermis (Fricke et al., 1994c). The aim of this section is to
further describe and quantify the solute concentration in the abaxial epidermis with a
view to exposing the context within which subsequent chapters describe the role of
individual cells in the control of stomatal function, the primary charge of the
epidermis in land plants.

Abaxial epidermal strips were prepared as described in chapter 2 (section 2.2.3).
Sap extracted from the strips was analysed by CZE. Sap from each sample strip was
divided into two subsamples — one for the solute concentration assay and the other
for osmotic pressure measurements (chapter 5). The subsamples were separately
used for anion and cation analysis.

All solutes found in whole leaf (see section 3.3.2.2) were present in the strip,
though, with significant variations in their concentrations. The dominant solutes were
malate (anion) and K* (cation). Two solutes, not detected in the whole leaf due to
their very low concentration, were found in the strips. These corresponded to the

standards for tartrate and succinate.

3.4.2 Results
3.4.2.1 Epidermal strip anion content

Each leaf strip sap was subsampled and run in the CZE (section 2.6) for the anion
content. The quantified anion solutes are shown in table 3.7. In addition, the two
unidentified components found in whole leaf extracts (section 3.3.2.2, plate. 3.7)

were also present. The anion (Cl, SO4%, NOz", oxalate, citrate, tartrate, malate,
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succinate and PO4%) concentrations (without the unknowns as explained above) in
abaxial epidermal strip of leaves 4, 5 and 6 of 3 plants are shown in the table. No
significant differences existed between plants (p > 0.05).

Concentrations of almost all the solutes differed significantly (p < 0.05)
between leaves, decreasing with (decreasing) leaf age in all the plants. Oxalate
concentrations in leaves 4 and 5 were, however, similar. Leaf 6 consistently had
concentrations that were 20 — 30% less than those of leaf 4. Concentrations in leaf
five were mostly in-between those of leaves 4 and 6. Malate had the highest while
tartrate had the lowest concentration in each leaf. In leaves 4, 5 and 6 malate
concentrations were 142 + 4.25, 130.58 + 0.03 and 123.82 + 0.82 mM respectively
while tartrate concentrations were 0.41 + 0.00, 0.37 £ 0.02 and 0.26 = 0.05 mM in
the same respective leaves. In each leaf (4, 5 or 6) NOs and SO4%> had similar

concentrations, which were generally four times lower than ClI- and also half of PO4*

concentrations.

Table 3.7 Mean of anions in abaxial epidermal strips of leaves 4, 5 and 6 of three plants

This table shows the concentrations of anions in abaxial epidermal strip of T. virginiana measured
by CZE. The 4™, 5" and 6" leaves of three plants were sampled. Each sampled leaf was mature
and fully expanded. Results are given as mean = sd (n = 9). The unidentified anions were not

guantified (see appendix 5 for details).

Leaf

cr (mM)

S04 (MM)

NOz™ (mM)

Oxalate
(mM)

Citrate (mM)

Tartrate
(mM)

Malate (mM)

Succinate
(mM)

PO4% (mM)

L4

62.52 + 0.91

17.23+0.79

16.28 + 0.26

0.74 +0.08

18.62 +1.80

0.41 +0.00

142.60 + 4.25

0.46 +0.02

29.55 + 0.60

L5

53.46 £ 1.24

14.97 +0.32

13.18 +0.36

0.63+0.02

14.46 + 0.08

0.37+£0.02

130.58 + 0.30

0.40 £ 0.00

28.08 £ 0.39

L6

48.13 +£1.65

11.50 + 0.55

10.88+0.19

0.46 + 0.06

12.37+1.20

0.26 +0.05

123.73 +£0.82

0.34+£0.02

48.13+0.76

3.4.2.2 Epidermal strip cation content

Sap samples were also analysed for cations. The results are shown in table 3.8. K*,
NH4*, Na*, Ca?* and Mg?* were found. No significant differences existed between
plants (p > 0.05). In each of the three leaves, K* had the highest concentration
(289.64 +6.94, 272.14 + 3.02 and 264.83 + 3.49 mM in leaves 4, 5 and 6
respectively) while NH4* had the lowest concentration (3.27 £ 0.02, 3.00 =+ 0.05 and
2.44 £ 0.15 mM in leaves 4, 5 and 6 respectively). K* concentration accounted for
approximately 70% of the total cation content of each strip.

Concentrations of almost all the solutes differed significantly (p < 0.05)

between leaves. K* concentration in leaves 5 and 6 as well as Na* concentrations in
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both leaves 5 and 6 and leave 5 and 4 were, however, statistically similar. Solute
concentrations decreased with leaf age. Lowest concentrations were found in leaf 6
which were 10 to 20% below the leaf 4 levels for all the solutes. Concentrations in
leaf 5 were in-between that of leaves 4 and 6. In each leaf, Ca?* was generally twice

more concentrated than Mg?*, which was similar to Na* in concentration.

Table 3.8 Mean of cations in abaxial epidermal strips of leaves 4, 5 and 6 of three plants
This table shows cation concentrations in the abaxial epidermal strip of T. virginiana
measured by CZE. The 4th, 5th and 6th leaves of three plants were sampled. Each
sampled leaf was mature and fully expanded. Results are given as mean = sd (n = 9) (see
appendix 6 for details).

Leaf NH4* (mM) K*(mM) Na* (mM) Ca?* (mM) Mg?* (mM)
L4 3.27 £0.02 289.64 £ 6.94 27.25+0.44 58.17 £1.02 23.87 £0.78
L5 3.00 £ 0.05 272.14 £ 3.02 26.63 £0.35 54.73 £0.27 21.90 £ 0.59
L6 2.44 +£0.15 264.83 £ 3.49 26.15+0.14 51.97 £0.80 20.75 £ 0.25

3.4.2.3 Solute concentrations in leaf five strip

Since leaf 5 has consistently shown significant differences from leaves 4 and 6 (see
section 3.4.2.1 and 2), suggesting full maturity at the 5™ leaf stage, leaf 5 was
chosen for the single cell experiments which form the core of this thesis. A further
analysis of the epidermal strip of leaf 5 was repeated in 4 plants to get a clearer
picture of the epidermal solutes in that leaf stage and further study between plant
differences. In addition, different plants for use in this study have been shown to
have no significant difference in solute content and concentrations (sections
3.3.2.2.1,3.3.2.2.2, 3.4.2.1 and 3.4.2.2). Confirmation of this with the main study

subject (leaf 5) was considered appropriate.

34231 Anions

Sap samples from abaxial epidermal strip from leaf 5 of four randomly selected
plants were analysed for anion content using the CZE (sections 2.2.3 and 2.6). The
results are shown in table 3.9. Cl, SO4%, NOsz", oxalate, citrate, tartrate, malate,
succinate and PO4% were identified. No significant differences were found between
the plants (p > 0.05). Malate had the highest (130.58 + 3.36 mM) while Tartrate had
the lowest (0.37 £ 0.02 mM) concentration in all the leaves. Solutes in plants 2, 3
and 4 showed similar patterns as seen in plant 1. Concentrations of SO4%> and NOz"

were similar. Tartrate and succinate concentrations were also similar. Oxalate was
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approximately twice more concentrated than tartrate, and similarly Cl- had about

twice the concentration of PO43.

Table 3.9 Mean of anion concentrations in abaxial epidermal strips of leaf 5 of four plants
This table shows anion concentrations in the abaxial epidermal strip of T. virginiana measured by
CZE. Leaf 5 from four plants were sampled. Each sampled leaf was mature and fully expanded.

Results are given as mean + sd (n = 9).

Plant cr (mM) S0 (MM) NOs (mM) o(ﬁ"hj)‘e Citrate (mM) T?r::;;‘)te Malate (mM) S“(crgm;‘te PO (MM)

1 52494019 | 14.83%045 | 1397+146 | 0.65+003 | 14504040 | 038:0.02 | 13157+820 | 0.38+0.05 | 26.68+1.00

2 5158+144 | 15754035 | 1273+0.31 | 0.63+003 | 1545+005 | 039:0.02 | 12819+438 | 042+001 | 27.80+097

3 5305+0.72 | 1416+115 | 1246£0.73 | 0.63+004 | 1337+115 | 036:0.03 | 127.66+200 | 0.37+004 | 31.02+136

4 53074058 | 14.05%033 | 1358+0.60 | 0.62+001 | 14.44+034 | 035:0.02 | 134.91+224 | 042+003 | 27.69+122

Average | 5255+070 | 1470078 | 1319+0.71 | 0.63+001 | 1446+085 | 0.37+002 | 130.58+3.36 | 040%003 | 28.30+1.88
3.4.2.3.2 Cations

Samples were also analysed for cations. The results are shown in table 3.10. NH4™,

K*, Na*, Ca?* and Mg?* were found. No significant differences existed between the
plants. In all the leaves, K* had the highest (268.41 + 4.67 mM) while NH4* had the

lowest (2.99 + 0.13 mM) concentration. K* concentration accounted for

approximately 70% of the total cation content of the strip in each plant. In plant 1 Na*

and Mg?* had similar concentrations (24.74 + 3.82 and 22.56 + 1.94 mM

respectively), and Ca?* concentrations (52.80 + 2.61 mM) were two times that of Na*

or Mg?*. Similar patterns were repeated in all the other leaves.

Table 3.10 Mean of cation concentration in abaxial epidermal strips of leaf 5 of four plants

This table shows cation concentrations in the abaxial epidermal strip of T. virginiana
measured by CZE. Leaf 5 from four plants were sampled. Each sampled leaf was mature

and fully expanded. Results are given as mean + sd (n = 9).

Plant NHa* (mM) K *(mM) Na* (mM) Ca?* (mM) Mg?* (mM)
1 3.13+0.23 266.74 £ 16.79 24,74 +£3.82 52.80+2.61 2256 £1.94
2 2.98+£0.31 266.50 £ 11.46 28.24 £2.95 56.15 +4.98 22.03+1.16
3 2.82+£0.60 265.06 + 8.18 27.06 £ 3.17 54.36 £1.15 20.61 +£1.03
4 3.02. £0.36 275.33+£7.11 25.86 £ 0.86 55.00 £0.31 2227 +2.14
Average 2.99+0.13 268.41 £ 4.67 26.48 £1.51 5458 £1.40 21.87 £0.87
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3.4.2.4 Charge balance

As a cross-check for the quantification of solutes, balancing of the charges at the
expected pH of the extracted sap was examined. Table 3.11 shows the calculated
net charge of anions in the epidermal strip sap used for the studies described in
sections 3.4.2.1 - 3.4.2.2 and obtained as detailed in section 2.2.3. Henderson-
Hasselbalch equation (section 3.3.2.1.1) was used for the calculation. As vacuoles
make up over 95% of epidermal cell volume, a pH of 6.3 (see section 3.3.2.1.1) was
used for this calculation. Citrate (2.477) followed by SO4% (2.000) carried the highest
charge in solution at this pH. NOs™ and CI- (1.000 each), as would be expected, had a
single charge each. At this pH PO4* (1.275) was poorly ionized. The dicarboxylic
acids, oxalate (1.994), malate (1.956), tartrate (1.990) and succinate (1.846), to
different degrees, were also not fully ionized at this pH. These degrees of ionization
have implications on the balancing of charges within a cell, a situation on which

many of the physiological processes discussed in this thesis depend.

Table 3.11 Calculated unit net charge for the leaf anions at pH 6.3 using the Henderson-
Hasselbalch equation

lonization CI S04 NO3z PO4%* | Oxalate | Citrate | Tartrate Malate Succinate
Chargeon -1.000 | -1.000 | -1.000 | -1.000 | -1.000 | -0.999 | -1.000 | -0.999 -0.994
Charge"” -1.000 | -0.000 | -0.275 | -0.994 | -0.978 | -0.991 | -0.957 -0.852
Char\g{;e on 0,500

Total

-1.000 | -2.000 | -1.000 | -1.275 | -1.994 | -2.477 | -1.990 | -1.956 -1.846

charge
34241 Charge balance for bulk measurement of abaxial strips

Table 3.12 shows the charge balancing for the abaxial epidermal strip
measurements in leaves 4, 5 and 6 studied in sections 3.4.2.1 and 3.4.2.2 (see
tables 3.7 and 3.8). Net negative and positive charges approximately balanced out in
each of the leaves with a little excess of cations. Charges ranged between 480.64
and 435.37 mEqg.L™* for cations and 489.63 to 387.75 mEq.L™* for anions in the strips.
In each leaf, malate charges (-275.96, -255.71 and -242.04 mEg.L? in leaves 4, 5
and 6) balanced at least to 91% of K* charges (289.64, 272.14 and 264.83 mEq.L™*

in leaves 4, 5 and 6 respectively).
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Table 3.12 Charge balance for abaxial epidermal strip of leaves 4, 5 and 6 of the three plants.

Plant | LEAF | (Mean) (nf,'\)l) fn?,f;) (’:'nol\% O(ﬁ,'\j;e C(r'gs;)e T‘("‘r;t;;‘)‘e “g':]'slt)e S“(‘;fih')l?te (Pn?,{‘;) Total || NH* K Na* ca?* Mgz | Total | Charge
4 %n?l',:/lc) 61.61 | 16.98 | 16.06 0.72 20.39 0.41 138.83 0.47 30.04 329 | 28452 | 26.96 59.35 23.58
mEq.L? | 61.61 | 33.96 | 16.06 1.44 50.51 0.82 271.59 0.87 3831 | 47515 || 329 | 28452 | 26.96 | 11871 | 47.16 | 480.64 | 549
1 5 %;RAC) 52.38 | 15.33 | 13.81 0.61 14.60 0.37 131.06 0.40 28.30 3.03 | 26954 | 2631 55.05 21.49
mEq.L* | 52.38 | 30.66 | 13.81 1.22 36.17 0.74 256.39 0.74 36.09 | 428.19 || 3.03 | 26954 | 26.31 | 110.10 | 42.97 | 451.94 | 23.75
6 %n?l',:/lc) 49.92 | 10.86 | 11.03 0.51 13.69 0.22 124.66 0.31 26.56 231 | 26255 | 26.15 52.89 20.75
mEq.Lt | 49.92 | 2172 | 11.03 1.02 33.91 0.44 243.87 0.57 33.87 | 396.35 || 231 | 26255 | 26.15 | 105.77 | 41.50 | 438.28 | 41.93
4 %ﬁﬂ',:/f) 62.54 | 16.60 | 16.57 0.68 18.67 0.41 141.77 0.44 28.88 3.25 | 286.86 | 27.04 57.63 24.75
mEq.L? | 6254 | 33.20 | 16.57 1.36 46.25 0.82 277.34 0.81 36.83 | 47571 || 325 | 286.86 | 27.04 | 11526 | 49.51 | 481.92 | 6.21
5 5 %nﬂ',:/lc) 54.81 | 1470 | 13.18 0.63 14.46 0.37 130.50 0.40 27.63 295 | 271.42 | 2657 54.56 21.64
mEq.L? | 54.81 | 29.40 | 13.18 1.26 35.82 0.74 255.29 0.74 35.24 426.47 || 295 | 271.42 26.57 109.11 43.29 453.34 | 26.87
6 %ﬁ‘z’,:/f) 46.68 | 11.80 | 10.95 0.47 11.35 0.31 123.42 0.35 25.22 242 | 263.08 | 26.29 51.46 20.51
mEq.Lt | 46.68 | 23.60 | 10.95 0.94 28.11 0.62 241.44 0.65 3217 | 38515 || 242 | 263.08 | 26.29 | 102.92 | 41.02 | 43573 | 50.58
4 %ﬁ‘z’,:/f) 62.52 | 17.23 | 16.28 0.74 18.62 0.41 142.60 0.46 29.55 328 | 29754 | 27.76 57.53 23.27
mEq.L? | 6252 | 34.46 | 16.28 1.48 46.12 0.82 278.96 0.85 37.69 | 479.17 || 328 | 29754 | 27.76 | 11506 | 46.54 | 490.19 | 11.02
5 5 %nﬂ',:/lc) 53.19 | 14.88 | 13.78 0.65 14.45 0.34 130.58 0.40 28.30 3.03 | 275.46 | 27.00 54.59 22.58
mEq.L?t | 5319 | 29.76 | 13.78 1.30 35.79 0.68 255.45 0.74 36.09 426.77 || 3.03 | 275.46 27.00 109.18 | 45.16 459.83 | 33.06
6 %rgr,\‘/lc) 47.79 | 11.84 | 10.67 0.39 12.06 0.26 123.10 0.35 26.50 260 | 268.85 | 26.01 51.56 21.00
mEq.LY | 47.79 | 2368 | 10.67 0.78 29.87 0.52 240.81 0.65 33.80 388.57 || 2.60 | 268.85 26.01 103.12 42.00 44257 | 54.00

3.27 289.64 + 2725+ | 116.34+ 4774+ | 48425+ 7.57 %

Av. 4 | 6222+ | 3387+ | 1630+ | 142+ | 4763+ | 082+ | 27596+ | 084+ | 37.61+ | 47668+
charge | 4 | MEal 053 0.63 0.26 0.06 250 0.00 3.88 0.03 0.74 218 |00 | &% 0.44 2.05 091 1.58 .01

Av. 5 gLl | 5346% | 2094+ | 1359+ | 126+ | 3593+ | 072+ | 26571% | 074% | 3581: | 427.14% 3.00 §7022'14 * 563;23 * 3059546 * ‘11'32;21 * 35655;04 * 42177'39 *
charge mEq. 1.24 0.65 0.36 0.04 0.21 0.03 0.59 0.00 0.49 0.92 0.05 : : : : : '

Av. 6 oLl | 4813+ | 2300+ | 1088+ | 091+ | 3063+ | 052+ | 24204+ | o062+ | 3328+ | 39002+ 244 | 264B3% | 7605 | WBWx | 8lsx | 2200 | 4sdds
charge mEQ. 165 111 0.19 0.12 2.97 0.09 1.61 0.04 0.97 574 |55 : 0. : : : '
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3.4.2.4.2 Charge balance for leaf five abaxial strip

The charge balance for the abaxial epidermal strip measurements in leaf 5 of four
plants is shown in table 3.13. Net negative and positive charges approximately
balanced out in each of the leaves with a little (25.54 + 4.96 mEqg.L ™) excess of
cations in each strip. Charges ranged between 432.46 and 418.90 mEq.L™* for
anions, while cation charges ranged between 458.75 and 444.88 mEq.L. Surplus
positive charge (< 7% of total) in each leaf was present. This may be accounted for
by the two unidentified anions (see section 3.4.2.1). Malate (-255.45 + 6.58 mEq.L™)
accounted for the largest negative charge, while K* (268.41 + 4.67 mEq.L?) caused

most positive charges.
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Table 3.13 Charge balance for abaxial strips of leaf 5

Plant (Mean) Cr S0,% | NOs | Oxalate | Citrate | Tartrate | Malate | Succinate | PO,* Total NH,* K* Na* Ca?* Mg?* Total in?bgal":l?]ie
((:gr[\\/(l:) 52.49 | 14.83 | 13.97 0.65 14.59 0.38 131.57 0.38 26.68 3.13 266.74 | 24.74 52.80 22.56
1
mEqQ.L? | 52.49 | 29.66 | 13.97 1.30 36.14 0.76 257.38 0.70 34.03 | 426.4245 3.13 266.74 | 24.74 | 105.61 | 45.13 | 445.35 18.93
((I;r’:/(lz) 51.58 | 15.75 | 12.73 0.63 15.45 0.39 128.19 0.42 27.80 2.98 266.50 | 28.24 56.15 22.03
2
mEqg.L? | 51.58 | 31.50 | 12.73 1.26 38.27 0.78 250.77 0.78 35.46 423.12 2.98 266.50 | 28.24 | 112.30 | 44.06 | 454.08 30.96
((:rzrl\‘/(l:) 53.05 | 14.16 | 12.46 0.63 13.37 0.36 127.66 0.37 31.02 2.82 265.06 | 27.06 54.36 20.61
3
mEg.L? | 53.05 | 28.32 | 12.46 1.26 33.12 0.72 249.73 0.68 39.56 418.90 2.82 265.06 | 27.06 | 108.72 | 41.23 | 444.88 25.98
((Zgr,\\/(l:) 53.07 | 14.05 | 13.58 0.62 14.44 0.35 134.91 0.42 27.69 3.02 275.33 | 25.86 55.00 22.27
4
mEg.L? | 53.07 | 28.10 | 13.58 1.24 35.77 0.70 263.92 0.78 35.32 432.46 3.02 275.33 | 25.86 | 110.00 | 44.53 | 458.75 26.29
4 | 5255 | 29.39 | 13.18 126+ | 3582+ | 074+ 255.45 36.09 | 42522+ || 299+ | 268.41 | 26.48 | 109.16 | 43.74 | 450.77 25.54 +
Average | MEQ.L™ | 570 | 1156 | t071 | 0.03 211 0.04 +658 | 073005 1 1540 5.72 013 | +467 | £151 | +279 | +173 | +6.80 4.96
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3.5 Effect of pH on charge balance

Section 3.4.2.4.1 and 3.4.2.4.2 described the net charge balance (AE) at pH 6.3 - the
likely pH of the extract (which was not measured directly). As an exercise, however,
analysis of how calculated AE varies with pH was done in order to determine the
likely pH range of the extract (i.e. to exclude the range in which AE becomes
significant).

Figure 3.12 computes the data for individual plants (1, 2 and 3) while figure 4.2
compares between the three studied leaves (4, 5 and 6) in the plants studied.
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Figure 3.12 Mean % change in charge imbalance with changing pH using data from all three

leaves, 4, 5 and 6 of each plant. 0P1 P2 Sk p3

This figure shows the % change in apparent imbalance for every change in pH. The %
change in imbalance reduces as the pH increases up to pH 8. Subsequently, increase in pH
has little or no effect on % change in charge imbalance. Error bars = sd.

The data for leaves 4 — 6 (fig. 3.13) are consistent with pH values for the extract of
7.5 and above. This would appear to be considerably higher than that expected and
likely from the literature (i.e. pH 6.3). The comparison between these individual
plants (fig. 3.12) also points to a likely weakness in the approach.

However, the unidentified solutes and the possible variations in their concentrations

in different leaves and plants may also be a contributing factor. Together with any
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charged solute that may be below the detection limit of the CZE technique these may
have made up the small proportion (mainly < 7%) of the charge required to balance
the positive charges. Had these solutes been identified and included, the % charge
imbalance could have reduced. Such reduction shifts the curve downward reducing
the pH at which the calculated charges balance out.

Nevertheless, from the data, leaf 4 provided a unique value of pH 6.5 (L4 in
fig. 3.13) for the sap. This is well in agreement with the expected pH 6.3. Mean data
for leaf 5, however, indicated a range from pH 7.5 to above. While leaf 6 data was
inconsistent with basic physics and the extreme standard deviation range, again,

indicated the pH 7.5 and above result.
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Figure 3.13 Mean % change in charge imbalance with changing pH using data from leaves
of same age from plants 1, 2 and 3. Error bars = sd. L4 L5 \/‘(LG

3.6 Malate concentrations in whole leaf and strip determined by
enzymatic method

Malate has been identified as the major counter-ion to K* during stomatal
movements in most species, with the commelinacae family being notable (Raschke

and Fellows, 1971; see also review by Kollist et al. (2014)). Changes in its
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concentration during stomatal opening and closing have mainly been studied in
epidermal strips using an enzymatic analysis method (Allaway, 1973; Van Kirk and
Raschke, 1978b; Van Kirk and Raschke, 1978a; Raschke and Schnabl, 1978;
Schnabl and Kottmeier, 1984).

Analyses of malate content of leaves have also been carried out in our laboratory
previously by use of an enzymatic method (see Tomos and Sharrock (2001)). As a
means of standardizing the results in this project against what obtains in the
literature as well as a comparison of the enzymatic method with the (newer) CZE
method for solute content assay, malate concentrations in whole leaf and epidermal
strip samples from leaf 5 of four plants were analysed by both methods. A standard
curve (figure 3.14) for malate concentration-dependent NADH absorbance (at 339
nm) was used (see Tomos et al. (1994)) for obtaining the malate concentration from
NADH absorbance.
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Figure 3.14 Standard curve of NADH absorbance at 339 nm
Error bars = standard deviation (n = 4)

The malate concentrations determined by CZE method were compared to those from
the same sample, determined by the enzymatic method (table 3.14). The results
from the two methods were 158.1 £ 12.3 and 166.7 + 2.7 mM in spectrophotometer
and CZE respectively for whole leaf and 131.4 £ 11.5 versus 134.3 + 12.0 mM in
spectrophotometer versus CZE respectively for epidermal strip. No statistically
significant difference existed between results from the two methods (p > 0.30).
Malate concentrations in whole leaf samples, by both enzymatic and CZE methods
were about 20% higher than in epidermal strip samples.
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Table 3.14 Malate concentration determined by CZE and enzymatic methods.
Mean + standard deviation. n = 12

Method Whole leaf (mM) | Epidermis (mM) P value
Spectrophotometer 158.1+12.3 1314+ 115 0.052
CZE 166.7 + 2.7 134.3+12.0 0.010

Pvalue 0.302 0.778

3.7 Discussion

The aim of the studies described in this chapter was to identify and quantify the
degree of variations in the epidermis. This identification and quantification of the
degree of variations in the epidermis was for two purposes. The first, to determine
how much care would need to be taken in selecting individual cells for detailed study
during the entire project. The second drive, was to determine if any of the variations
might be useful in testing hypothesis derived from the work at cell resolution.

Pavement cells directly above the vascular bundle were not considered.

3.7.1 Cell types of T. virginiana epidermis
3.7.1.1 Stomata-associated cells (juxta apical cells)

The cell types and patterns found in this study were similar to ones found in other
studies on Tradescantia (Sheriff and Meidner, 1974; Tomos et al., 1981; Bowling and
Edwards, 1984; Edwards and Bowling, 1984; Croxdale et al., 1992; Franks et al.,
1995). The stomata are arranged in linear files parallel to the veins as noted in other
monocots (see (Esau, 1977)). In this current work, however, the “juxta apical’ cells
have been distinguished from the pavement cells both for reasons of their
anatomical positions and their observed physiological role (discussed in chapters 4
and 5). No distinction between juxta apical and pavement cells has been made in
previous literature; possibly because no physiological study relating to solute
contribution from cell types has been conducted at the single cell level beyond the
stomatal complex. No physiological role had been investigated nor found for this cell
type. However, as we shall see in chapters 4 and 5, the cell measurements of solute

behaviour provide evidence that these cells may have a different physiological role.
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The ontogeny of these cells, as described in chapter 1 (fig. 1.1), stems from
protodermal cells from which both ends (proximal and distal to stomata), along the
long axis of the leaf, differentiate to form the apical subsidiary cells (Campbell, 1881;
Croxdale et al., 1992; Willmer and Fricker, 1996). The perigenous origin of
Tradescantia stomatal complex (see fig. 1.1) supposes that cells which give rise to
apical cells from both (its distal and proximal) ends are likely to have more link to
these cells than other cells without such connection(s). It would be interesting to
know if there is any plasmodesmata or plasmodesmogram peculiarities in these cells
though time did not permit to extend the scope of this research to accommodate
such investigations.

Juxta apical cells have for long been identified in literature without being
named. Our results show that this cell type made up 13.3% of the epidermis (table
3.1) and is associated with as much as 88.45% of stomatal complexes (fig. 3.4).
Croxdale et al. (1992) observed, without suggesting any peculiar function, that at
least 70% of adjacent stomatal complexes in T. virginiana were separated by only
one or two pavement cells. They concluded, after X? tests that the probability of this
occurring by chance was less than 0.01%. Equally importantly, the study showed
that these pavement cell types (juxta apical cells) were present in young and mature
leaf (trough) regions with the same frequency. Such juxta apical cells (not
distinguished from pavement cells by name) were also found in Chlorophytum,
Galanthus, and Schixostylis species (Charlton, 1988). It is known that stomatal
positioning is not random (Korn, 1972) and has been used for taxonomic
classification of live and fossil plants (Stebbins and Shah, 1960; Upchurch Jr, 1984).
It must be meant to play a role in the efficient functioning of leaves.

Mutant phenotype analysis is now revealing the mechanisms regulating the
development of stomata. In monocot species such as Dieifenbachia, Syngonium,
Eichhornia, and Sagittar which possess net, instead of parallel venation, as well as in
eudicots, such cells have not been reported (Dunn et al., 1965). Anatomical
identification of these cell types in eudicots may be very difficult since mature and
immature cells (stomata) appear side by side in eudicots as against the basipetal
sequence of maturity and linear files of stomata in monocots (Ziegenspeck, 1944;
quoted in Dunn et al. (1965)). A SICSA comparison of these cells would be
interesting and may reveal functional differences between those mature cells around

the stomata in eudicots.
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3.7.2 Stomatal index

Unlike stomatal density, stomatal index is independent of cell size. In Vigna sinensis,
in which stomatal index is influenced by incident irradiation received by the plant
within the 6 day preceding the unfolding of the leaf, the intensity and fluence rate of
the light received, determine the stomatal index of the leaf (Schoch, Zinsou and Sibi,
1980). The signal is received by phytochromes in older leaves and transmitted
through the phytochromes in the developing leaf (Schoch et al., 1984). Along the
length of the leaf, stomatal index was higher (27.7 to 30.6 %) within the distal two
third than in the proximal third (14.4 to 7.0 %) (fig. 3.5). Cell sizes, e.g. stomatal
complex size (see section 3.2.3.4), were low (0.015 mm?) near the leaf tip and leaf
base (0.0004 mm?) but higher (0.096 mm?) within 6 to 20 cm from the leaf tips (fig.
3.2). The other cell types showed similar pattern. In all, ridges 2 through 5, at a
distance of 4.9 to 19.9 cm from the leaf tip appear to be representative of the leaf
and ideal for sampling.

The stomatal index obtained in this study was relatively uniform throughout
the distal 20 cm (20 cm from the tip) and across the leaf width. The index was found
to be significantly lower within the proximal 10 cm of the leaf which corresponds
mainly to the leaf base and the environs. The average index within the 20 cm from
the tip along the long axis of the leaf, 26.26 + 3.5 %, was similar to the average index
across the leaf width, 25.9 + 2.8 %. This is consistent with the findings in literature
which show that stomatal index is constant in all parts of a leaf (blade), not counting
the leaf base (Schoch et al., 1984; Salisbury, 1928; Weyers and Lawson, 1997).
Along the length of the leaf, stomatal index was higher (20.4 + 0.9 to 30.6 £ 2.4 %)
within the distal two third than in the proximal third i.e. around the leaf base (14.4 +
1.1to0 7.0 £ 0.7 %) (see fig. 3.5). Cell sizes e.g. stomatal complex size (see appendix
12), were low (0.015 mm?) near the leaf tip and leaf base (0.0004 mm?) but higher
(0.096 mm?) within 6 to 20cm from the leaf tips (fig. 3.5). The other cell types
showed similar pattern.

3.7.3 Cell size

The epidermis of T. virginiana leaf is made up of cells within the troughs and cells

overlying the ridges (vascular bundles). The former consists of 64.8% pavement
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cells, 16.3% juxta apical, 8.7% apical subsidiary, 8.3% lateral subsidiary and 1.7%
guard cells (Table 3.15). The juxta apical cells constitute 13.3% of the abaxial
epidermis. Croxdale et al., 1992 referring to this cell type, although described as
pavement cell located between apical subsidiary cells, concluded that it was
associated with up to 70% of stomatal complexes. Our results show that this cell
type makes up 13.3% of the epidermis (table 3.15) and is associated with as much

as 88.45% of stomatal complexes (fig. 3.4).

Table 3.15 Percentage content of cell types in troughs and whole leaf abaxial
epidermis of T. virginiana.

Cell types Pavement Juxta Apical Lateral Guard
apical
% of trough
surface area of 64.8 16.3 8.7 8.3 1.7
leaf (%)

0,

% of the whole 52.9 13.3 7.1 6.8 1.4
epidermis (%)

These troughs constitute 81.6 £+ 4.6% of the leaf epidermis. The pavement and juxta
apical cells show consistent patterns, increasing in size from the tip to the centre of
the leaf and then declining towards the base. For a 30 cm leaf, this is relatively
uniform in the region 6 — 17 cm from the tip. Cells 6 cm from the tip were also, for
this reason, chosen for most of the experiments described in this thesis. Initially, it
had been envisioned to apply SiCSA to contrasting regions of the leaf. This turned
out to be impractical in the time available.

Across the leaf, pavement cell sizes were relatively uniform. Juxta apical
cells, however, showed a consistent pattern of being much smaller close to the
midrib (trough 1) and leaf margins (troughs 6 and 7). Therefore, pavement and juxta
cells in troughs 2 and 4 were used in this work. Size of the stomatal complexes
showed a similar distribution to the pavement cells along the long axis of the leaf and
also across the leaf width — being relatively uniform across the leaf. This also gave
further justification for the sampling 6 cm from the leaf tip.

Despite the significant variation in the sizes of pavement and juxta apical
cells, the stomatal index was remarkably uniform along the level 17 cm from the tip.
The extreme size and stomatal index values found near the base and at the leaf
margin provided possible variation for hypothesis testing. In the event no time was

available to take advantage of this. Hopefully this and other variations can be
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exploited in the future. Nonetheless, previous works done in Commelina show the
same pattern for stomatal distribution (Smith et al., 1989). It was, in addition,
observed that apart from the smaller sizes of cells at the margins, tip and base,
stomatal function in these areas were less efficient than in the central zones. For
example, stomatal aperture in the margins, tip and base of the leaf was relatively
closed when stomata at the more central parts of the leaf were fully open. It is
thought that the decrease in function in these areas with small sizes of stomatal
complex was due to the reduction in the average effective area (substomatal area)
available for CO2 assimilation (Raschke et al., 1990). The differences in size as well
as stomatal density, increasing towards the margins and the leaf base, have also
been reported in terms of photosynthetic activities (Reviewed by Terashima (1992)
and by Weyers and Lawson (1997)). This also agrees with the results shown in fig.
3.9 which indicate that stomatal frequency increased towards the leaf edge. The
increase of the subsidiary cells from 7 to 10% with only 1% increase in the proportion
covered by the guard cells was not surprising as a significant increase in the number
of guard cells is required for a unit percent increase in its share of space on the leaf
surface. It appears that at least a 3% increase in the proportion covered by the

subsidiary cells is required for a 1% increase in that of guard cells.

3.7.4 Stomatal density

Stomatal density (fig. 3.8) decreased along the leaf length from 43.0 mm- near the
tip to 25.9 mm2 near the leaf base. Generally, since stomatal, but not pavement cell,
number is influenced by irradiance (Meidner and Mansfield, 1968; Gay and Hurd,
1975), the parts of the leaf that are more exposed to light at the stage of stomatal
initiation have a higher, while parts less exposed, have a lower number of stomata
per unit area. The result in this survey agrees with this. They show higher stomatal
density in the more exposed parts of the leaf (towards the tip and middle sections)
and lower index in the less exposed parts - towards the leaf base. The slight but
significant elevation in density near the leaf base may be explained by the sharp
change in the angle of the leaf which disposes it to far greater exposure (of the
abaxial aspect) to light than the immediate vicinity at the base. Nonetheless, due to

the up to thirty fold difference in size between pavement cells and stomatal complex
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in this region (more than ten times of the highest difference in any other part of the
leaf) the number of stomata present per unit area is expectedly increased. Contrary
to this finding, however, Slavik (1963) found significantly higher density near the leaf
base than toward the tip in tobacco leaves. This difference is likely due the
anatomical differences between the two leaf types which allows more exposure to
light near the leaf base in tobacco during stomatal initiation.

Results in this study also show that stomatal density in troughs increased
steadily towards the leaf edge. This increase is expected since cell number is known
to increase as cell size decreases (Zalenskii, 1904; Salisbury, 1928; Kutik, 1973).
Most workers have reported that the highest stomatal densities are found at the leaf
tip and edges while lowest stomatal densities were found near the leaf base and
near the mid veins (Salisbury, 1928; Gupta, 1961; Smith, Weyers and Berry, 1989
and Timmerman, 1927 (quoted in Gupta, 1961)). In Zea mays, however, highest
stomatal densities were found in the middle region of the leaf blade (Meidner and
Mansfield, 1968). The average density in the abaxial epidermis of T. virginiana was
found to be 23 mm2 (Meidner and Mansfield, 1968). This is similar to the stomatal
density of 25.06 + 2.3 mm found in this experiment. The finding is in agreement
with other studies of the epidermis (Reed and Hirano, 1931). This is likely due to the
presence of only one cell form of similar shape and relative size in all the positions.
This fact does not, however, preclude the chances of investigating possible function
of these cells in the orchestration of stomatal action in intact leaf. Knowledge from
this study is important in deciding the leaf to be used in this research and also in

deciding the optimum representative position(s) for sampling.

3.7.5 Whole leaf solutes

Results in this chapter show no difference in solute content or concentrations (p >
0.05) between plants. This may have been due to two factors. Firstly, the plants are
clones from the same plant (see section 2.1). Secondly, the plants were grown under
similar strict controlled growth chamber conditions. Thus, solute content and
concentration was similar in all the plants.

Malate was the most concentrated anionic solute (table 3.3). This may have

implications in the counter anion that may be required in the regulation of stomatal
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movements. Irving (1996) also found that malate has the highest concentration in T.
virginiana leaf at every age.

Chloride, which is a common ion implicated in stomatal movements was about half
the concentration (56.22 + 8.38 mM) of malate (158.61 £+ 6.41 mM), but was of
similar concentration to SO4% (46.24 + 10.38 mM). This agrees with the findings by
Irving (1996) which showed that SO4?" (14 mM) was similar in concentration to Cl- (6
— 10 mM) in mature leaves of Tradescantia. In barley CI is about an order of
magnitude higher in concentration than SO4% (Dietz et al., 1992b). The SO4* level in
Tradescantia is surprising considering the low solubility of sulphate salts of divalent
cations such as Ca?*. The concentrations of Mg?* in the whole leaf (28.58 + 3.54
mM) is consistent with findings in other studies (Irvings, 1996; Dietz et al., 1992b). In
contrast, the Ca?* concentration (157.66 + 9.67 mM) found in this study was high.
Considering the very low solubility of CaSOa (solubility product of 4.93 x 10-° at
25°C) and the SO4? level in these plants, this result appears unexpected. However,
most of the Ca?* may be bound in cell walls or as calcium oxalate found in trichomes
in plants of commelinaceae family (Ruiz and Mansfield, 1994) to which Tradescantia
belongs.

Mg?* is mainly contributed by the chlorophyll-associated Mg? * in the
mesophyll. Our results show no significant variation (p > 0.05) in solute concentration
with leaf age. This is not in agreement with previous findings in our laboratory and
elsewhere in other species (see section 3.3.1.1). No solute concentration variation(s)
with leaf age has been reported in Tradescantia, though. Perhaps, as observed in
this study, significant differences do not exist between mature leaves until
approaching senescence and or abscission (Ferguson and Simon, 1973). At the
other extreme, differences may be significant between leaves at different stages of
development, such as those used in the works of Fricke et al. (1994b). Our results in
comparison with other results from our laboratory (such as Fricke et al. (1994b))
suggest that after full leaf expansion, significant differences in solute content only
exist between leaves that have significant age differences.

The organic solutes detected in these leaves may by no means be exhaustive
since the CZE system used in this work is capable of detecting only ionized species.
Non-ionized solutes such as sucrose and glucose which have been demonstrated in

Tradescantia are not detected. The significance of these in the generation of plant
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cell turgor is well established, and their relevance in the present study on stomatal

movement will be discussed in chapters 4 and 5.

3.7.6 Solute locations

The whole-leaf sap analysis had shown that malate was the dominant anion in T.
virginiana leaf (section 3.3.2.2.1). Analysis of epidermal strip (in a subsequent
experiment) also showed that malate was the dominant solute in the epidermis of T.
virginiana. CI- and PO4* followed at distant second and third positions in order of
abundance at approximately half and one fourth of the malate value (see table 3.7).
Chloride and PO4* showed almost entirely similar concentrations (p > 0.49) in both
whole leaf and epidermal samples, concentrations in the strip (52.55 £ 0.70 and
28.30 + 1.88 mM respectively for CI- and PO4%) being only slightly less than those of
whole leaf (56.22 + 8.38 and 29.57 + 3.14 mM respectively for CI- and PO4%).

Malate was expectedly lower (p < 0.01) in the epidermis than in whole leaf.
This may be because, except for the guard cells which contain few chloroplasts,
epidermal cells are devoid of chloroplasts. The guard cell makes up 1.4% of the
abaxial epidermis (table 3.15). It is thus expected that the contribution of the
epidermis to observed malate is negligible. This implies that the malate found in the
epidermal strips may have been imported - mainly from mesophyll sources. The
epidermis comprising both ad- and ab-axial aspects makes up only 26.6% of whole
leaf volume (see Garnier and Laurent (1994)). Thus, solutes with concentrations
lower in whole leaf but higher in the epidermis (abaxial epidermis in this study) would
suggest epidermal preponderance (> 5 fold more). By extension, the closer the
concentrations of a solute in both sap (whole leaf and epidermal) the higher the
chances of its abundance in the epidermis since concentrations in the epidermis
have little impact on whole leaf concentrations. It is noteworthy that high malate
concentration found in the epidermis was not likely due to contamination of the
samples by mesophyll tissues as care was taken to eliminate such contaminations
during strip preparations. Extra caution could have been taken by washing the strips,
but this was not done since it might have risked dilution, in H20 or, in an osmoticum,
increased osmotic pressure of the strip sap. Even if contamination occurred, the less
than 16% difference ((130.58 £ 3.36 mM in strip and 158.61 + 6.44 mM in whole leaf
- see table 3.16) between whole leaf and strip malate concentrations suggest a
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significant epidermal source or store. Fricke et al. (1994c) showed that in barley
adaxial malate is at least twice higher in concentration than abaxial malate. Such
data is not available for Tradescantia. However, comparable solute patterns appear
to exist within our results (from Tradescantia) and those from barley.

Chloride as well as PO4* maintained similar (p > 0.4) concentrations in both
whole leaf and the epidermis suggesting epidermal preponderance. Cl- is
preferentially accumulated in the epidermis in barley and many other species (Fricke
et al., 1994c; Karley et al., 2000b; Gilliham, et al., 2011). PO4%, however, is mainly
epidermal in some species such as Lupinus and Vicia (Dietz et al., 1992), but
preferentially accumulated in the mesophyll of other species such as barley (Fricke
et al., 1994c; Karley et al., 2000b). The difference in PO4* preferences has been
attributed to species specificity (Dietz et al., 1992). NOs™ on the other hand, was
lower (p < 0.05) in the epidermis. Abaxial epidermal NOs™ has, however, been known
to be up to an order of magnitude lower than that in adaxial epidermis (Fricke et al.,
1994c). Therefore the low (abaxial) NOs™in this study appeared to be consistent with
results of previous studies in barley. SO4?> was significantly (p < 0.01) less in the
epidermis. Citrate also appeared to be more concentrated in whole leaf suggesting
mainly mesophyll origin. Curiously, oxalate also appeared to be mostly found in the
whole leaf (mesophyll). However, its low concentration (1.29 +.0.28 mM) suggests
that its source was small when compared with the whole leaf - possibly epidermal.
The observed difference may be due to differential distribution of oxalate between
abaxial epidermis (used in this strip experiment) and the adaxial epidermis. This is
especially important since oxalate may be employed as calcium oxalate in adaxial
epidermis as a first line of defence against herbivores, as found in some species
(Finley, 1999). We shall note later the absence of oxalate in single epidermal cell

samples suggesting its storage in, most probably, the trichomes.

Table 3.16 Average concentration of anions in mature whole leaf and leaf 5 epidermal
strip of T. virginiana compared

Cl and PO.* have similar concentrations in whole leaf and epidermal strip. Malate
concentration is higher in whole leaf. Similarly, oxalate as well as citrate, NOs” and SO,*
are all more concentrated in whole leaf than in epidermal samples.

Solute CI S04 NOs Oxalate Citrate Malate PO4*
qumliﬂl)eaf 56.22+8.38 | 46.24+10.57 | 40.58+1657 | 1.29+028 | 31.40+253 | 158.61+6.44 29.57 +3.14
Epidermal | ) oo 070 | 14702078 | 1319+071 | 063£001 | 1446+085 | 130.58 +3.36 28.30+1.88
Strip (mM)

P value 0.492 0.007 0.046 <0.001 <0.001 0.003 0.580
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Similarly, the cations showed some preferential distribution patterns (table 3.17).
Ca?* and Mg?* were mainly (p < 0.001 and p < 0.05 respectively) in the mesophyll
while K*, NHs* and Na* appeared mainly (p < 0.001) in the epidermis. The
importance of NH4" in the epidermis is not immediately obvious, but Na* which may
become toxic intracellularly may be preferentially sequestered in the cuticle or the
trichomes. In cereals there are differences in cation distribution between abaxial and
adaxial epidermis as well as between epidermis and mesophyll. For example, Leigh
and Tomos (1993) found that Ca?* content of epidermis was about an order of
magnitude greater than that of mesophyll in barley. Commelina species, a close
relative of Tradescantia, are however, known to be sensitive to Ca* and have
preference for K* in its epidermis, possibly to compensate for the K* flux involved in
control of it stomata (Schwartz, 1985). It is likely that this role of K* in stomatal

function is the reason behind its preferential accumulation in the epidermis.

Table 3.17 Average concentration of cations in mature whole leaf and leaf 5
epidermal strip of T. virginiana compared

Whole leaf concentration of the divalent cations are higher than that of abaxial
epidermis. Conversely, monovalent cations are more concentrated in the epidermis
than in whole leaf i.e. in the mesophyll.

NH,4* K* Na* Ca?* Mg?*
Wh(ﬁﬁ/l')eaf 112+007 | 19505+943 | 417+0.16 | 157.66+9.67 | 28.58 + 3.54
Epidermal |, 59, 013 | 268.41+4.67 | 26.48+1.51 | 5458 +1.40 | 21.87 + 0.87
Strip (mM)
P value <0.001 <0.001 <0.001 <0.001 0.033

3.7.7 Effect of leaf age on solute concentration in the epidermis

Concentrations of all anions in the epidermal strip of T. virginiana, increased with
increasing leaf age. The significant differences, however, were only apparent
between leaves with appreciable age difference. Increase in ClI- was by 14.4 mM and
malate increased by 18.9 mM. The changes in the solute species with low
concentrations were masked by their minuscule concentrations. Their differences
were better appreciated in terms of percentage change (see table 4.18). This is most
important for solutes such as oxalate which is thought to be important in herbivore
defence (see section 3.7.6 above). Oxalate and tartrate changed the most (62.8 and

55.7% respectively).
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Table 3.18 Percentage increase in concentration between leaf 4 and 6 of T. virginiana.

Solute cl S04 NO3z Oxalate Citrate Tartrate Malate Succinate PO

Leaf 4

(mM) 62.5 = 17.2 % 16.3 % 0.7+ 18.6 £ 0.4+ 142.6 0.5+ 29.6 =

Leaf 6

(mM) 48.1 +1.6 11.5+0.6 10.9+0.2 0.5+0.1 12.4 1.2 0.3+0.0 123.7+0.8 0.3+0.0 26.1+0.8

Increase 14.4 5.7 5.4 0.3 6.3 0.1 18.9 0.1 35

%

) 29.9 49.9 49.6 62.8 50.6 55.7 15.3 37.6 13.3
increase

A similar pattern was also observed in the cations. NH4™ and K* increased more than
Ca?* and Mg?*. Na* was essentially unchanged.
Previous studies have found significant increase in solute concentration with leaf age
in Tradescantia. For example Irving (1996) found that Ca?* changed by 50 mM and
Mg?* by 75 mM between leaves with age difference of 8 weeks. Four week old plants
were used for this present research and the difference in the age of the leaves
studies was less than two weeks. The leaf age classification applied in this study
was in terms of leaf insertion on the stem but not in terms of the absolute age of the
leaf. This is because it was thought that this system will suffice to show any
differences and effects of age on stomatal function. Dating the leaf in a plant like
Tradescantia may also be very subjective since new leaves are usually unexposed
until some degree of expansion has occurred. Thus, sampling was timed at similar
time as that for all the stomatal studies (see chapter 2). Since significant differences
were noted in some solutes between leaves 4 and 6 at this age difference, it is likely
that with greater age gap such concentration differences as observed by Irvings
(1996) might be seen.

In other species such as barley, Ca?* (Hinde, 1994; Fricke et al., 1994a) as
well as ClI and NOs (Fricke et al., 1994a) solute concentrations also increase with
leaf age. Changes in levels of other solutes have not been reported to date to the

best of our knowledge.

3.7.8 Malate assay

Comparison of the CZE and enzymatic methods of determining malate concentration
in whole leaf and epidermal strip sap showed no significant difference (p > 0.05)

between the results of the two methods. The enzymatic method showed
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comparatively wider margins of error, considering that equal numbers of samples
were used for both methods. Despite the margin of error, the concentrations were
numerically similar to that found in earlier measurements reported in sections
3.3.2.1.1 and section 3.4.2.1 in this chapter. Koroleva et al. (2000) found malate

concentrations of 120 — 180 mM in barley epidermis.

3.8 Conclusion

The work in this chapter was designed as a scoping exercise to aid planning of the
detailed cell mapping. Its introduction also set out current understanding of the
molecular basis of the functional design of the mature leaf. It was only possible to
exploit some of this information during this project. However, it became apparent
from quantitative and qualitative differences in solute (see chapters 4 and 5) that the
anatomical position of the juxta apical cells is associated with functional physiological
differences. As a result, this cell type was given particular attention in this chapter.
The observation that juxta apical cells were absent within the leaf base (appendix 12
and section 3.2.3.4) where there were non-functional stomata suggests that the juxta
apical cells may be strongly associated with stomatal functioning. This is also
possibly supported by a similar observation to the effect that both at the leaf tip and
base, and only in those places, the stomatal complexes are larger than the juxta
apical cells, when present. Likewise, in the more peripheral troughs, where less
functional stomata are expected, the juxta apical cells were smaller in size than the
stomatal complexes. In the more central troughs, on the other hand, the juxta apical
cells were larger. The proportion of juxta apical cells was also higher in the more
central troughs (see fig. 3.4), where stomatal activity is usually higher. These results
also show that the juxta apical cells decreased in functional size in areas where
stomatal function was lower, again suggesting that these cells (juxta apical cells) are
important for stomatal function in Tradescantia.

Another cell which, by its anatomical position, appears to be of great importance is
the lateral subsidiary cell. In isolating the guard cell from the other cells of the

epidermis it appears to be the portal for solute trafficking to and from the guard cells.
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A general picture of the solute content of the whole leaf was necessary to
appreciate the dominant solutes involved in control of osmotic activities in the plant.
The dominant solutes found in this study were malate for the anions and K* and to a
lesser extent, Ca?*, for the cations. While malate has been implicated as a major
osmotically-active anion with respect to stomatal function in some species, in
grasses, Cl has been demonstrated as the major anion (Willmer and Fricker, 1996).
The high position occupied by malate in this regard might have been due to the
overriding contribution of the mesophylls over the epidermis (volume per volume). An
assay of the epidermal (strip) content was thus, needed

Bulk whole leaf (section 3.3.2.2) and epidermal solutes (section 3.4) showed
similar solute concentration patterns. However, some solutes, tartrate and succinate,
which were not found in whole leaf (possibly due to low concentrations) were
observed in the strips. In both whole leaf and strips, significant difference in K* and
malate concentrations were observed between leaves that were at least one week
apart in age. Very importantly, K* and malate were found to be the major osmotica in
both whole leaf and strips, though concentrations of malate in whole leaf were
higher. In epidermal strips, malate (255.45 + 6.58 mEq.L1) accounted for almost all
the negative charge, required to balance K* (268.41 + 4.67 mEqg.L™?). This has been
the conclusion of most researchers on the counter-anion for K* during stomatal
movements. This is one of the major flaws of conclusions drawn from bulk
measurements on physiological phenomena at cellular level (see section 1.16.1). It
shall later be seen in chapter 4 that the major counter-ion for K* is CI- instead of
malate as may be suggested by its higher concentration compared to ClI- in the
strips. The high malate (and citrate) concentrations noted in these bulk (whole leaf
and strip) sap may possibly be the contribution of bundle sheath and ridge cell. Their
contribution to stomatal movements has not been investigated though.

The effect of pH on the ionization of anions was also analysed. The anion and
cation concentration of the epidermal strips balanced. Imbalances in the anions and
cation content of any sap may be studied and may predict the pH of the sap. Finally,
the results from CZE analysis was confirmed using a different method which yielded
similar results as the CZE.

At a more general level, a region was identified within each leaf/plant that
provided a uniform and reproducible target for the detailed SICSA work, namely: leaf

5 at a distance of 6 cm from the tip in troughs 2, 3 and 4. This region showed no
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variations in cell sizes and stomatal density (figs. 3.3 and 3.6), and was used for the

single cell samplings for the studies described in the ensuing chapters (4 and 5).
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Chapter 4 Solute concentrations in single cells at closed
and open stomata conditions

4.1 Introduction

While organic solutes are mostly formed within the plant, in higher plants inorganic
solutes are absorbed through the roots. The solutes entering the root hairs may
continue into the xylem either through a transmembrane, a symplastic and/or an
apoplastic path (Clarkson, 1993). Transmembrane transport may involve ion
channels and/or carrier proteins (section 1.15). The symplastic path is provided by
the plasmodesmata (section 1.13). Apoplastic solute movement in the root is
hindered at the endodermis (the inner layer of the cortex) by Casparian strips lining
the cells of the endodermis. Most solutes reaching the Casparian strip continue
toward the xylem by transmembrane and/or symplastic paths, following their entry
into the endodermal cells by transmembrane transport. A fraction of the apoplastic
flow may not be hindered by the Casparian strip in places where lateral root
emergesand in young roots where the Casparian strip is not fully developed -
bypass-flow (Ranathunge et al., 2005).

Water is similarly absorbed and transported via the three paths, and hindered
also by the Casparian strip. However, transmembrane water movement is by
osmotic flow to the lower water potential inside the cell. The transport of ions into the
cells maintains this lower water potential within the cell. Water transport is mainly
enhanced though aquaporins (Chrispeels et al., 2001).

For the absorbed solutes to get to the leaves, they are carried in the
transpiration stream through the xylem to the leaves where most of the water
evaporates through the stomata (transpiration), leaving the solutes behind. The
transpiration stream is, according to the cohesion-tension theory, driven by this
evaporation (due to temperature and air humidity gradients). This causes
evaporation from the leaves through stomatal pores. This transpiration creates a
tension within the leaf apoplast. The force is transmitted, in the xylem conduit, to the
roots. Water is thus, drawn into the roots and to the xylem by this tension, and
travels by bulk flow to the leaves where transpiration sustains the tension. The
absorbed solutes are brought by bulk flow in the transpiration stream to the

extracellular spaces (the apoplast) within the leaf (Taiz et al., 2015). Most of the
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solutes accumulating in the apoplast ultimately get into the cells where they are used
and/or stored in the vacuole(s), depending on the physiological status of the cell.
Solute entry into the cell may occur passively down electrochemical gradients (for
K*) through channels or against electrochemical gradients, through energy-requiring
membrane-bound pumps (primary active transport) and/or transporters (secondary
active transport). Water is also drawn into the cell by diffusion due to osmosis,
through the membrane. Once accumulated, aside from active transport processes,
cell to cell solute redistribution may occur symplastically between contiguous cells,
through the plasmodesmata, by diffusion or bulk flow.

Significant differences may exist in solute distributions between the same
plant species, depending on growth condition(s) (Leigh et al., 1986), between abaxial
and adaxial surfaces (Boursier and Lauchli, 1989; Leigh and Storey, 1993), between
epidermal and mesophyll cells (Kipper et al., 1999) or between contiguous
epidermal cells of a leaf. For example, Leigh and Tomos, (1993) showed that while
the potassium (K*), sodium (Na*) and nitrate (NO3") concentrations in the epidermis,
mesophyll and bundle sheet cells of barley were similar, significantly more calcium
(Ca?*) and chloride (CI") were found in the epidermis and more phosphorus (as
phosphate (PO4%*)) was found in the bundle sheaths and mesophyll (Leigh and
Tomos, 1993). Tomos et al. (1992) had earlier, demonstrated, using wheat leaves,
that the sugar produced from photosynthesis is used in different forms in the
mesophyll and epidermal cells. They found the photosynthetic products as sucrose
in the mesophylls but as glucose in the epidermis (Tomos et al., 1992). Thus, there
exist in plants, a controlled distribution of acquired as well as synthesized solutes
between and within different layers of the leaf.

This cellular heterogeneity in solute content and/or concentrations may be
related to function of individual cells or groups of cells (Tester and Leigh, 2001,
Karley et al., 2000b). This content and concentration differences were investigated in
all cell types in troughs of T. virginiana abaxial epidermis (see chapter 3) and forms
the subject of this chapter. These were studied with a view to understanding the
existence or otherwise of gradients (in solute concentration) during stomatal
movements.

It is unknown if this complex works as a unit in the control of stomatal
aperture, though the contribution of the lateral subsidiary cells has for long been

acknowledged (Heath, 1938, 1975). In comparison to the lateral subsidiary cells, little
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is known about the contribution of the other cell types in the epidermis. In T.
virginiana, four cell types have been recognised; namely: guard cells, lateral and
apical subsidiary and pavement cells. A sub-type of the pavement cells that is found
between two adjacent apical subsidiary cells has been noted in this study and is
termed the ‘juxta apical cell’ (see section 3.2.3.2). The five cell types (four previously
recognised, together with the juxta apical cells) were studied individually in this
project. Their vacuolar solute concentrations were analysed at closed and fully open
stomata steady state conditions.

Work with the monocot, Commelina communis, and the dicot, Vicia faba, has
shown that there is no significant solute movement between the mesophyll and the
epidermis during stomatal movements (Willmer et al., 1974). lons moving from the
xylem to the epidermis could, in principle, move via the mesophyll cells or the vein
extensions (Leigh and Tomos, 1993). Stomatal movements persist even when
epidermal strips are placed in distilled water (Pallaghy, 1971; Willmer and Pallas,
1974) but disappear when isolated guard cells are placed in similar medium.
Protoplasts obtain the required solutes from the bathing medium (Zeiger, 1983;
Schnabl and Kottmeier, 1984). This suggests that the epidermis contains a store of

the osmotica needed for stomatal movements (Felle et al., 2000).

411 Stomata

The stomata constitute less than 2% of total leaf area, but account for more than
90% of both water loss and the gaseous exchange in plants (Willmer and Fricker,
1996). This stomatal control of water loss is in two stages; long and short term
controls. The long term control is achieved by the anatomical positioning of the
stomata on the leaf (discussed in chapter 3). The physiological processes of closing
and opening the stomata, using changes in solute concentrations in the epidermal
cells, form the short term control of water loss. These concentration changes were
the subject of this chapter. These changes determine the active (compared to the
anatomical (passive)) responses of the stomata to environmental cues. Numerous
biotic and abiotic factors affect plant wellbeing. The response of the plant to almost
all of these is controlled by the stomata. Among the commonly-known factors include

the abiotic effects of temperature, humidity, ambient and intercellular CO2
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concentrations, water availability (to the roots) and light as well as circadian rhythms
(Fan et al., 2004). The biotic factors include bacteria and fungi. For example, a
fungal toxin, fusicoccin, is known to cause wilting of leaves. Stomata also close to
wall-off invading bacteria on leaf surface from entering into the leaf (Melotto et al.,
2006).

4.1.2 Guard cells

It is now known that the role of the guard cell chloroplasts is the provision of energy,
in the form of ATP, needed during the stomatal movements independent of the
mesophyll (Azoulay-Shemer et al., 2015; Daloso et al., 2015). The role of subsidiary
cells in stomatal movement is to remove, store and release potassium (K*) from the
apoplastic space (Wilson et al., 1978). The released K™ is then available to the guard
cells for influx when opening, and is absorbed when released from the guard cells
during closure. The subsidiary cells therefore, through the ionic concentration they
establish in the apoplast, control the guard cell turgor (Raschke and Humble, 1973).
Abscisic acid (ABA) controls stomatal opening by increasing K* absorption rate in
subsidiary cells; thus indirectly decreasing stomatal opening and aiding closure
(Wilson et al., 1978). Stomatal conductance is therefore, inversely related to ABA
concentration (Trejo et al., 1995). Some authors, however, believe that ABA has a
direct effect on K* movement into or out of guard cells rather than on subsidiary cell
K* uptake (Wilson et al., 1978).

4.1.3 Guard cell volume regulation

By using some osmotic bathing media to control stomatal aperture more than one and
a half centuries ago, Von Mohl (1856) (see (Franks et al., 1998), demonstrated that
osmotic and turgor pressure changes drive stomatal movement. Subsequently, the
photoactive concept of Fujino, (1967) and Fischer, (1968), explained that the
mechanism of guard cell stomatal control is the influx or efflux of K*, anions, sucrose
and the interconversion of starch to malate (MacRrobbie, 1998). The direct source of
the K* is the surrounding (epidermal) cells (Fujino, 1967; Fischer and Hsiao, 1968).

Direct plasmodesmata connections do not exist between guard cells and other
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epidermal cells; therefore all solute movements in the guard cell must finally turn
apoplastic (Allaway and Setterfield, 1972; Singh and Srivastava, 1973; Wille and
Lucas, 1984).

Raschke and Humble (1973), suggested that K* is exchanged with hydrogen
ions moving in opposite direction to the K* flux and that calcium Ca?* is involved only
as a signalling molecule (Outlaw Jr., 1983). The organic solutes, mostly malate,
account for as much as 95% of the opposite charges required to balance the positive
charges on the K*in Vicia faba (Allaway, 1973). In plants such as Allium, where starch
is not present in the guard cells, chloride ions (CI) form the major counter ion for K*
(Schnabl and Raschke, 1980; Allaway and Milthorpe, 2012). K* may increase 2 to 4
fold, malate and citrate, 6 and 3 folds respectively during stomatal opening (Raschke
and Humble, 1973). Aspartic and glutamic acids also increase, but are of lower
concentration compared to malate and citrate. Glyceric acid is not increased. The
behaviour of Isocitrate is not well defined (Raschke and Humble, 1973). No major ion
fluxes occur between mesophyll and epidermal cells during stomatal movements
(Allaway, 1973). Turgor relations of the epidermis also do not depend on that of the
mesophyll (Edwards and Meidner, 1978).

Stomatal apertures determine the rate of transpiration, which drives the bulk
flow in the vascular tissue and by extension the solute supply to all cells (Talbott and
Zeiger, 1998). Stomatal aperture in turn is determined by guard cell volume which is
a function of its turgor pressure. Guard cell volume alone is, however, unreliable in
predicting its turgor pressure in that the surrounding cells affects its volume-pressure
relationship (Deeken et al., 2002). Thus stomatal aperture depends on the net turgor

pressure difference between the guard cells and the other epidermal cells.

4.1.4 Guard cell and other epidermal cells

There is usually a good direct hydraulic contact between different cells of the epidermis
(MacRrobbie and Lettau, 1980; Franks et al., 1998) and pavement cells have been
shown to have a mechanical advantage over guard cells (DeMichele and Sharpe,
1973; Steudle and Zimmermann, 1977). The turgor in the other epidermal cells (mainly
the pavement and lateral subsidiary cells where they exist) is more effective in

determining stomatal aperture than guard cell turgor (Philip, 1958; Franks et al., 1995).
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Thus the stomata can be kept closed by equally increasing the pressure in both the
other epidermal cells and the guard cells at the same time (Zimmermann et al., 1980).
Similarly, after the maximum stomatal aperture has been reached when opening in
intact guard cell (on the epidermis), raising the pressure in surrounding epidermal cells
to maximum decreases the stomatal aperture to half its maximum (Sheriff and
Meidner, 1974). Unit pressure change in subsidiary cells has also been found to be
about 1.54 times (Edwards et al., 1976; Franks et al., 1998) more effective in
influencing stomatal aperture than unit change within guard cells (DeMichele and
Sharpe, 1973; Meidner and Bannister, 1979). Guard cell turgor pressure at near-
maximum aperture may be up to 4.1 MPa (Franks et al., 1995) but turgor ranges of
0.2 to 0.8 MPa in pavement cells and 0.15 MPa to 0. 45 MPa in subsidiary cells have
been reported (Nonami and Schulze, 1989). Therefore, guard cell wall elastic
properties may not be affected by those of other epidermal cells (Glinka, 1971), but
are together exploited as a mechanical cellular machine, to effect desired changes in

the stomata.

4.1.5 Solute content of epidermal cells

Studies using various sampling and analysis methods have shown that solutes are
differentially distributed in plant leaves and that leaf epidermal cells contain a variety
of organic and inorganic solutes, which differ significantly from the solute content of
mesophyll cells (Meidner and Bannister, 1979). In barley leaves for instance, while
Ca?*, K* and CI- are found exclusively in the epidermis, phosphorus and organic
solutes accumulate more in mesophyll cells (Meidner and Bannister, 1979).

Within a leaf epidermis, considerable cell-to-cell variation in solute content has
been demonstrated in barley (MacRrobbie and Lettau, 1980; Leigh and Storey, 1993),
wheat (Malone et al., 1991), Commelina communis and Vicia faba (Irving et al., 1997)
and in T. virginiana (Malone et al., 1991; Tomos et al., 1992, 1994, 2000; Leigh and
Storey, 1993; Williams et al., 1993; Fricke et al., 1996; Koroleva et al., 1998). For
example, Fricke et al (1994c) found that the solute content of cells at equivalent
positions and distances from an immediate lateral vein (see for example, cells 1 and
1 or cell 7 and 7 in plate 2.2C) on the upper and lower epidermis were significantly

different. Thus, a link between cell location and solute composition has been
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suggested (Leigh and Storey, 1993). Adaxial epidermis has also been found to contain
higher K* concentrations than the abaxial surface. The ClI- and nitrate ion (NO3)
concentrations as well as the total negative and positive solute concentration
(charges) were also found to be reversed in the upper and lower epidermis (Leigh and
Storey, 1993); thus showing that differences also exist between the abaxial and
adaxial aspects of the same leaf. There is also a difference in the distribution of sodium
(Na*) and Ca?* between epidermal cells (Malone et al., 1991; Leigh and Storey, 1993).
See Conn and Gilliham (2010) for review.

Even under nutrient starvation, physiological responses are different on either
sides of a leaf (Fricke et al., 1994c). lonic composition of epidermal cells also changes
with leaf age. Ca?* is proven to increasingly replace K* as the main cation as the leaf
ages (Leigh and Storey, 1993; Fricke et al., 1996). The amino-acid concentration
nonetheless, remains approximately constant from cell to cell, even during the aging
process (Leigh and Storey, 1993).

Maintenance of these differences in inorganic solutes must require either an
actively maintained cell-type-specific or a gradient-driven mechanism. Literature is
sparse on the mechanisms controlling the distribution of these intercellular solutes and
there is relatively little understanding of the importance of the intercellular nutrient
distributions for either nutrient-use efficiency or for the responses of plants to stresses.
However, available works, mainly on monocot leaves, suggest that this distribution is
occasioned by the interaction between selectivity at plasma membrane of bundle
sheath and the epidermal cells, and that of the vacuolar membranes (Willmer et al.,
1974).

These differences in solute distribution cause the build-up of considerable
differences in osmolality between the various cell types (Karley et al., 2000b). Hence
it is evident that there might exist, a turgor and/or water potential gradient within the
epidermis. Such gradients may represent the driving force behind the contribution of
these epidermal cells to stomatal control.

4.1.6 Guard cell metabolism

Guard cells exhibit considerable flexibility in their metabolic pathways (Taiz et al.,

2015). They also show a sucrose-dependent osmoregulatory phase (Talbott and
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Zeiger 1998). Sucrose can originate from starch hydrolysis (Tallman and Zeiger,
1988). On the other hand, guard cells from detached epidermis irradiated with red
light under ambient CO2 concentrations operate a third metabolic pathway, showing
no detectable potassium uptake or starch hydrolysis (Tallman and Zeiger, 1988). In
these conditions, guard cells slowly accumulate sucrose, and this sucrose
accumulation can be blocked by DCMU (dichlorophenyldimethylurea), an inhibitor of
photosynthetic electron transport (Poffenroth et al. 1992; Talbott and Zeiger 1993). A
recent study of guard cell osmoregulation under red light illumination and CO2-free
air showed that under these conditions, in which photosynthesis is inhibited by the
absence of COz, red light activates the potassium-dependent pathway (Olsen et al.
2002). These studies underscore the remarkable metabolic flexibility of guard cells.

Schnabl and Kottmeier (1984) reported that during stomatal opening, malate
synthesis is stimulated. However, the role of photosynthesis in guard cell function is
still a subject of debate. A key photosynthetic product, starch, is lacking in Allium
species without any guard cell functional deficiencies. Azoulay-Shemer et al., (2015),
in working with a chlorophyll-free-guard cell Arabidopsis transgenic line, showed that
photosynthesis in guard cells is required for turgor production but is not necessary
for guard cell ABA and COz2responses (Azoulay-Shemer et al., 2015). Approximately
45% of the stomata were abnormal and remained permanently closed. It has
subsequently, been suggested that guard cell derived starch affects stomatal
function only indirectly, through an effect on the anion channels while mesophyll
photosynthesis contributes nothing to CO2-induced stomatal responses (Azoulay-
Shemer et al., 2016). It has recently been determined that the role of sucrose in
stomatal movements is the provision of energy, in form of ATP, for cellular
respiration (Daloso et al., 2015).

4.1.7 Cellular heterogeneity

Solute gradients have been demonstrated on the same leaf surface in many
angiosperm and graminaceous leaves (see reviews by Conn and Gilliham (2010)
and Nagai et al. (2013)). Higher concentration of cadmium (Chardonnens et al.,
1998) and differential abaxial and adaxial MRNA levels have been demonstrated in

the leaf folding process of Samanea saman (Albizia saman) (Author et al., 2002). In

148



pulvini movements, initiation of differential solute concentrations between the adaxial
(extensor) and abaxial (flexor) aspects of the pulvinus powers the perceived leaf
movement in Phaseolus vulgaris (Irving et al., 1997; Koller et al., 2001), Albizia
saman, Mimosa pudica (Allen, 1969).

Though similar types of solute transporters exist across (plasma and
tonoplast) membranes of mesophyll and epidermal cells, differences in types and
concentrations of solutes have been recorded between them (Karley et al., 2000b).
Expectedly flavonoids are more (in some cases ten folds more) in the epidermal than
in the mesophyll cells (see (Dietz et al., 1994)). Preferential accumulation of SO
(Bell et al., 1995), Na*, K*, Ca?*, CI~ and NOs in the epidermis, and PO4* (Karley et
al., 2000b) in the mesophyll has been demonstrated in barley. Epidermal cells of
Thlaspi caerulescens preferentially accumulates Zn?* and this has been put to
advantage in the phytoremediation of Zn?* contaminated areas (Frey et al., 2000). In
A. thaliana, Ca?* and Mg?* concentrations are preferentially higher in mesophyll
while CI- and K* concentrations are more in the epidermis (Conn, et al., 2011; Conn,
Gilliham et al., 2011). In barley (Koroleva et al., 1997) and in wheat (Malone et al.,
1991) epidermal carbohydrate concentration is much lower than levels in mesophyill.
While Na* and K* concentrations are similar in mesophyll and epidermis, PO4* is
lower, but Ca?*, Cl-and NOs" are higher in the epidermis (Fricke et al., 1994c; Karley
et al., 2000b).

Differences have also been shown within the epidermal cells of the same leaf
surface (Karley et al., 2000a). The pavement cell type overlying the vascular bundles
in cereal leaves preferentially accumulate some solutes, for example CI- (Karley et
al., 2000a). In Sorghum bicolor, CI- is preferentially stored in the sheath instead of
the blade epidermal cells (Boursier and Lauchli, 1989). In banana, Na* preferentially
accumulates in leaf margins (Shapira et al., 2009). Hinde (1994) observed
heterogeneity in concentration of individual solutes in barley epidermal cells
measured across the leaf, at the same distance from leaf tip at a specific stomatal
aperture condition. During Zn?* accumulation by Thlaspi caerulescens epidermis,
cells of the stomatal complex were not involved in the Zn?* accumulation (Frey et al.,
2000).
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4.1.8 Cellular heterogeneity during stomatal movements

Differences have been recorded between contiguous cells in terms of solute content
and/or concentration, pH and transmembrane potential difference during stomatal
movements in different species. However, to date, only few solutes; K*, CI, malate,
(Willmer and Mansfield, 1969; Penny and Bowling, 1974; MacRrobbie and Lettau,
1980b) and rarely, Na* and Ca?* have been measured in contiguous cells in leaf
epidermis in relation to stomatal movement. In all these studies, predictable
variations were found in the assayed cells upon stomatal opening and closing,
demonstrating solute gradients in contiguous epidermal cells during stomatal
movements. The existence of these gradients has been corroborated by studies on
pH (Bowling and Edwards, 1984) and transmembrane potential difference (Edwards
and Bowling, 1984). These studies have enabled the prediction and calculation of
the driving force on the involved solutes (mostly on K*) required to maintain the uphill
gradients towards the guard cells in open and the downhill gradients away from the
guard cells in closed stomata conditions (Penny and Bowling, 1974).

4.1.9 Study aims

This chapter was aimed at determining possible solute content and/or concentration
changes in the different cell types in T. virginiana epidermal trough during stomatal
movement and to discover any solute concentration gradient developed during this
movement. Essentially, it was designed to answer the question of whether all
epidermal trough cells participate in generating stomatal movement. The specific

objectives were to determine

e Any solute distribution pattern across the epidermal trough
e Charged solute content and concentration in each of the five cell types
of the trough at
o (a) closed stomata condition and
o (b) open stomata condition
e The concentration differences between contiguous cells and within
each cell to deduce any concentration gradients that may exist during

the stomatal movements.
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4.2 Results

4.2.1 Solute concentrations differences between the troughs

It was unknown if cell types at similar positions in different troughs were similar in
their solute content and concentration although variations had been shown to exist
between such cells in abaxial compared to adaxial epidermis (see section 4.1.5).
This experiment was undertaken in order to determine any differences in solute
contents or concentration between cells at similar positions in different troughs on
the abaxial surface of T. virginiana. This was to then to use in conducting and
analysing the experiment(s) on single cells sample in which samples were obtained
from cells in different troughs.

To study the solute distribution pattern of the (T. virginiana) leaf epidermis,
three experiments were run with the aims of detecting any solute distribution
gradient(s) between troughs, comparing the distribution pattern in troughs on either
sides (right and left) of the midrib and determining the within-trough solute
distribution pattern. The between-trough solute distribution gradient was investigated
by analysing solutes from pavement cells at equivalent positions in three troughs in
leaf five of three plants. Cells at positions 1, 6, 18 and 29 (see plate 2.2 C) were
sampled.

Since the analysis of (epidermal) strip samples showed more variability in
concentration within the anions (see tables 3.12 and 3.13 in chapter 3) and the anion
species are more affected by cell to cell variation in pH than the cations, only the
anions were used in investigating the solute differences in these epidermal cells.

No interpretable solute distribution gradient(s) between the troughs was found
(figure 4.1). Troughs 2 and 4 had equal concentrations of chloride (p > 0.05) but the
chloride was higher in trough 3 (p < 0.01). Conversely, malate concentration was
statistically the same (p > 0.05) in troughs 3 and 4 but higher (p < 0.01) in trough 2.
Phosphate concentrations in troughs 3 and 4 were similar (p > 0.05) but significantly
lower (p > 0.01) in trough 2. Thus, no general gradient(s), to or from the mid-rib with
respect to the leaf edge was observed. In contrast, individual solutes showed similar
concentration pattern in all the troughs. For example, in all the troughs chloride had
the highest while citrate had the lowest concentration. Concentrations of malate in all
the troughs was lower than that of chloride but higher than that for phosphate which
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in turn, was consistently higher than those of citrate in all the troughs. Thus in all the

troughs, the pattern of chloride > malate > phosphate > citrate was observed.
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Figure 4.1 Solute concentrations in abaxial epidermal cells in troughs of leaf five
Cl - CI, C/A — Citrate, M/A — Malate, PO4 — PO.*. Error bars — sd. See plate 2.2
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4.2.2 Solute concentrations in the troughs on right and left sides
of the midrib

Solute concentrations on the abaxial epidermis of leaf five in four plants were
analysed for differences between troughs equidistant (in position) from the midrib.
Three troughs on each side (right and left) of the mid-rib were compared. As in
section 4.2.1, cells at positions 1, 6, 18 and 29 were sampled. Table 4.1 shows the
mean concentrations of solutes in right and left troughs 2, 3 and 4. On both sides, in
all the troughs, concentrations ranked from chloride, malate and phosphate to citrate
in decreasing order. The two sides (right and left) show no statistically significant
difference (at least p > 0.10) in solute concentrations of any of the individual solutes
(Trough 2 (n=18), p = 0.86, Trough 3 (n =8), p =0.10, Trough 4 (n =11), p = 0.87).
Thus concentration of individual solutes on one side was (approximately) mirrored in
the equivalent position on the other side. For example chloride in trough 3 on the

right mirrored the chloride in trough 3 on the left.
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Table 4.1 Solute concentrations in pavement cells at equivalent positions on the abaxial
epidermis on opposite sides of the mid-rib. (mean + sd. n = 6)

Trough Side Chloride (mM) | Citrate (mM) | Malate (mM) | Phosphate (mM)
LT 122.6 £ 10.2 4